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     A diverse set of perylene diimides (PDIs) have been synthesized and studied for their unique 

self-assembly, folding, and spectroscopic properties.  Specifically, substitution in the “bay” 

positions of the PDIs causes the perylene to twist dihedrally out of plane, modulating the  

stacking force and directing intermolecular assembly and intramolecular folding, apparent by 

NMR, absorbance, fluorescence, and single molecule spectroscopy.   Dihedral twisting induces 

chirality, revealing unique properties for hetero- and homo-chiral cyclic and linear dimers.  

Molecular assemblies formed by differently twisted PDIs reveal an inherent molecular code with 

preferred stacking between similarly twisted monomers.  The most highly twisted PDIs frustrate 

 stacking to the extent they make ideal fluorophores for fluorescent DNA foldamer 

nanodevices, polymer nanoparticles, and dendrimer biolabels. 
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CHAPTER 1 

INTRODUCTION 

 
Introduction.  In traditional chemical reactions, the physical barrier of a single reaction flask 

corrals the reaction pathway between a pair of reactants at high concentrations (>1mM).  In 

living cells, however, self-organization directs and regulates specific reactions; often at very 

dilute (ca. nM) concentrations while competing with a myriad of other possible reactants without 

physical barriers.1  Nature accomplishes this multifarious task by using dynamic molecular 

recognition to sort reactive centers according to inherent molecular codes, thus augmenting their 

effective molarity both efficiently and specifically.2  Weak secondary forces available for 

molecular encoding include dispersion forces, coulombic interactions, hydrogen bonding, 

solvophobic forces, metal-ligand interactions, and  stacking interactions.3 

Self-assembly.  Self-assembly by  stacking forces, resulting from the molecular overlap of 

-orbitals between planar aromatic systems, has recently attracted much attention because their 

interactions can be studied relatively easily by optical and NMR spectroscopy.4  One optimal 

system for studying such interactions is the perylene diimides (PDIs), which have a large fused 

aromatic system, large extinction coefficient and high fluorescent quantum yields, and good 

photostability.5  However, their low solubility due to a strong propensity to aggregate has been a 

notable problem.6  Thus, our group functionalized the PDIs with flexible tetraethylene glycol 

(TEG) chains, shown in Scheme 1, affording solubility in a variety of solvents while still 

allowing their -stacking properties to be harvested.  As shown in Figure 1, these monomers 

were found to self-assemble in solution depending on solvent, temperature, and concentration.  

Importantly, the -stacking could be monitored by NMR, absorbance, and fluorescence as shown 

in Figure 2.7 
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Scheme 1.  Synthesis of PDI monomers with flexible TEG chains. 

 

 
Figure 1.  Self-assembly of PDI monomers forms 1D -stacks. 

             

 
Figure 2.  Complementary spectroscopic methods report concentration-dependent PDI monomer 

self-assembly by -stacking: a) absorbance spectra reveal a change in the A0-0’/A0-1’ vibronic 

band ratio; b) fluorescent spectra exhibit a decrease in green monomer-like fluorescence and 

emergence of new red -stack emission; and c) NMR shows up-field chemical shifts in both PDI 

protons Ha and Hb due to the neighboring ring-current effect. 
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PDI-stacking imparts unusual spectroscopic properties; in the free PDI chromophores, 

vibrational-electronic coupling is evident, leading to clearly resolved vibronic transitions on top 

of the strongly allowed * electronic transition.  When -stacking occurs, molecular orbitals 

of one PDI effectively overlap with its adjacent neighbors, evident by dramatic intensity reversal 

between the A0-0’ and A0-1’ vibrational transitions, effectively gauging the extent of molecular 

self-assembly.8  NMR also measures the degree of -stacking where the neighboring ring current 

effect (NRE) of one molecule effectively shields or de-shields its flanking neighbors, causing the 

neighbors’ aromatic proton peaks to shift significantly.  Additionally, stacked PDIs typically 

exhibit decreased monomer-like fluorescence and a new red-shifted fluorescent peak, or 

excimer-like peak, due to delocalization of the excitation within the excited PDI stack.  

Therefore, -stacking induces the intensity reversal in UV-visible spectra, additional NMR 

chemical shifts, and tell-tale -stack emission. 

Foldamers.  The concentration (and solvent) driven self-assembly of the PDI monomers 

exemplify model -stacking phenomena and demonstrate the interactions are measureable by 

complimentary spectroscopy.  The next step was to covalently link the PDIs into functional 

foldable polymers (foldamers), decreasing the entropy penalty of -stack assembly, resulting in 

concentration-independent folded structures.  Thus, we designed folded oligomers from dimer 

through hexamer using phosphoramidite chemistry to link the flexible TEG chains, as shown in 

Scheme 2.9  Similar to monomer self-assembly, these oligomers were found to fold in solution 

depending on solvent and temperature and the -stacking was again monitored by NMR, 

absorbance, and fluorescence (Figure 3).  Additionally, the folded structures also exhibited 

concentration-dependent self-assembly, with folding preceding self-assembly.10 
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Scheme 2. Synthesis of PDI foldamers dimer through hexamer.  

              

 

Figure 3.  Complementary spectroscopic methods report folding and self-assembly for linear 

PDI oligomers.  a) Absorbance shows dramatic A0-0’/A0-1’ intensity reversal with increasing 

number of PDIs; b) Fluorescence shows decrease in green monomer-like emission and evolution 

1 

2 

3 

4 

5 

6 
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of a new red-shifted excimer-like peak for longer oligomers; and c) Observed chemical shifts Ha 

(open) and Hb (filled) of monomer 1 (circles), dimer 2 (diamonds), trimer 3 (triangles), tetramer 

4 (squares), pentamer 5 (horizontal double triangles), and hexamer 6 (vertical double trangles) as 

a function of the molar concentration of each oligomer. Dimer and higher are folded at dilute 

concentrations as evident by their up-field chemical shift compared to the monomer while all 

folded oligomers exhibit greater up-field shift upon concentration-driven self-assembly. 

Single molecule spectroscopy.  Ensemble spectra for the folded PDI oligomers provide useful 

information about the average molecular configuration; however, they provide limited 

information about the molecular dynamics.  Thus, we next used single molecule spectroscopy 

(SMS) to study individual PDIs of the monomer through hexamer series.11  Surprisingly, we 

discovered a photo-induced stochastic folding/ unfolding phenomenon in which varying degrees 

of -stacking between adjacent chromophores occurs, evident by dramatic spectral fluctuations 

in the single molecule emission spectra, shown in Figure 4.  Thus, the completely folded state 

exhibits red fluorescence; the partially folded state exhibits yellow fluorescence, and the 

completely unfolded state exhibits green fluorescence.  Additionally, single molecule time trace 

analysis shows fluctuations in intensity due to the intramolecular coupling and uncoupling of the 

individual PDIs.  
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Figure 4.  Typical single molecule spectra observed for monomer (a,b), trimer (a-e), and 

hexamer (a-e). Spectral trajectories for a single trimer (f) and hexamer (g) showing dynamic 

switches in emission color indicating folding, unfolding, and refolding. 

Cyclic oligomers.  Since PDI -stacking can direct intramolecular folding and intermolecular 

assembly, we next tested whether molecular assembly can effectively direct and enhance specific 

reaction pathways.  Thus, we dressed the bis-functional PDI-TEG oligomers with thiol-acetate 

groups, and under basic deacetylation conditions, air oxidation triggered the formation of 

macrocyclic dimers and concatenated dimer-dimer rings, shown in Scheme 3.12   The ratio of 

reaction products is dependent on the monomer concentration, evidence that molecular self-

assembly orchestrates the reaction pathway by preorganizing the reactants, effectively lowering 

the entropy-barrier from random collisions to an organized transition state. The resulting 
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macrocyclic dimers and concatenated dimer-dimer rings were found to have interesting 

spectroscopic properties.  Specifically, the A0-0’ / A0-1’ ratio in the absorption spectra reveal that 

all four compounds have diagnostic intensity reversal when compared to non-self-assembled PDI 

monomers (Figure 5).  Definitively, linear and macrocyclic dimers have similar A0-0’ / A0-1’ 

vibronic peak ratios indicating that the folding equilibrium and configurations for both dimers 

are quite similar in the ground state.  Likewise, the ratios for the linear tetramer and 

concatenated dimer-dimer ring reveal that both tetramers are also stacked almost identically and 

that all four chromophores are preferably folded together and not as separately stacked dimers.  

Additionally, the cyclic compounds had similar NMR up-field chemical shifts as the 

complimentary linear oligomers. 

 
Scheme 3.  Self-assembly of bis-thioacetate functional PDI-TEG oligomers directs the formation 

of macrocyclic dimers and concatenated dimer-dimer rings. 

 

Figure 5.  Comparison of absorption spectra in CH2Cl2 between A) macrocyclic dimer ring and 

linear folded dimer, and B) dimer-dimer catenane and linear folded tetramer. 
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Thus, PDI -stacking can effectively direct and enhance specific reaction outcomes, making 

them potential templates to promote novel reactions.  However the planar PDI only provides one 

template for molecular encoding.  Ideally, more templates might allow the orchestration of 

complex reactions or simultaneous one-pot reactions. 

DNA-PDI hybrid oligomers.  While TEG-linked linear and cyclic PDI oligomers revealed 

interesting folding and self-assembly phenomena, they are insoluble in aqueous solution and thus 

are limited for biological applications.  Thus, a series of DNA-PDI hybrid oligomers were 

synthesized using the efficiently automated solid-state chemistry.  The coupling between 

monomers uses phosphoramidite, resulting in negatively charged phosphodiester linkages upon 

cyanoethoxy-deprotection, thus affording aqueous solubility.13  The resulting alternating DNA 

and -conjugated sequences exhibited thermophilic folding properties, as shown in Figure 6. At 

high temperatures, hydrophobic assisted PDI -stacking stabilizes the folded structure, while at 

low temperatures, hydrogen bonding between self-complimentary hairpin structures disrupts PDI 

-stacking.  Addition of a complimentary DNA strand also disrupts the PDI -stacking which is 

measureable by optical absorption. 
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Figure 6.  Thermophilic property of 

chromophoric trimer linked by a mutated 

NF-B site with no hybridization in the 

DNA loops (A) and chromophoric pentamer 

surrounded by DNA hairpin structures (B 

and C) that can be unfolded through binding 

to the complementary DNA (D). 

Foldamer challenges.  However, there were some challenges with our first generation hybrid 

foldamers.  First, the highly planar PDIs exhibited fluorescent quantum yields near zero in 

aqueous solution.  Second, phosphoramidite functionalization of a TEG-primary alcohol resulted 

in a limited storage shelf-life (2-3 months) and significant decomposition in solution within 2-5 

days.  Third, using only unsubstituted PDIs limited the availability of FRET pairs.  Finally, DNA 

oligomers containing multiple PDIs were difficult to purify by standard methods such as C8 

cartridge purification because the hydrophobic perylene tends to retain the oligomer on the 

columns whereas in absence of PDIs only complete “trityl-on” oligomers are retained. 

It has been speculated that the loss of fluorescence of the planar PDIs in water is either the 

result of self-quenching due to self-assembly or collisional quenching with water.14  However, it 

is not clear what the configuration of the ground and excited states look like in these unique -

stacked oligomers.  Absorbance and NMR data report the oligomers are completely folded in the 

ground state, while emission reports significant green monomer-like emission.  Additionally, the     
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Changes in the absorbance spectra upon PDI -stacking have widely been attributed by others to 

H- or J-type aggregates as explained by the exciton coupling (EC) model.15  However, EC fails 

to properly explain the intensity reversal and completely omits the vibrational-electronic 

coupling.  In order to improve the aqueous fluorescence, it is first necessary to better understand 

the ground and excited states. 

The DNA-PDI hybrid oligomers might make ideal candidates for studying biomolecular 

interactions in live cells using single molecule spectroscopy if the absence of aqueous 

fluorescence were solved.  However, even if the quantum yield is restored to 100%, individual 

fluorescent molecules are difficult to detect, especially in an autofluorescent cellular 

environment.  Thus, the quest for brighter fluorophores has resulted in the evolution of 

fluorescent nanoparticles (FNPs) and quantum dots (QDs).16  Our group has contributed 

significantly in this arena with the development of brighter fluorescent polymer nanoparticles 

containing photo-switchable fluorophores.17  However, the photo-switchable spiropyran 

molecules have relatively low quantum yields, even when encased in a core-shell polymer 

structure.  Increasing the density of fluorophores in a nanoparticle typically results in limited 

increase in brightness due to self-quenching, requiring the need for brighter, sterically hindered 

or encapsulated fluorescent molecules. 

Even if brighter FNPs or QDs are developed, their conjugation to a biomolecular target can be 

challenging.  FNPs and QDs typically have homogeneous exteriors so that ensuring a single 

fluorescent particle labels a single biomolecule, such as a protein, is very difficult.  Thus, 

fluorescent labels with a single point of attachment would make their use more practical. 

Synthesis and investigation of twisted PDIs.  In order to address some of these problems, a 

diverse set of PDIs have been synthesized with various substitutions in the “bay” positions, 
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shown in Figure 7, which causes the perylene to twist dihedrally out of plane, modulating the 

 stacking force and directing intermolecular assembly and intramolecular folding.  The 

gateway compounds are the 1,7-dibromo- and 1,6,7,12-tetrachloro-PDIs which can be 

synthesized from the commercially available perylenetetracarboxylic dianhydride in nearly 

quantitative yields. 

 

Figure 7.  Substitutions in the “bay” positions cause the PDIs to twist dihedrally out of plane, 

with typical twist angles shown as determined by crystallography.  Energy minimized models 

were calculated using Merck Molecular Force Field 94 (MMFF94). 

Similarly to the unsubstituted planar PDIs, -stacking in the twisted PDIs is apparent by NMR, 

absorbance, fluorescence, and single molecule spectroscopy.   Dihedral twisting induces 

chirality, revealing unique self-assembly and folding properties for hetero- and homo-chiral 

cyclic and linear dimers.  Molecular assemblies formed by differently twisted PDIs reveal an 

inherent molecular code with preferred stacking between similarly twisted monomers, while the 

most highly twisted PDIs frustrate  stacking to the extent they make ideal fluorophores for 

fluorescent DNA foldamer nanodevices, polymer nanoparticles, and dendrimer biolabels. 

  In Chapter 2, a model is developed describing PDI ground state stacking interactions using the 

electron-phonon (EP) coupling model, and the discovery of nanosolenoidal shielding is 
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presented.  Similarly, a model explaining excited state interactions is developed in Chapter 3, 

along with the influence of -stacking on amplified spontaneous emission (ASE).  Chapter 4 

explores dynamic folding and unfolding in an architecturally diverse set of PDI oligomers, 

uncovering a photo-induced unfolding model.  Importantly, the exciton coherent length is 

determined to be four stacked PDI units.  In Chapter 5 we develop the theory of molecular 

assembly codes, revealing that a mixture of differently coded (twisted) reactive monomers 

results in identical products as if the reactions were carried out in separate flasks.  Chapter 6 

confirms the molecular codes, demonstrating that -stacking stereoisomerism in the highly 

twisted Cl4-PDI imparts specific cyclization reaction products and sorts a pair of linear 

diastereomers to fold into either hetero- or homo-dimer.  Highly fluorescent nanoparticles 

incorporating covalently imbedded twisted Cl4-PDIs are introduced in Chapter 7, exhibiting 

excellent photostability, absence of photoblinking, and brightness more than 40 times that of a 

single fluorophore.  Chapter 8 describes the novel synthesis of a series of 5 different colored PDI 

phosphoramidites and their efficient incorporation into functional fluorescent DNA foldamer 

devices using automated solid-phase synthesis.  Finally, in Chapter 9, we describe the synthesis 

of highly fluorescent dendrimer biolabels using a modular phosphoramidite approach.  These 

dendrimers, incorporating either the Cl4- or OPh4- twisted phosphoramidites, boast single point 

labeling and brightness exceeding 100 times that of a single fluorophore, making them potential 

blockbuster biolabels.   

Additionally complimentary work towards brighter individual particles and single molecule 

spectroscopy are included using alternative approaches to the PDIs.  In Appendix A, we 

introduce the synthesis of cylindrical disks and stacked-disk arrays from CdSe/CdS 

semiconductor nanorods.  These superparticles exhibit extremely bright linearly polarized 
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emission.  Appendix B introduces the use of magnetic tweezers to hold a single molecule in 

solution in order to study DNA-protein interactions using single molecule spectroscopy. 

In summary, the synthesis of a series of architecturally diverse supramolecular nanostructures 

and their investigation using complimentary spectroscopy has provided valuable insight into PDI 

-stacking interactions, their self-sorting and templating propensity, and their practical use as 

fluorescent labels for single molecule spectroscopy. 
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Abstract 

  Unique -stacking perylenetetracarboxylic diimide (PDI) foldable polymers with degree of 

oligomerization n = 1 to 10 were synthesized using efficient phosphoramidite chemistry and 

investigated for their ground state properties using MS, optical absorption, and NMR techniques.  

FTICR revealed the exact masses of these sequence-controlled oligomers, confirming the 

chemical composition and validating the synthetic strategy.  Electron-phonon coupling is much 

stronger than excitonic coupling in these self-folded PDI oligomers; thus Franck-Condon factors 

dictate the observed spectral features in visible spectra.  A coupled exciton model along with the 

simplified H- and J-aggregates was found to be inadequate to explain the observed intensity 

reversal in the optical absorption.  Absorbance exhibits weak hypochromism due to -stacking 

with increasing n.  NMR neighboring ring-current effect (NRE) indicates nanosolenoidal 

shielding in -stacks while NOE in a cyclic hetero-chromophoric dimer supports a rotated, 

cofacial -stacking orientation separated by about 3.5Å.  Finally, ab initio calculations support 

the experimental observations, indicating 3.5Å cofacial spacing, in which one molecule is rotated 

30 degrees from the eclipsed orientation and higher oligomers can adopt, without compensating 

energy penalty, either the right/left-handed helixes or the 1,3-eclipsed structures.  Both theory 

and experiments validate the nano--stacks and their novel physical properties. 
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Introduction 

Light harvesting is achieved using organic chromophores classified as chlorophyll.  Such 

chromophores form well-structured arrays, absorb photonic energy, and direct it to the 

photosynthetic reaction center, where photonic energy is converted to chemical energy.  The 

underpinning photonic and electronic mechanisms are of vital importance; this includes energy 

transfer, electronic interactions, and vibrational-electronic coupling of adjacent chromophores.1  

To better understand the optical and electronic properties of chromophoric arrays, we 

synthesized controlled oligomeric sequences of perylene diimides (PDIs) and have 

systematically explored their unusual optical properties.2-5  Sequence-controlled chromophoric 

oligomers are rare despite serving as excellent models for polymer folding, mechanical force-

induced unfolding, molecular recognition, and electron and energy transfer systems.6-8  While 

functional foldable polymers (foldamers) of limited chromophore number or of mixed length and 

composition have begun to emerge,9 our foldable sequence-controlled multi-PDI oligomers 

remain unique. 

PDI-folding imparts unusual spectroscopic properties.  Although it has been known for a long 

time that large aromatic rings form -stacks, the strong intermolecular vibrational-electronic 

coupling in PDIs has not been appreciated until recently.4  In the free PDI chromophores, 

vibrational-electronic coupling is evident, leading to clearly resolved vibronic transitions on top 

of the strongly allowed * electronic transition.  When -stacking occurs, molecular orbitals 

of one fused aromatic ring effectively overlap with its adjacent neighbors.  As a result, when one 

ring is vibrating, for instance in the ring breathing mode, it induces synchronized vibration of its 

neighboring aromatic rings.  In -stacks, therefore, phonons (vibration modes) are strongly 

coupled to the electronic transitions.  The direct experimental evidence is the dramatic intensity 
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reversal between the 0-0’ and 0-1’ vibrational transitions when planar perylene molecules stack 

or fold on top of each other.  We have demonstrated this intensity ratio effectively gauges the 

degree of folding or the extent of molecular self-assembly.7  Another spectroscopic technique—

NMR also measures the degree of -stacking.  When large fused aromatic rings stack on top of 

each other, the neighboring ring current effect (NRE) of one molecule effectively shields or de-

shields its flanking neighbors, thus causing the neighbors’ aromatic protons to shift significantly. 

Therefore, -stacking induces both the additional NMR chemical shifts due to neighboring ring 

currents and the electronic absorption intensity reversal in UV-visible spectra. 

Changes in the absorbance spectra upon PDI -stacking have widely been attributed by others 

to H- or J-type aggregates as explained by the exciton coupling (EC) model.10  However, EC 

fails to properly explain the intensity reversal and completely omits the vibrational-electronic 

coupling.  Such electron-phonon (EP) coupling effects have been noted by others,11 but the 

importance compared to EC in PDIs has generally been ignored.  In two widely misinterpreted 

papers, the EC model assumes that a crystal or aggregate induces the formation of exciton bands 

and conduction bands, but not valence bands.12, 13  PDI systems, however do form both 

conduction and valence bands in solid state.14  The same model predicts that singlet bandwidth 

should scale to a factor of (n-1)/n, where n is the number of molecules in the aggregate;12 this has 

never been validated in our well-defined PDI oligomers.  Moreover, the EC model generally 

exaggerates the exciton bandwidth even when unrealistic intermolecular distances, for example 

10 Å, are used.12 Therefore applications of the EC model to PDI stacking produce incorrect 

results.  Finally, the model uses many molecules to construct a fixed structure; assembly or 

folding in solution is dynamic, rendering the solid-state model impractical. Thus, the EC model 

strips all individual chromophoric characteristics and generates the oversimplified H and J-
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aggregate models.  The significance is that the EC model cannot be used unconditionally to 

explain many other -stacking systems, where similar and quite ubiquitous phenomena are 

observed such as in xanthenes, thiophenes, and molecular wires.15 Herein, we focus on a unique 

series of sequence-controlled chromophoric oligomers, their folded -stack structures, and the 

failure of the EC model to explain their unusual spectroscopic properties and strong vibrational-

electronic interactions. 

Experimental Section 

We previously reported the preparation of the monomer 1 and foldable oligomers ranging from 

dimer to hexamer (2-6) based on the foldable block of bis-N, N’-(2-(2-(2-(2-hydroxy 

ethoxy)ethoxy) ethoxy) ethyl) perylene tetracarboxylic diimide.3 The further procedures for the 

stepwise synthesis of higher homologue of the perylene oligomers from heptamer 7 to decamer 

10 are outlined in scheme 1. 

MALDI mass spectra were obtained with an ABVS-2025 spectrometer by the Mass 

Spectrometry Core Laboratories at WSU.  FTICR MS analyses were performed by the 

Environmental Molecular Sciences Laboratory at Pacific Northwest National Laboratory.  1H- 

and 13C-NMR spectra were recorded at 300.1 and 75.6 MHz with a Varian Mercury 300 

spectrometer in deuterated solvents (CDCl3, CD3OD) at ambient temperature; 1H spectra were 

referenced vs TMS, 13C spectra were referenced vs. 77.23 ppm for the central line of CDCl3, and 

31P NMR chemical shifts were referenced vs. H3PO4 as an external reference.  1-Dimensional 

DPFGSE NOESY spectra were recorded at 599.7 MHz on a Varian VNMRS 600 spectrometer 

in CDCl3 at 22 deg C.  Reactions were monitored by thin-layer chromatography (TLC) on a 

precoated plate of silica gel 60 F254 (EM Science). Column chromatography was performed on 
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silica gel 60 (230-400 mesh, EM Science).  UV/Vis spectra were recorded with a Varian Cary 

100 spectrophotometer using quartz cuvettes. 

Results and Discussion 

Strategy to make sequence-controlled chromophoric oligomers.  There are many methods to 

synthesize oligomers and polymers such as vinyl polymerization, ring-opening polymerization, 

and polycondensation reaction.  However, none of these polymerization methods produces 

polymers with a single molecular weight, ensures the nth monomer is incorporated at the nth 

position, and secures the nth monomer and its transition dipole moment correctly oriented at the 

nth position.  To solve these critical issues, a different strategy is needed for synthesizing 

sequence-controlled oligomers.  Such oligomers have sequence and orientation fidelity of 

biopolymers, thus promising myriad folded nanostructures gaining new functions as the versatile 

proteins have. 

Our strategy controls how a new monomer couples to the existing polymer chain.  In 

particular, we used the well known and optimized phosphoramidite chemistry to connect two 

hydroxyl groups in various polymers.  The polymerization consist of many efficient stepwise 

reactions, thus the nth monomer is incorporated in the nth reaction.  To attach the monomer with 

correct orientation, we use a removable dimethoxytrityl (DMTr) to protect one hydroxyl group 

while activating the other hydroxyl group with a phosphoramidite group.  The phosphoramidite 

reacts with the hydroxyl group of the previous monomer to yield a phosphodiester bond.  After 

incorporating the nth monomer, we remove DMTr protection to reveal the chain-extension 

hydroxyl group again, ready for the next stepwise reaction to couple the (n+1)th monomer 

(Scheme 1).  Using this approach, we have synthesized sequence-controlled oligomers 

containing up to 10 PDI units.  Such polymers automatically fold into well-defined -stacked 
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nanostructures in organic solvents and water and serve as excellent model systems to study 

energy transfer, electronic interactions, and exciton-phonon coupling.3-7 Additionally, the 

chromophore number n is often unknown in other -stack systems; the unique foldamers here 

enlighten the underlying phenomena because n is exactly known. 
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repeat 
(1) & (2)

repeat 
(1) & (2)

repeat 
(1) & (2)
thrice

6
R =  -CH2CH2CN

1b

 

Fourier transform ion cyclotron resonance (FTICR) validates the sequence controlled 

oligomers. Before studying these exciting molecular phenomena, it is important to demonstrate 

both the identity and purity of these novel oligomers.  We have previously demonstrated purity 

by 1H, 13C, and 31P-NMR and provide further NMR data and spectra in this paper (vida infra).3,4  

In addition to NMR provided identity, we previously reported the mass for 1-6 as determined by 

MALDI-TOF; here, we further demonstrate the chemical identity of 1-8 by FTICR as 

summarized in Table 1.  The mass accuracy for all oligomers falls between 0.44 and 2.85 ppm, 

consistent with modern high-quality FTICR accuracy.16  The exact mass provided by FTICR, 

when highly accurate, can predict the molecular formula.  This is true for the dimer (2).  
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Searching all possible chemical formula between C1H1N5O1P and C200H200N5O40P that match the 

dimer (2) exact mass yields only one matching composition, C90H90N5O27P, with error < 1 ppm.  

Thus, FTICR exact mass correctly determines the dimer chemical formula.  For the other 

oligomers, direct determination is difficult because 1-3 ppm errors cannot exclude many 

hypothetical molecular formulas, especially for higher oligomers.   

These novel step-wise oligomers illustrate systematic measurement fulfilling the gap rarely 

seen between small molecules and large proteins.  Because the stepwise oligomers are made by 

adding the same building block (1b) to the chain anchored by monomer 1a, there is an intrinsic 

relationship connecting their exact mass and molecular formula.  This relationship reveals 

adjacent oligomers differ by only one exact mass value and its associated formula.  Moreover, 

dimer provides the upper limit for monomer search since monomer must be smaller than dimer.  

Therefore, searching all possible formula between C1H1N2O0 and C90H90N2O27 yields 3 hits with 

errors < 5 ppm: C54H42N2O8, C47H46N2O13, and C29H54N2O26.  Among the 3 formulas, only the 

C47H46N2O13 satisfies the relationship that dimer (2) is about twice as large as the monomer (1a), 

which is similar to the building block (1b) in size.  Thus the formula difference between dimer 

(2) and monomer (1a) is C43H44O14N3P.  Each building block, after chemical alteration such as 

oxidation and deprotection, adds exactly C43H44O14N3P to the nth-mer to yield the (n+1)th-mer.  

Therefore, the nth oligomer has a formula of C47+43(n-1)H46+44(n-1)O14N2+3(n-1)Pn-1.  Consequently, 

all oligomer formulas can be derived from FTICR exact mass measurements.  Conversely, all 

experimentally measured exact mass values match the theoretical exact mass values derived from 

this generalized formula within 3-ppm errors, in excellent agreement with the molecular formula 

(Table 1).  The measured errors are below the standard 5-ppm error used to eliminate other 

possibilities.  For 1-5, even the smallest reasonable substitution, N for CH2, can be ruled out 
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(Table 1).  The same substitution causes borderline distinctions for 6 and 7, but cannot be ruled 

out for 8.  However, since the foldamers here were synthesized by adding the same monomer 

step-wise, we can use the m (experimentally determined to be C43H44O14N3P) between adjacent 

oligomers to reasonably conclude the identity of 6-8 is exact. 

All the detected m/z peaks are associated with Na+ atoms; interestingly, the number of sodium 

atoms increases almost linearly with the degree of oligomerization with the exception between 

trimer and tetramer.  Although incorporation of sodium ions into the m/z peaks in MS is 

common, the correlation between the number of sodium atoms and the degree of oligomerization 

hints that these Na+ ions are coordinating to the ethylene glycol units, which is a phenomenon 

well documented in the crown ether compounds. 

Table 1. FTICR-MS data for mono-benzoylated monomer to octamer. For monomer, dimer, 

hexamer, and heptamer, the lock mass is 972.316899 (CD); for trimer, tetramer, and octamer, 

the lock mass is 974.297729 (CD+Na). 

Exact mass Oligomer m/z Peak 
Identified 

Mr (theo) Mr (exp) 

Exp-theo 

Error (ppm) 

Oligomer Formula CH2N 

Error (ppm) 

Monomer [M+Na]+ 846.29998 846.29766 -2.74 C47H46N2O13 15 

Dimer  [M+2Na]2+ 1703.55605 1703.55681 0.44 C90H90N5O27P 7.4 

Trimer  [M+3Na]3+ 2560.81213 2560.80977 -0.92 C133H134N8O41P2 4.9 

Tetramer [M+3Na]3+ 3418.06821 3418.06207 -1.80 C176H178N11O55P3 3.7 

Pentamer [M+4Na]4+ 4275.32428 4275.32883 1.06 C219H222N14O69P4 2.9 

Hexamer  [M+5Na]5+ 5132.58036 5132.58769 1.43 C262H266N17O83P5 2.5 

Heptamer [M+6Na]6+ 5989.83644 5989.84425 1.30 C305H310N20O97P6 2.1 

Octamer  [M+7Na]7+ 6847.09252 6847.11200 2.85 C348H354N23O111P7 1.8 
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Figure 1.  (a) Absorbance spectra for 1-7.  As n increases, the ratio of the A0-1’: A0-0’ vibrational 

peaks (2) asymptotically increases.  max is normalized to compare broadening and FC factors 

more clearly; the peaks actually red-shift slightly by 3-4nm from 1-7 (vida infra). (b) Blow-up of 

the A0-0’ peaks shows the FWHM/2, W1/2, also increases diminishingly with n which is not 

accounted for by the EC model.  

The electronic structures of -stacks and their associated strong vibrational-electronic 

coupling.  The absorption and emission spectra of -stacking PDIs has been interpreted 

controversially.10  In particular, the excitonic interactions have been applied unconditionally; 

Franck-Condon (FC) principle, which plays an underpinning role in the fused aromatic rings, is 

largely and inappropriately ignored.  Considering both the coupled exciton model and FC 

factors, we will address the origin of the observed optical properties.  Here, we will focus on the 

ground state configuration of folded PDI systems while the excited state dynamics will be 

discussed in Chapter 3. 

For free PDI monomer in dilute solution, the first allowed -* transition is the HOMO to 

LUMO transition which under D2h symmetry is the 1 1Ag to 1 1B3u and is the only one producing 

significant extinction coefficient in the visible spectra.17  Of particular importance, this electronic 

transition strongly couples to the aromatic ring-breathing mode of frequency, o ≈ 1440 cm-1 
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with a Huang-Rhys (HR) factor of 2 = 0.61.18  Although theoretical calculations for PDIs or 

measurements in similar perylene and perylenetetracarboxylic dianhydride predict the HOMO-

LUMO transition is coupled to multiple vibrational modes, absorbance spectra reveal this -* 

transition mainly couples to a single dominating ring-breathing mode.17, 19  Consequently, this 

single electronic transition splits into multiple vibronic transitions (v’ = 0, 1, 2, etc); Figure 1 

resolves four such vibronic bands. For PDI monomer, the vibronic transitions occur at 19011±35 

cm-1 (526 nm; 0-0’), 20450±45 cm-1 (489 nm; 0-1’), 21834±50 cm-1 (458 nm; 0-2’), and 

23095±55 cm-1 (433 nm, 0-3’); this yields energy differences of E1’ – E0’ = 1440 ± 45 cm-1, E2’ – 

E1’ = 1380 ± 50 cm-1, E3’ – E2’ = 1260 ± 55 cm-1 between the vibrational levels in the excited 

state 1 1B3u.  Obviously, the energy level difference is diminishing as the vibrational quantum 

number  increases, proving that the excited state has an anharmonic potential well.  Another 

conclusion is that the ground state potential well minimum is not aligned with its excited state 

potential well minimum.  Rather the two are just slightly offset so that A0-0’ transition is still the 

strongest but A0-1’ transition is not too weak (Figure 2a). 
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Figure 2.  In the displaced harmonic oscillator model, the offset of the excited state from the 

ground state causes a change in the vibronic peak progression. 

The exciting phenomenon is the experimentally observed -* transition dramatically reverses 

the 0-0’ and 0-1’ intensity ratio when more than one PDI units folds or assembles on top of each 

other (Figure 2b).  The controversy arises whether exciton coupling or FC factors cause the 

intensity reversal.  Before making definite assignment, we first review the classification of 

electron-phonon (EP) coupling and excitonic coupling (EC), depicted in Figure 3.  For large 

solid-state aggregates, strong EP coupling corresponds to the conditions o >> DS, where DS 

is the Davydov splitting (DS), and o is a single vibrational mode frequency involved.  This 

classification follows the established notation by Simpson, Peterson, McRae, and Spano, in 

which EP coupling to a particular vibrational mode is gauged by comparing the nuclear 

relaxation energy to the exciton band width, otherwise called the Davydov splitting.11e-g, 12  By 

definition, strong EP coupling means weak excitonic coupling. When o << DS, the EP 

coupling is weak.  For completeness, the medium coupling region occurs when o ~ DS. 
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The above model was developed for solid-state crystals.  To adapt it to solution dynamic 

systems, we will replace the Davydov splitting with -stack splitting (S).  Thus if o >> S, 

the EP coupling in the folded system is strong.  We emphasize that -stack splitting is a function 

of time, thus S(t), because the self-folding and molecular self-assemblies are dynamic and 

change over time.  Figure 1 clearly displays the well-resolved vibronic bands of PDI monomer, 

folded PDI dimer, and folded higher individual oligomers.  Therefore, the EC that causes S 

must be relatively small because it would smear the well-resolved vibronic bands otherwise.  The 

peak broadening between the monomer and dimer spectra is caused by electronic (excitonic) 

coupling; the extra broadness is S, determined experimentally to be 344 ±50 cm-1 for the dimer 

where the uncertainty is caused by the UV-vis spectrometer (±1 nm accuracy).  Obviously, 

nuclear relaxation energy (o = 1545 cm-1) is much larger than the excitonic coupling (S = 

344 cm-1), o >> S, corresponding to the strong EP coupling and weak EC regime.  In fact, 

all oligomers measured satisfy this relationship (Table 2), proving all the folded PDI systems are 

in the weak excitonic coupling regime and the excitons are “heavy” because they are strongly 

coupled to the -stack lattice.  Thus, EP coupling in PDI stacks is stronger than EC coupling. 

The salient feature of dramatic intensity reversal in the folded PDI oligomers cannot be 

reasonably explained using the coupled exciton model.  For example, assuming an H-type 

aggregate, the excitonic splitting S would have to be coincidently the exact same energy as the 

coupled vibration mode o for the stacked 0-0 absorbance peak to fall directly on the uncoupled 

0-1 band (Figure 4a).  Had excitonic interactions been slightly stronger or weaker than the EP 

interactions, the vibronic transition bands would be washed away or unresolved (Figure 4c).  

Additionally, the J-type transition would have to be 100% forbidden as no new red-shifted peak 

is observed.  The allure of the coupled exciton model has resided in its simplicity; spectra red-
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shift or blue-shift corresponds to either H- or J-aggregates.  However, the world is never that 

simple.  Spectra can only shift left or right, but structures are very diverse and rich beyond the 

simplified H- and J-aggregates. 

 
 

Figure 3.  Compare EP and EC models.  The EC model omits valence bands, ignores electron-

vibronic coupling, limits transitions to the top (H-aggregate) or bottom (J-aggregate) of the 

excited state, and overestimates Davydov splitting (DS).  The EP coupling model accounts for 

strong vibronic coupling and includes broadening between dynamic conduction and valance 

bands due to relatively weak S. 
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Table 2. 

Oligomer      
(in CHCl3) 

HR factor 2 ½ W1/2  
(cm-1) 

Exp. S*  
(cm-1) 

2o 
(cm-1) 

a(n-1)/n** 
(cm-1) 

Monomer 0.609 319 0 877 0 

Dimer 1.075 491 344 1548 313 

Trimer 1.222 627 616 1760 417 

Tetramer 1.280 694 750 1843 469 

Pentamer 1.339 727 816 1928 500 

Hexamer 1.357 760 882 1954 520 

Heptamer 1.380 760 882 1987 536 
* The S = W1/2(n-mer) – W1/2(monomer) **Singlet band width predicted by the EC model: a = 4(m2/r3) for /2. 

 

 

Figure 4.  Spectra calculated (red) from the experimental monomer spectra (blue) for various EC 

strengths.  (a) Strong EC (H-type) for DS = 0 in monomer-dimer equilibrium is alluring 

because it seems to predict the dimer intensity reversal but doesn’t predict the fixed dimer A0-0’ 

peak or absorption band broadening.  (b)  Exciton theory predicts DS increases as (n-1)/n; this 

has never been shown in the PDIs.  (c)  DS < 0 for H- (top) or J- (bottom) type dimers fails to 

predict correct peak position or resolved vibronic bands.  (d)  Only a Gaussian S distribution 

accounts for dynamic -stacking, correctly predicting spectrum broadening and fixed max; EP 

coupling accounts for changes in dimer FC factors. 

Another reason the coupled exciton model breaks down in explaining the intensity reversal is 

that it predicts singlet “band” width (the DS) should scale by a factor of (n-1)/n, where n is the 

(a) (b) (c) (d) EC 
Model 
DS=0 

EP 
Model 
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number of molecules in the aggregate.  Thus, the coupled exciton model predicts that for dimer, 

trimer, etc., the shift towards blue should increase substantially and discretely (Figure 4b), 

whereas the experimental observed bands remain virtually fixed, red-shifting by 3-4nm only 

(Table 3).  In fact, when experimentally measured transition dipole of a PDI is used (1.1 

Debye),20 the EC model predicted “band” width is only 313 cm-1, far below the vibrational 

energy splitting (1440 cm-1).  To the contrary, the coupled exciton model, although it cannot 

explain the dramatic intensity reversal, suggests that the electronic coupling interactions merely 

cause line broadening (Figure 4d).  The excitonic “band” width increases in general agreement 

with the measured S values or line broadening. 

What causes the salient intensity reversal in the absorption spectra?  It is the Franck-Condon 

factors.  The observed Franck-Condon progression indicates bond length changes upon 

excitation; DFT calculations suggest that some bonds become longer in the excited monomer 

than the ground state, however shorter bond lengths would lead to the same spectral features.17  

Therefore, the ground state vibrational wavefunction already begins to shift from 0-0’ to 0-1’ 

alignment, but the 0-0’ overlap or Franck-Condon factor |<0|0’>|2 is still larger than the 0-1’ 

overlap, |<0|1’>|2, and the ratio A0-1’/A0-0’ = |<0|1’>|2/ |<0|0’>|2 (≈ 2) = 0.61.  In the dimer, the 

absorbance spectrum indicates that bond length changes even further when comparing the 

excited state to the ground state.  Such excited state potential well shift reduces the 0-0’ overlap 

|<0|0’>|2 and optimizes the 0-1’ overlap |<0|1’>|2, yielding larger HR factor 2 = 1.07 (Figure 

2b).  As larger and larger oligomers fold, increasing -stacking intensifies the 0-1’ transition and 

the HR factor increases concomitantly (Figure 1a).  The obvious Franck-Condon effect may have 

been overlooked previously because the vibronic transitions to higher vibrational levels (v’ ≥ 2) 

do not yield intensities corresponding the integration, |<0|v’>|2 = e-S·Sv’/v’!, obtained from 



 31

Gaussian potential well, where S is HR factor and v’ is the vibration number.19  The 

disagreement arises from the fact that PDI potential well is more complex than that of simple 

diatomics and DFT calculations support this argument, revealing that the intensity is gained 

mostly in the 0-1’ and 0-2’ vibronic bands.17  Thus, intensifying 0-1’ band causes the intensity 

reversal in the absorption spectra, not exciton coupling. 

Molar absorptivity of folded oligomers.  It is informative to better quantify the molar 

absorptivity, , as a function of the oligomer number n.  Table 3 lists the experimentally 

measured (CHCl3) for the A0-0’ and A0-1’ vibrational peaks; these same values are plotted in 

Figure 5a.  Extinction coefficients are not the best measure of absorptivity when comparing these 

unique oligomers because 0-1’ increases with n faster than 0-0’, overtaking 0-0’ at the dimer and 

beyond.  This is clearer when /n is plotted vs. n providing the absorptivity per chromophore 

(Figure 5b).  Additionally, because coefficients are measured only at peak wavelength and S 

broadens the peaks, the extinction coefficients do not scale linearly with n.  More appropriately, 

the integrated absorbance (in cm-2 M-1, integrated from 14286 to 25000cm-1 encompassing most 

of the S0-S1 transition) does scale nearly linearly vs. the chromophore number (Figure 5c) and 

thus is the more preferred measure when comparing systems with significant EP coupling.  The 

relatively high  of the monomer is not drastically lost in the higher oligomers, but instead 

absorbance is broadened over more wavelengths. 

The near-linearity of the integrated absorbance with increasing -stack length n has interesting 

ramifications in context with DNA annealing hypochromism.  In a well known but not 

completely understood phenomenon, the DNA base molar absorptivity, often measured as 

A260nm, decreases from purine and pyrimidine monomer values upon incorporation into ssDNA 

oligomers by 3-10% and again upon annealing with complementary strands into dsDNA by 6-
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28%.21  The effect has been attributed to widely differing rationale including dipolar interactions 

with nearest neighbor or other neighboring bases, hydrogen bonding upon base pairing, and 

screening hypochromism.22  The PDI oligomer stacks presented here contrast with dsDNA by 

larger  overlap, larger transition dipole moment, smaller permanent dipole moment, and 

absence of hydrogen bonding.  While  per chromophore 0-0’ drops by 53% and 0-1’ drops by 

17% from the monomer to the dimer, the integrated i only drops by 13%, a value less than 

found for typical dsDNA.  This provides evidence that -stacking causes hypochromism and is 

likely partially responsible for DNA hypochromism.  As expected, the /n begins to level off 

after the trimer and the integrated absorbance remains mostly linear with increasing n as the 

average /n asymptotically approaches the coefficient for sandwich type PDIs.    

Table 3.  Molar absorptivity , integrated absorptivity i, and HR factor 2 for 1-6 in various 

solvents. 

n  0’-0       
(cm-1 M-1) 

CHCl3 

 0’-1      
(cm-1 M-

1) 

CHCl3 

i
400-700 nm 

(cm-2 M-1)    

max
0-0’ 

(nm) 

max
0-1’ 

(nm)

2        
CHCl3 

2      
CH2Cl2 

2       
H2O

1 76500 46600 1.30x108 526 489 0.61 0.62 0.70 
2 72400 77800 2.26x108 528 493 1.07 1.19 1.51 
3 81000 99000 3.33x108 528 493 1.22 1.43 - 
4 100000 128000 4.15x108 528 493 1.28 1.47 1.90 
5 121000 162000 5.25x108 528 493 1.34 1.49 - 
6 143000 194000 6.33x108 528 493 1.36 1.52 1.94 
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Figure 5.  (a) Molar absorptivity  for n = 1 to 6 for 0’-0 (■) and 0’-1 (♦) vibrational peaks.  (b) 

0’-0 (■) and 0’-1 (♦) per chromophore; lines help visualize the trends in the actual data points 

(markers).  (c) Integrated molar absorptivity i (♦) for the same oligomer series; the best fit to the 

data points (──) is hypochromic from values calculated using n·i
monomer (---) by 13%.  (d) 

Experimental HR factor 2 for oligomer 1-6 in solvents CHCl3 (♦), CH2Cl2 (■), and H2O (▲) 

closely match calculated 2 (lines) for dressed Frenkel excitons.23 

The 2 for each oligomer serves as a reliable internal standard and thus, given the solvent, the 

average -stack length in molecular assemblies can be determined, making these values a useful 

standard for PDI assembly work.  Solvents influence the degree of folding and self-assembly, 

and thus alter the experimentally determined molar absorptivity and 2.  Because of complex EC 

and EP coupling, absorbance spectra can change dramatically when solvents or solvent mixtures 

are changed.23 Thus, as shown in Figure 5d, 2 for the perylene oligomer series is significantly 

different between the solvents CHCl3 and CH2Cl2.  When the foldamers are covalently 

functionalized with DNA linkages to allow solubility in water, the difference in HR factor, 2, 

is even more dramatic. 

(d) (a) (b) (c) 
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NMR evidence of -stacking.       For dynamic self-assembled systems such as the -stacks in 

solution, crystallography cannot provide any structural information.  NMR techniques, however, 

become instrumental in providing direct evidence of -stack configurations and dynamics.  

When large PDI units come into close contact, two specific techniques can offer solution 

structural information: neighboring ring-current effect (NRE) and inter-ring NOE. 

Experimental NRE induced chemical shifts.  The first technique to reveal dynamic -stacking 

in solution measures the ring current effect on neighboring aromatic rings.  Experimentally, 

folded aromatic stacks induce distinct unusual chemical shifts in addition to normal aromatic 

resonances.  It is first insightful to compare the 1H-NMR spectra for the novel oligomers as a 

function of n, and we have provided these specta in Figure 6a.  Spectra are obtained from fairly 

dilute concentration (~0.1mM << Ccrit, the critical concentration for self-assembly) so the 

chemical shift  is mostly free from self-assembly effects.  As we have previously shown, the 

perylene protons shift increasingly up-field with increasing n due to increased shielding in the 

larger stacks, and the bay position protons HB shift further than the non-bay position protons HA 

due to increased shielding near the center of the perylene.3, 4  We demonstrate here for the first 

time that for the trimer and beyond, there is a further differentiation,  for perylene on the end 

of the stacks (end-caps) and those in the middle of the stacks (sandwich); we have conveniently 

labeled these as “E” and “S” in Figure 6a.  For 5 and beyond, there is even further  for “double 

sandwich” type perylene and the integration matches the corresponding ratios of each type.  This 

provides insight into the change in 2 for absorbance spectra with increasing n; free, end-cap, 

and sandwich type chromophores presumably have different 2 and the experimental 

measurement is thus a statistical average of each type.  It is also important to note that the 

benzoyl protons do not show any significant  and thus apparently do not participate or 
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interfere in the -stacking.  Additionally, there is some further fine splitting within the end-cap 

and sandwich type peaks; a discussion of their origin is provided in the supporting information. 

Interestingly, the end-cap  continues to asymptotically shift up-field beyond the dimer up to 

about the octamer.  Sharp peaks at RT that do not broaden in low temperature NMR rule out 

shuffling of multiple folded configurations faster than the NMR time-scale.  Thus, the increase in 

end-cap  is caused by a reinforcement of magnetic shielding with increasing n.  The -stack is 

approximately a nanosolenoid, shown in Figure 6b, with a fixed number N of PDI current rings 

per unit length (N = 1/3.5Å).  From the Biot-Savart’s law, the induced magnetic field (Bind) 

inside the solenoid along the -stack axis theoretically approaches Bind = 0·N·Iring as n   

where 0 is the permeability constant and Iring is the induced PDI ring current; theoretical Bind for 

the end-caps at the end of the solenoid approaches ½·0·N·Iring while Bind outside the solenoid is 

much weaker due to current element cancelations.  Experimentally,  in both end-cap and 

sandwich PDIs approaches a maximum at the octamer for both HA and HB protons and (end-

cap) ≈ 0.7·(sandwich), possibly due to stack bending or slipping.  Very few examples of 

reinforcing ring current effects in multiple stacked rings are available due to synthetic 

challenges;24 the unique PDI foldamers here elucidate the solenoidal effect for the first time. 

13C-NMR spectra, shown in Figure 6c, elucidate a more complete induced magnetic field 

cross-section than provided by HA and HB protons only.  13C peaks also shift up-field with 

increasing n, with apparent differentiation between end-cap and sandwich type PDIs.  

Additionally, peaks near the center of the perylene core exhibit the greatest , consistent with 

nanosolenoidal shielding. 
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Figure 6.  (a) Partial 1H-NMR(CDCl3) spectra for selected PDI oligomers 1 (bottom) - 9 (top).  

HA (red), HB (blue), and benzoyl (Bz, green) peaks are labeled for 1.  Selected peaks for end-cap 

or sandwich type PDIs are labeled as “E” or “S” respectively with the number of each type.  

Residual solvent and side-band peaks are also apparent.  (b) PDI -stacks form a nanosolenoid, 

responsible for the reinforcing ring-current effect.  (c)  Partial dilute 13C-NMR spectra for 

selected oligomers show similar (n) for PDI carbon peaks (red) with fixed Bz peaks (green).  

End-cap and sandwich differentiation is evident.  Lables for 1 (red) correspond to the PDI core 

structure and 8= 1 - 8 (blue) shows greatest  near the perylene ring center. 

(a) (b) 

(c) 
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Theoretical ring-current induced chemical shifts.  To validate the NRE, we further use the 

recently developed ring-current theories to calculate the chemical shifts due to additional inter-

molecular shielding.  The variations in the secondary chemical shift, or , for a proton in a 

molecule caused by groups from other molecules surrounding it can be estimated as:25 

Hi = (Ej +anij +rcj)
ji
    

These terms account for electrostatic contributions to the chemical shift (E) due to polar 

groups, effects from anisotropic moieties (ani) such as double bonds or amide groups, and 

shielding arising from aromatic ring currents (rc), respectively.25  The equations used to 

compute the shielding from each term provide a relationship between the spatial arrangement of 

the group or groups causing the shielding perturbation and the shielded proton, and they can thus 

be employed to estimate secondary chemical shifts from molecular structure and vice versa. 

In our systems, the main contributors to intermolecular shielding are the ring currents of the 

PDI ring system, and, to a lesser extent, the electrostatic effects from polar atoms and the 

magnetic anisotropy around the amide groups.  To calculate the chemical shift variations that 

protons HA and HB experience as the number of monomers in the oligomer increases, we built a 

series of molecular models consisting of two, three, four, five, or six PDI units.  In each model, 

the PDI monomers were placed exactly on top of each other, spaced an idealized distance of 3.85 

Å, and perpendicular to the normal of the ring systems connecting their centers. To compute the 

secondary chemical shift of protons in one of the PDI monomers only the contributions of 

aromatic rings, amide groups, and polar atoms of the remaining monomers were taken into 

account, as only groups belonging to neighboring PDI systems can have an effect on the 

secondary shift of these protons. 
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The results obtained for equivalent protons of all monomers in the oligomers were then 

averaged to obtain an estimate of their experimental  in solution.  For example, to calculate the 

 of the HB protons in the PDI trimer, the of the HB protons in one monomer were computed 

taking into account the aromatic rings and amide groups of the remaining two.  The process was 

repeated for the HB protons of the other monomers, and all the calculated  values were then 

averaged to obtain the estimate of the secondary chemical shift for the HB proton in solution.  An 

identical approach was followed to calculate the  for HA and HB in the other oligomers 

studied. These results are presented in Table 4 together with the observed secondary shifts for 

comparison. The calculated secondary chemical shifts agree rather well with the experimental 

observation for the HA and HB protons in all the folded oligomers. 

Table 4. Comparison between experimental and calculated  for HA and HB. 

HA  HB  
Molecule 

Calculated Experimental Calculated Experimental 

Dimer -0.325 -0.311 -0.479 -0.510 

Trimer -0.562 -0.526 -0.805 -0.795 

Tetramer -0.729 -0.651 -1.025 -0.976 

Pentamer -0.850 -0.701 -1.180 -1.010 

Hexamer -0.902 -0.743 -1.242 -1.060 
 

Inter-ring NOE. In principle, when two molecules self-assemble into a new nanostructure, NOE 

experiments should be able to measure the intermolecular spacing.  In practice, however, this is 

very difficult because these molecules in solution rarely remain static and their dynamic nature 

produces a solution averaged intermolecular spacing that is usually beyond NOE sensitivity 

range.  To limit such solution dynamics, and to alleviate the difficulty of measuring NOE for 

systems with symmetry related protons we decided to measure the intermolecular spacing 

between hetero-PDI units in a macrocyclic dimer.  The chosen dimer contains a planar PDI unit 
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and a nearly planar 1,7-dicyano PDI unit, linked together by two phosphodiester groups via four 

tetraethylene glycol chains. Since many of the protons from both PDI units were well separated 

at 600 MHz we decided to use the 1-Dimensional DPFGSE NOESY experiment to measure 

detectable NOE between the PDI units.26  The results for a 0.1 mM solution of the 1,7-dicyano 

PDI in CDCl3 clearly show that the two ring systems are spatially proximal supporting the 

formation of a -stacked structure.  
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Figure 7.  (a) Asymmetric cyclic dimer structure with planar unsubstituted PDI and nearly 

planar 1,7-dicyano-substituted PDI remains mostly folded as detected by 1D DPFGSE NOESY 

measurements.  (b) 1D DPFGSE NOESY (0.5 s mixing time) spectrum displays weak NOE 

between the HB protons of the unsubstituted PDI unit and the HC, HD, and HE proton of the 

dicyano-substituted PDI unit providing evidence that the dynamically averaged distance between 

the two aromatic systems is between 3.5 to 5 Å.  Expected strong correlation with covalently 

linked protons HA is also evident. (c) Most likely stacking configuration as determined by NOE 

measurements. 

(a) 

(b) (c) 
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In the 1D Double Pulse Field Gradient Spin Echo (DPFGSE) NOESY experiments, the bay 

proton HB was selectively inverted using a pair of Q3 gaussian cascade 180 degree pulses flanked 

by pulsed field gradients.23, 26b, 27  The selectively inverted spin was allowed to cross relax 

through space with neighboring spins and showed strong NOE even at short mixing times (50 

ms) with the outer protons HA. The NOE between the HA and HB protons was negative indicating 

the overall correlation time for the 1,764 MW molecule was greater than 1.8 ns at 22 deg C.  To 

rule out aggregation the experiment was repeated at 0.05 mM and the results were identical at the 

lower concentration.  Aggregation was also ruled out via comparing the chemical shifts of the HA 

and HB protons with values taken from previous aggregation studies of the unsubstituted cyclic 

dimer.7 At longer mixing times (500 ms to 1,500 ms) the bay HB protons on the unsubstituted 

PDI unit also began to show weak NOE to the HC, HD, and HE protons on the dicyano-substituted 

PDI unit.  The corollary experiment was also performed whereby HC on the dicyano PDI was 

selectively inverted and weak NOE of similar magnitude was observed to the HA and HB protons. 

Weak NOE occurs when the protons are separated by ~4-5 Å indicating that the planar PDI unit 

and the nearly planar cyano-substituted PDI units come quite close to each other for a significant 

amount of time.  -stacking would bring the aromatic units into close enough proximity for NOE 

to be observed between the PDI units.  The weak NOEs seen between the two PDI rings are of 

the same sign as the NOE observed between the HA and HB protons and cannot arise from any 

relayed NOE mechanism. When the planar PDI unit and the nearly planar cyano-substituted PDI 

unit are parallel and separated by 3.4 Å and rotated 30 degrees with respect to each other, the 

calculated distances are 3.5-3.9 Å between HB and HC, ~4.4 Å between HB and HD, and ~5.4 Å 

between HB and HE.  These modeled inter-ring distances corroborate with the predicted -

stacked structures. 
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Theoretical calculation of the -stacked PDI dimer and trimer.  In order to further 

understand the stacking structure, theoretical calculations were performed for the PDI dimer and 

trimer.  First, a series of ab initio single point energy calculations were performed on the PDI 

dimer at varying intermolecular distances d and rotational displacements .  The parallel dimer 

was constructed from the monomer: Cartesian coordinates and the X and Y coordinates of each 

monomer in the dimer were identical, while the intermolecular distance, d, along the Z-axis was 

varied (Figure 8).  Next, an interaction energy curve for the parallel dimer was constructed using 

the MP2 level of theory and 6-31G* basis set.  The minimum energy in the curve occurred at 

~3.45 Å, corresponding to an interaction energy of -26 kcal/mol.  Although the energy minimum 

overestimates the interaction strength, the intermolecular spacing agrees with experimental 

crystallographic data of -stacking.28 

 

Figure 8.  HF interaction energy potential of parallel PDI dimer as a function of intermolecular 

distance d shows no minimum, but MP2 reveals an energy minimum at d = 3.45Å. 

Next, rotation along the axis passing through the centers of both units in the dimer was 

investigated; one PDI unit was rotated around the axis and the dimer stabilization energy was 

calculated at strategic angles.  The calculations reveal two energy minima and two maxima.  The 

deepest minimum occurs when one monomer is rotated by 30 degrees relative to the other 
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monomer, yielding an increase in interaction energy of -9 kcal/mol.  The other is a shallow 

minimum where the two molecules are perpendicular to each other.  The two maxima occur 

when the PDIs are parallel or when  ≈ 60 degrees. 

    

Figure 9.  (a)  MP2 interaction energies of parallel rotated PDI dimer as a function of rotation 

angle .  The intermolecular distance d was fixed at 3.45Å.  The minimum at 30 lies ~9 

kcal/mol below the parallel dimer minimum (Figure 8).  Another shallow minimum is observed 

at 90.  (b) Structures for 1,3-eclipsed and helical trimer configurations; calculations show less 

than 0.2kcal/mol difference between the two configurations. 

Now that the energy-minimized folded dimer structure emerges, what are the favorable 

solution structures for the higher folded oligomers?  To visualize the stacked structures, we only 

need to address how a single PDI unit will orient when it is added to the optimized dimer.  The 

new PDI unit can rotate 30 degrees in both directions to form either a 1,3-eclipsed or a helical 

trimer structure (Figure 9b).  Calculations reveal the energetic difference between the helical and 

1,3-eclipsed trimer is less than 0.2 kcal/mol.  Thus, both orientations should be equally stable 

and rapidly interchange in solution at room temperature. 

Similarly rotated configurations have been measured in single PDI crystals by X-ray 

crystallography; for instance the crystal structure for N,N-diethyl PDI exhibits two 

(a) (b) 1,3 eclipsed helical 
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crystallographically independent stacks where the cofacial neighbors are rotated by 31 in either 

an “all trans” or “gauche” configuration.28  At least two other rotated PDI structures have been 

reported by crystallographic measurements with similar rotation angle.29  However, the stacking 

motif of PDIs in solid state is sensitive to imide substitution, and a plethora of structures have 

been reported with varying rotation, stacking distance, and longitudinal and/or transverse 

offset.28  The dynamic rotated helical or eclipsed stacks calculated here, experimentally 

supported by NMR measurement, provide instructive insight into the solution phase transition 

dipole alignment, resulting in Gaussian S instead of strict H- or J- type transitions as predicted 

by the EC model.  The rotated configurations also enlighten the nuances in NRE chemical 

shifts23 and the observed reaction-directing molecular encoding by self-folding and self-assembly 

of PDI oligomers.7 

Conclusion 

Activating one functional group while protecting the other in a single molecular building block 

provides the working strategy to grow polymer chains with controlled sequences.  DMTr 

protection and phosphoramidite activation is an effective pair to synthesize polymers containing 

versatile monomeric units such as biologically functional DNA sequences or optically active 

chromophores.  FTICR revealed the exact masses of these sequence-controlled oligomers, 

confirming the chemical composition and validating the synthetic strategy.  The self-folded PDI 

oligomers revealed the electron-phonon coupling is much stronger than the excitonic coupling; 

thus Franck-Condon factors dictate the observed absorption spectral features.  Coupled exciton 

model along with the simplified H- and J-aggregates was found to be inadequate to explain the 

observed intensity reversal in the optical absorption.  Both NOE and NRE NMR experiments 

indicated -folding in chromophoric oligomers.  The cyclic hetero-chromophoric dimer supports 
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the near crystalline -stacking distance of about 3.5 Å.  The fact that NOE was observed in 

cyclic hetero-chromophoric dimer rather than linear hetero-chromophoric dimer hints at the 

dynamic nature of these systems.  Finally, ab initio calculations support the experimental 

observations, indicating a 3.5-Å-intermolecular-spacing dimer, in which one molecule is rotated 

30 degrees from the eclipsed position.  Calculations also reveal that higher oligomers can adopt, 

without compensating energy penalty, either the right/left-handed helixes or the 1,3-eclipsed 

structures, hinting at solution dynamics among folded chromophores, changing both r and .  

These unique foldamers are ideal models that provide valuable insight into chromophoric array 

energy transfer, -stack hypochromism, nano-solenoidal shielding, and directing molecular 

codes that would otherwise be difficult to study. 
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SUPPORTING INFORMATION 

Further Discussions about Absorbance Spectra.  HR factors 2 depend on the intermolecular 

self-assembly equilibrium constant (KSA), the intramolecular folding equilibrium (Kfold) and the 

energy minimized distance (dmin); all are a function of the solvophobic influenced  

stacking force; i.e. 2 = f(Kfold, KSA, dmin).  Strengthening the solvophobicity concomitantly 

increases Kfold and KSA; however changes in the absorbance due to intermolecular self-assembly 

can be removed by ensuring the concentration is below the critical concentration Ccrit, where the 

absorbance spectral shape depends on concentration.  Can the -stack distance dmin be driven 

shorter with solvophobicity?  It is difficult to experimentally separate Kfold and dmin as increasing 

Kfold can result in the same spectral changes as decreasing dmin.  However, the steep electron 

repulsive forces below d = 3.35Å likely does not allow much change in dmin. 

     Can S of PDIs be increased and driven into the strong exciton-coupling regime by increasing 

solvophobicity?  Methanol promotes solvophobic driven folding and self-assembly; increasing 

the CH3OH:CH2Cl2 ratio for 1M solutions of the folded tetramer 4 causes further self-

organization as shown in Figure S1a.  Initially, the addition of methanol only increases 2, while 

maintaining the same spectral shape with minimum shift in peak position or width.  Later, when 

the methanol component is substantial, the absorption spectra lose their well-resolved vibronic 

bands and new red-shifted peaks form, a sign that excitonic interactions may have caught up with 

or surpassed the EP coupling energy (S ≥ 20).  However, the coupled exciton model still 

cannot be fully-applied here because the transition dipole remains the same and the band width 

may only approach a maximum 625 cm-1 when the assembly has infinite number of molecules 
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(N ∞).  It is important to note that the experimental change in spectral shape only occurs upon 

the formation of 3D molecular aggregates, as determined by light-scattering, indicating the new 

spectral changes may be due to new 3D interactions instead of 1D stacking.  Note the EC model 

was derived for 1D only.  To further investigate this phenomena, the absorbance was monitored 

as a function of concentration in a fixed CH3OH:CHCl3 3:1 solution (Figure S1b).  At all 

concentrations below the concentration for transition from 1D assemblies to 2D/3D aggregates, 

C1D3D, the spectral shape does not change.  However, above C1D3D, the spectra lose their well-

resolved vibronic bands as molecular aggregates form; this new shape has never been observed 

in the free folded oligomers regardless of solvent. 

     The aggregated spectra are similar to the thin film absorbance of the perylene monomer as 

shown in Figure S1c, where 3D molecular aggregates are dominant.  It is apparent that the new 

peaks at 470, 560, and 605 nm are the result of new nanostructures, mostly 3D, producing new 0-

0’ transitions.  This is further supported by comparing the thin-film absorbance of various bay-

substituted monomers which variably frustrate -stacking by inducing a dihedral twist of angle 

.7  The aggregated peaks at 470, 560, and 605 nm are present in the planar unsubstituted 

perylene 1, while entirely absent in the highly twisted Cl4 substituted perylene.  Intermediately 

twisted Br- and Br2- substituted perylene fall between the extremes.  However, there is a 

difference in 2 for Cl4-substituted perylene thin-film (2 = 0.95) compared to the free monomer 

(2 = 0.70) indicating EP coupling is present in the aggregate.6 
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Figure S1.  Absorbance spectra reveal a new spectral shape for the planar PDI oligomers upon 

aggregation. (a) Tetramer 4 at 1M in MeOH:CH2Cl2 solutions at various percentage of MeOH. 

(b) Tetramer 4 concentration increases in 3:1 MeOH:CHCl3 solutions. (c) Thin-film absorbance 

for variously twisted monomers with dihedral twist angle . 

             

Figure S2.  (a) HR factor 2 for dimer 2 in chlorobenzene as a function of temperature.  (b)  

Absorbance spectra for 2 shows dramatic intensity reversal between 0 and 100C.  (c) Folding 

equilibrium. 

Finally, it is instructive to demonstrate that Kfold and 2 are also a function of temperature.  We 

previously showed for the linear dimer in tetrachloroethane that Kfold could be manipulated 

between approximately 2 and 20 by variable temperature.3  Here we demonstrate that 

chlorobenzene is an even move favorable solvent for the unfolded state, where 2 varies from 0.8 

(a) (b) (c) 

(a) (b) 
(c) 

% MeOH 

K fold 
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to 1.1 between 0-100C, with Kfold between 1.3 and 8.2 (Figure S2).  This is important for three 

reasons. First, it shows the energy of the S0-S1 electronic transition does not change during -

stacking, corroborating small S.  Second, it confirms A0-0’/A0-1’ vibronic reversal even occurs 

with just two stacked PDIs, ruling out an increase in DS proportional to n-1/n.  Finally, it 

demonstrates the foldamers are almost completely folded in CH2Cl2 at RT.   

Coherence length.  A fundamental question remains: how many PDIs are coupled at the instant 

of photon absorption?  Are the PDIs merely Frenkel excitons vibronically coupled to their 

immediate neighbors (vibronically dressed Frenkel excitons)S1 or is the absorbing chromophore 

electronically or phononically coupled far into the stack? If the absorbing PDI were strongly 

electronically coupled, EC theory predicts the change in the peak ratio should increase greatly 

(>>1) with increasing n because the 526nm peak should completely disappear with absence of 

the uncoupled monomer.  In contrast, if the excitation is merely a Frenkel exciton vibronically 

coupled only to its immediate neighbors, then the 2 would consist of a statistical average of end-

cap and sandwich type PDIs.  Thus, using the dimer and trimer peak ratios to calculate 2 for the 

end-cap and sandwich dyes, 2 for all further oligomers can be calculated.  Alternatively, if the 

absorbing PDI is vibronically coupled beyond its nearest neighbors, then the stack must be 

vibronically synchronized, and an individual PDI will be influenced by the number of PDIs that 

are within the vibronic coherence length.  As more deeply stacked PDIs will have increasing 

Franck-Condon offset, the change in peak ratio would be intermediate between dressed Frenkel 

exciton and EC cases. The calculated 2 values are provided in Table S1 and compared to the 

experimental 2.  It is immediately apparent strong EC can not account for the experimental 

values because 2 is not >>1.  Interestingly, the experimental values closely match the dressed 
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Frenkel exciton values; thus, vibronic coupling apparently does not extend far beyond the 

absorbing chromophore’s nearest neighbors. 

Table S1.  Predicted vs. Experimental HR factors 
n Dressed 

Frenkel 
Excitons* 

Expt. 2 

1 0.62 0.61 
2 1.07 1.07 
3 1.22 1.22 
4 1.30 1.28 
5 1.34 1.34 
6 1.37 1.36 
7 1.39 1.38 
8 1.41 1.40 
9 1.42 1.41 
10 1.43 1.42 

* 2
n-mer = (22

dimer+(n-2)(32
trimer-22

dimer))/n 
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Figure S3.  Partial 1H-NMR spectra for 1-4, & 6 showing  for PDI HA protons.  MMFF94 

energy minimized structures are shown for the dimer 2 and trimer 3 (eclipsed and helical) 

emphasizing “in” (red) and “out” (blue) HA protons.  For monomer 1, HA protons are only split 

by HB protons, and no differentiation is observed due to asymmetry of the benzoyl protecting 

group.  For the dimer 2, there are 4 sets of HA protons with two nearly identical sets ( = 8.325) 

and two slightly different sets ( = 8.365,  = 8.375).  For trimer 3, a similar pattern is observed 

for the two end-cap PDIs ( = 8.168, 8.172,  = 8.13) while the sandwich PDI ( = 8.088) shows 

no finer splitting.  The trend continues for the tetramer 4 while hexamer 6 begins to show 

splitting in the sandwich PDIs but not the double-sandwich PDIs.  The fine splitting may be 

caused by one or more of the following: 1) complex equilibria in rotational angle and off-set; 2) 

diastereoisomerism caused by stereocenters at phosphotriester linkages and helical stacks; 3) 
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statistical distribution between helical and eclipsed structures; and 4) TEG-OBz/ -OH/ -OP 

functional group asymmetry.  However, the sharp peaks are indicative of well-defined 

nanostructures and not loosely shuffling polymers.  Regardless of finer splitting nuances, the 

“sandwich” type PDIs exhibit the greatest shielding and the greatest up-field shift; the “end-cap” 

PDIs are the furthest down-field, consistent with solenoidal shielding. 

 

Figure S4.  1H-NMR spectrum for macrocyclic dimer used for 1D DPFGSE NOESY 

experiments in the main text. 

Supporting references 

(S1) Provencher, F.; Laprade, J.-F.; Cote, M.; Silva, C. Phys. Stat. Sol. 2009, 6, 93-96. 
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CHAPTER 3 

EXCITED STATE DYNAMICS OF PERYLENE DIIMIDE FOLDAMER -STACKS: 

TO DELOCALIZE OR NOT TO DELOCALIZE? 

Andrew D. Shaller, Wei Wang, Zheming Wang, Haiyang Gan, Aixio Li, Alexander D. Q. Li* 

Washington State University, Pullman, WA 99164 
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figure 12c. 

 

Abstract 

  Unique -stacking perylenetetracarboxylic diimide (PDI) foldable polymers have been 

investigated for their excited state properties.  Excitation is limited to a single chromophore, or 

Frenkel type exciton, which then may either delocalize across two to four chromophores, travel 

along the stack until emitting -stack emission, or result in -stack disruption and monomer-like 

emission.  Architecturally constrained cyclic and concatenated structures corroborate the photo-
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induced unfolding model.  Excitation spectra reveal -stack emission primarily results from 

excitation of coupled PDIs while monomer-like emission primarily results from excitation of 

uncoupled PDIs.  Cyclic heterodimers containing planar unsubstituted and twisted bay-

substituted PDIs reveal that delocalization over two chromophores only occurs when they have 

complimentary -surfaces and can form close-contact -stacks such as nearly planar pairs.  The 

composition and properties of the -stack emission is discussed.  -stack stimulated emission is 

also investigated by amplified spontaneous emission (ASE). 

Introduction 

The transport of energy following photo-excitation through conductive polymers, between 

chromophores via intermolecular Förster, Dexter, or radiative type mechanisms, or along DNA 

molecular wires has been well studied.1-4  However, excited state formation, development, and 

transport in -stacked aromatic systems is still not fully understood.5-9  Such knowledge is 

necessary to appreciate and utilize in the design of organic photovoltaics and molecular wires or 

in the mimic of photosynthesis for light harvesting.10  Perylene tetracarboxylic diimides (PDIs) 

serve as ideal systems to study -stack energy transfer due to their propensity to self-assemble in 

solution, their high molar absorptivity and quantum yields, high photostability, and ease of 

synthetic modification via substitution in the imide or bay positions.11  We have previously 

capitalized on these advantageous features to design a family of exquisite architecturally diverse 

PDIs, which spontaneously fold or assemble into unique, well-defined -stacks and we have 

measured their interaction strength, their ability to perform molecular recognition, and their 

signature spectroscopic characteristics upon assembly or folding.12-19  

In Chapter 2, the fundamental properties of PDI -stacks in the solution phase ground state 

were detailed for a series of foldable PDI oligomers with structures for monomer 1 through 
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hexamer 6 shown in Figure 1a.20  We reported that the ground-state perylene units are strongly 

vibronically coupled, but not strongly electronically coupled.  Such interaction is characterized 

by a dramatic reversal in Franck-Condon factors in the absorbance A0-0’ and A0-1’ vibronic bands 

of the HOMO-LUMO transition and a broadening of the same bands caused by weak electronic 

-stack splitting (S).  This is consistent with Frenkel type excitations to individual PDIs within 

the -stack.  The folded ground state configuration was also calculated by ab initio methods and 

experimentally confirmed by complementary NMR methods, where it was discovered the PDIs 

likely fold cofacially, rotated 30 degree from eclipsed, resulting in 1,3-eclipsed or helical -

stacks, shown in Figure 1b.  However, the excited state dynamics were excluded due to the shear 

volume of ground state discussion, and thus we continue the excited state dynamics here. 

The formation of an excimer-like state or pre-formed excimer in self-assembled or folded PDIs 

is well known, with the distinction from plain excimers because the PDIs are already assembled 

in the ground state as experimentally determined by UV/Vis and NMR spectroscopy.  However, 

the characteristic spectral -stack emission has been most frequently reported for self-assembled 

monomers or folded polymer systems where the number of -stacked PDIs is mixed or 

ambiguous.21  We recently used single molecule techniques to probe the excited state dynamics 

of architecturally diverse but well-defined cyclic dimers and catenated tetramers to elucidate a 

photo-induced unfolding mechanism while also determining Frenkel excitations may delocalize 

across two to four PDI units.22  Here, we use thorough ensemble analysis including steady-state 

absorbance, excitation, and emission spectra and Amplified Spontaeous Emission (ASE) to 

further illuminate the excited state dynamics in an entire family of PDI foldamers.  The key 

question to be revealed here is that upon photoexcitation, will the excitation energy delocalize 

dynamically over the PDI stack or localize within a single chromophore? 
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Figure 1.  (a) Linear folded oligomers monomer 1 through hexamer 6 (n = 1 to 6) form -

stacked nano-structures in solution, adopting dynamic helical or eclipsed structures.  (b)  Energy 

minimized hexamer 6 in the helical configuration. 

Experimental procedures 

We previously reported the preparation of the monomer 1 and foldable oligomers dimer to 

hexamer (2-6) based on the foldable block of Bis-N, N’-(2-(2-(2-(2-hydroxy ethoxy)ethoxy) 

ethoxy) ethyl) perylene tetracarboxylic diimide.13 We also previously reported the synthesis of 

disulfide linked cyclic dimer 7 and concatenated tetramer 8,15 heterchromophoric cyclic dimers 

9-14,18 variably twisted monomers 15-19,18 and Cl4-substituted dimers 20 and 21.17  Synthesis of 

PDI-DNA hybrid oligomers is detailed in Chapter 8.  

Solvents were purchased from Sigma-Aldrich and used without further purification.  Steady-

state absorption measurements were performed with a Variam Cary 100 spectrophotometer.  

Steady-state emission and excitation spectra were recorded with a SPEX Fluorolog-3-21 

spectrofluorometer.  Standard 1 cm quartz cuvettes were used for all absorption and emission 

measurements except for high concentration (>10-5M) absorption measurements using short-path 

quartz cuvettes. 

a) b) 

1- 6 



 59

ASE excitation was from a pulsed dye laser tunable from 490-550 nm.  Emission was 

attenuated with neutral density filters and focused into a narrow horizontal line which was 

aligned with the inside edge of a 1cm cuvette.  Emission was detected perpendicular to the 

excitation direction using an APD from Roper Scientific.  Special precautions were taken to 

ensure fresh areas of neutral density filters were used due to hole burning after significant use.  

Also, for variable power and concentration measurements, emission detection alignment was 

optimized for highest intensity density, which shifts towards or away from the cuvette face due 

to self-absorption effects. 

Results and Discussion 

The ground state.  Before discussing the -stack excited state, it is first instructive to briefly 

review the -stack ground state which is detailed in Chapter 2.20  For free PDI monomer 1, the 

first allowed -* transition (S0 – S1) is the only one with significant absorption in the visible 

spectrum with an absorption maximum at 524nm, well separated from the next electronic 

transition (S0-S2) at 370nm.  Strong electronic-vibronic coupling to a dominant ring-breathing 

mode causes the HOMO-LUMO transition to couple to multiple vibronic transitions labeled as 

A0-0’, A0-1’, etc. in the monomer absorbance spectrum, Figure 2a. 

The absorbance spectra of folded PDI oligomers 2-6 (Figure 2a) are similar to the monomer 1 

with the following notable exceptions: first, the most obvious difference is the dramatic intensity 

reversal between the A0-0’ and A0-1’ vibrational peaks due to a change in Franck-Condon factors 

as explained by the displaced harmonic oscillator model.  This change in ratio A0-0’ / A0-1’, 

approximately equal to the Huang-Rhys (HR) factor, increases asymptotically with increasing 

number of chromophores (n) in the -stack, even past the hexamer.  The second major difference 
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is the broadening of the absorbance peaks, caused by weak electronic -stack splitting (S) in the 

dynamic -stack valence and conduction bands.  In contrast, the peak wavelengths max remain 

nearly fixed (Table 1), red-shifting only 2-3nm in the dimer and higher PDI oligomers, indicating 

the S0-S1 electronic transition energy has not changed much in the stacked and vibronically 

coupled PDIs.  The asymptotic increase in HR factor for folded oligomers is due to electron-

phonon coupling with immediately adjacent PDIs only, referred to as “dressed” Frenkel excitons.  

Thus, the observed absorbance spectrum is a statistical representation of absorbance by PDIs on 

either end of the -stack (end-cap) and PDIs in the middle of the stack (sandwich) where the HR 

factor approaches the sandwich PDIs’ HR factor as n  . 

The excited state.  Upon examining the emission spectra for PDI monomer 1 and oligomers 2-6 

in Figure 2b, several important features stand out.  First, the monomer emission is nearly a 

mirror image of its absorbance spectrum, revealing the ground and excited state potential-well 

shapes are similar.  Second, the same green monomer-like peaks remain in the spectra for all 

higher oligomers and do not mirror the Franck-Condon intensity reversal seen in the absorbance 

spectra.  This hints that green emission does not occur directly from a simple relaxed excited 

state but from a new monomer-like excited state.  Third, a red-shifted broad emission feature, or 

-stack emission, is present which grows in intensity relative to the monomer-like emission with 

increasing n due to a statistical increase in sandwich versus end-cap PDIs.  Sandwich PDIs are 

more likely to remain coupled, resulting in increased -stack emission.  Finally, a shift in -stack 

emission wavelength Fl
1, measured as  Fl

0’-0 - Fl
1, initially increases from the dimer 2 to 

the trimer 3 with slightly further increase for the tetramer 4 after which no further shift is seen.  

This indicates the excited state delocalizes across a maximum four planar PDIs, and the origin of 

both -stack emissions are electronic in nature, not the result of electron-phonon coupling.22 
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Figure 2. (a) Absorbance and (b) fluorescence spectra (Ex = 490 nm) for free monomer 1 and 

folded oligomers 2-6 (CHCl3).  Absorbance peak width and ratio A0-1’ / A0-0’ (≈ HR factor) 

asymptotically increase even beyond the hexamer 6, while shift in -stack emission, -stack, 

changes no further beyond the tetramer 4.  Spectra are normalized to the A0-0’ (Fl0’-0) peaks to 

clarify relative peak ratio. 

Excitation spectra provide further insight into the excited state dynamics.  Since there are two 

types of emission (monomer-like and -stack) excitation spectra were measured for all four 

emission peaks (summarized in Table 1).  Convincingly, all oligomers exhibit nearly identical 

spectral shapes, with two major types: excitation leading to monomer-like emission (Figure 3a) 

and excitation resulting in -stack emission (Figure 3b).23  The excitation spectral shape for 

green monomer-like emission is identical regardless of Fl0’-0 or Fl0’-1 emission and is nearly 

identical from monomer 1 through hexamer 6.  Likewise, -stack excitation spectra are invariant 

to selected -stack peak and are very similar between oligomers, with exceptions for monomer 1 

because there is no -stack (concentration << critical concentration for self-assembly, Ccrit) and 

dimer 2 because there is significant monomer emission Fl0’-2 intensity at the relatively weak -

a) b) 



 62

stack emission wavelength (em
1 = 624nm).  There is also a slight differentiation in vibronic 

structure in the excitation Ex0-1’ and Ex0-2’ vibrational bands. 

Excitation spectra reveal that -stack emission mostly results from excitation of vibronically 

coupled PDIs, with large vibronic intensity reversal and broad excitation peaks due to dynamic 

S.  In contrast, green monomer-like emission results mostly from excitation of decoupled PDIs, 

with narrow excitation peaks identical to the pure monomer.  Thus, PDIs uncoupled at the 

moment of excitation apparently do not result in delocalized -stack emission.   This is opposite 

as for common excimers, which are not stacked in the ground state but associate and delocalize 

following excitation. 

Table 1.  Absorbance and Emission peaks for oligomers 1-6. 
n Abs

0-

1’ 
(nm) 

Abs
0-

0’ 
(nm) 

E0-1’-E0-0’  
(kcal/mol) 

Fl
0’-0 

(nm) 
Fl

 0’-1 
(nm) 

Fl
1 

(nm) 
Fl

2 
(nm) 

E0-0’-E1  
(kcal/mol) 

E1-
E2  

(cm-1) 

1 489 526 4.11 532 575 No -stack emission 

2 493 528 3.84 532 575 624 shoulder 7.92 - 

3 493 528 3.84 532 575 636 652 (sh) 8.79 386 

4 493 528 3.84 532 575 639 652 (sh) 9.00 374 

5 493 528 3.84 532 575 639 652 (sh) 9.00 374 

6 493 528 3.84 532 575 639 652 (sh) 9.00 374 
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Figure 3.  Excitation spectra for monomer 1 and oligomers 2-6 with (a) emission detected at 

575nm (Fl0’-1) and (b) emission detected at 653nm (Fl2).  Inset: Arrows indicate emission peaks 

that result in identical excitation spectra.  

           

Figure 4. (a) Monomer 1 excitation spectrum, em=575nm, (red) and (b) hexamer 6 -stack 

excitation spectrum, em=653nm, (red) compared to their respective absorbance spectra (blue). 

Monomer 1 and hexamer 6 exhibit similar but not identical excitation spectral overlap with 

their respective absorbance spectra (Figure 4).  Differences between absorbance and excitation 

spectra usually indicate two or more species absorbing and emitting fluorescence.  In the case of 

the pure monomer 1, the excitation spectrum is nearly identical to its absorbance spectrum, 

except the Ex0-1’ peak is relatively larger than the A0-1’ peak, which is advantageous for 488nm 

a) b) 

a) b) 
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Ar ion laser excitation.  This is interesting since no other vibronic peaks (A0-2’ or A0-3’) show 

similar enhancement. 

In the hexamer, absorbanceand -stack excitation spectra are again similar, except the Ex0-0’ 

peak has lower relative intensity compared to the A0-0’ peak and the Ex0-2’ peak is more defined 

than the A0-2’ peak.  However, both spectra exhibit broadened peaks and Franck-Condon 

enhancement of the A0-1’ peak, evidence that the -stack emission results from excitation of 

strongly vibronically coupled ground-state PDIs. 

We now introduce a complete model in Figure 5 explaining the excited state dynamics in PDI 

-stacked foldamers consistent with the experimental NMR, absorbance, emission, and 

excitation spectra.  In the ground state, the PDIs are folded and stacked, exhibiting dynamic 

vibronic (strong) and electronic (weak) coupling.  At the instant of photon absorption, 

sufficiently coupled PDIs are singly excited to the locally excited (LE) or Franck Condon state, 

followed by immediate transition to a lower-energy delocalized state encompassing up to four 

stacked chromophores, eventually resulting in red -stack emission.  Uncoupled ground-state 

PDIs may also absorb photons and emit green monomer-like emission. 

Can photo-excitation cause the -stack to unfold?  We have previously shown for dimer 2 and 

tetramer 4 there is a greater percentage of PDIs emitting green monomer-like emission than the 

percentage of ground-state unfolded PDIs as determined by absorbance and NMR.22  The data is 

consistent with photo-induced disruption, where excitation may “decouple” the phonon 

interactions between adjacent chromophores, but not necessarily unfold the polymer, enough to 

disrupt -stacking resulting in relatively higher green monomer-like emission intensity.  Time-

resolved measurements show an even larger increase in monomer population, suggesting that 
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under pulsed laser excitation, the photons that disrupted the stack are also responsible for 

increased green emission.22 

 

Figure 5.  Proposed model for PDI -stack excited state dynamics.  Absorbance spectra show 

PDI oligomers are stacked in the ground state with weak electronic but strong EP coupling.  

Excitation of a single PDI to the locally excited (LE) state produces a Frenkel type exciton, 

capable of traveling along the -stack.  The exciton may then delocalize across up to four PDI 

units and travel along the -stack, eventually resulting in a -stack emission.  Alternatively, the 

-stack may decouple, resulting in a monomer-like emission.   

What could cause excited-state decoupling?  The folding free energy Gfold for planar PDIs is 

approximately -2.4 kcal/mol in CHCl3.
18  The vibrational energy difference, A0-1’ - A0-0’ = 3.8 

kcal/mol, is converted to thermal energy via internal conversion following excitation (Figure 6).  

This excess thermal energy is greater than Gfold and thus may result in photo-induced 

uncoupling or unfolding.  Additionally, red -stack emission is considerably lower in energy 
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than the green monomer-like emission, with a difference of 9.0 kcal/mol.  This additional energy 

is distributed as molecular vibrations upon photoemission with more than sufficient energy to 

disrupt -stacking, so it is likely that -stack emission also results in an increase in ground state 

unfolded oligomers.  Thus, steady-state photoexcitation results in an increased percentage of 

unvibronically coupled PDIs.  At higher excitation intensities relevant to single molecule 

experiments or pulsed laser time-resolved experiments, simultaneous excitations may occur 

within the same stack, resulting in singlet-singlet anhiliation, providing a 55 kcal/mol energy 

burst capable of exploding the -stack.  

 

Figure 6.  Absorbance (red) and fluorescence (blue) spectra for hexamer 6 in CHCl3.  The 

energy difference between the A0-0’ (528nm) and A0-1’ (493nm) peaks is 3.8 kcal/mol, sufficient 

to disrupt the -stacking force = 2.4 kcal/mol.  Similarly, the difference between the Fl0-0’ and 

Fl1 peak is 9.0 kcal/mol, resulting in -stack emission contribution to photo-induced unfolding. 

To further investigate the excitation phenomena, we next compare the absorbance coefficients 

and fluorescent quantum yields fl for stacked oligomers 1-6.  As we have previously described, 

the integrated absorbance i coefficient is the best measure for oligomer absorbance comparison.  

i values exhibit hypochromic behavior compared to the monomer, however i scales nearly 
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linearly with nevidence there is typically only one excitation per -stack at the low excitation 

power used for absorption measurements.  The fluorescent quantum yield is ~1 for the monomer 

1 but diminishes quickly with increasing n as shown in Figure 7a.  The drop-off in fl with 

increasing n is mostly due to relatively less green monomer-like emission while the red -stack 

emission fl remains mostly invariant beyond the trimer. The decrease in fl due to PDI -

stacking is well-documented and is attributed to non-radiative internal conversion.24  Low 

temperatures (-90C) limit non-radiative pathways and these PDI oligomers exhibit strong -stack 

emission, shown in Figure 7b. 

              
Figure 7.  (a) Molar absorptivity for the A0-0’ and A0-1’ vibrational peaks and fluorescent 

quantum yield fl for stacked linear oligomers 1-6.  Absorbance coefficients scale sub-linearly 

due to peak broadening and change in HR factor with increasing n.  fl is near 1 for the monomer 

and drops quickly with increasing n, approaching a minimum around 10% for 3 and beyond. (b) 

At RT, 5 exhibits little fluorescence (CH2Cl2).  However, at -90C, the -stack emission is 

greatly increased.  This indicates delocalization at RT occurs more frequently than indicated by 

fluorescence intensity alone; the delocalized states are mostly just destroyed by vibration (heat). 

We previously examined the fluorescent properties of exotic disulfide-linked cyclic dimer 7 

and concatenated tetramer 8 using single molecule and ensemble analysis.22  We found the cyclic 

a) b) 
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structures are unable to unfold in the same manner as the linear PDI oligomers, and thus exhibit 

relatively greater -stack emission than their linear counter-parts. 

     

Figure 8.  Cyclic planar PDI dimer 7 and concatenated dimer-dimer rings 8 exhibit greater 

relative -stack emission than their linear counterparts 2 and 4 due to constrained architectures. 

In contrast to the readily delocalized excitations within cyclic planar homodimers 7 and 8, 

emission properties of similar cyclic twisted heterodimers 9-14 made from a planar PDI and 

variable twisted PDI units (Figure 9) dampen the delocalization pathway.  Substitutions in the 

perylene “bay” positions cause the PDI units to twist dihedrally out of plane, frustrating -

stacking and decreasing vibronic coupling between differently twisted units.  It has been pointed 

out by others that -stack emission in thin films is only seen in planar PDIs and not in the twisted 

PDIs.21  Here, we systematically explore the limits of compatibility with well-defined and 

confined dimer structures with known exact number n of PDIs.  Planar-planar dimer 9, linked by 

phosphotriester linkages exhibits similar -stack emission as the disulfide linked cyclic dimer 7.  

Di-cyano substituted dimer 10, with a calculated twist angle of approximately 5 degrees,25 

exhibits nearly the same relative -stack intensity as the planar 9, although with a difference in 

ratio between -stack emission peaks Fl1 and Fl2.  Moderately twisted mono-Br substituted 

dimer 11 ( = 14) barely exhibits -stack emission, greatly reduced relative to 9 and 10.  

However, -stack emission in the dibromo-substituted dimer 12 is completely absent, as it is for 

7 8 
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even greater twisted tetraphenoxy- and Cl4- substituted dimers 13 and 14.  Thus, a twist of only 

14 degrees significantly diminishes the excited state delocalization and a twist of only 23 degrees 

completely precludes delocalization.  

                  
Figure 9.  (a)  Asymmetric cyclic dimers 9-14 from planar unsubstituted PDI and variously 

twisted bay-substituted PDIs as shown.  (b) Fluorescent emission spectra for cyclic dimers 9-14.  

Excited state delocalization occurs for dimers 9-11; the twist angle  in 12-14 prevents close 

molecular contact and excited state delocalization. 

Solvent effects on delocalization.  Since solvophobicity has been shown to reinforce G-stack, 

we next explored whether changing the solvent could “turn-on” the delocalization pathway.  

However, changing the solvent from CH2Cl2 to CH3OH actually quenched the -stack emission 

in 13 and failed to initiate -stack emission in 14 as shown in Figure 10.  Even removing the 

cyanoethoxy protecting groups, resulting in negatively charged phosphodiester linkages that 

afford solubility in water (12a), failed to turn-on aqueous -stack emission.  Thus, 

solvophobicity apparently can not compensate for bay-substitution steric hindrance but instead 

actually quenches -stack fluorescence by solvent collisional quenching. 

a) b) 



 70

         

Figure 10.  Fluorescent spectra for heterocyclic compounds (a) 11 and (b) 12 in various solvents.  

Forcing the incongruent PDIs to stack by increasing solvophobicity is unable to “turn-on” 

delocalized -stack emission.  For 11, increasing solvophobicity actually quenches the -stack 

emission.  (c) Deprotection of cyanoethoxy groups from 12 results in water soluble 12a; however 

-stack emission remains absent.  This proves p-stack emissions are not higher order vibronic 

sub-bands and their origin is the delocalized state. 

     We have synthesized novel DNA foldamers containing 1, 2, 4, or 6 stacked PDIs, either 

planar unsubstituted (1P, 2P, 4P, and 6P) or twisted Cl4-substituted (2Cl, 4Cl, and 6Cl), which 

are functionalized with ssDNA strands on each end lending water solubility to the -stacks.26  As 

shown in Figure 11, all of the planar PDIs exhibit aqueous -stack fluorescence; however the 

relative ratio of -stack : green emission is greatly diminished from similar PDI foldamers 1-6 in 

chlorinated solvents.  In contrast, the aqueous Cl4-substituted foldamers exhibit no -stack 

emission with broadened emission compared to the monomer 18 in chlorinated solvents.  

Additionally, twisted Cl4-PDIs are chiral and can stack homo- or hetero-chiral with their adjacent 

neighbors, and therefore must stratify certain nanostructure in order to induce -stack emission.  

12a 

a) b) c) 
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In summary, excited state delocalization is mostly favored between highly planar PDIs; 

solvophobic assisted stacking quenches -stack emission by decreasing fl. 

                                       
 
 
 

Figure 11.  (a) Fluorescence (H2O) from planar monomer 1P, dimer 2P, tetramer 4P, and 

hexamer 6P functionalized with DNA.  The oligomers exhibit -stack emission (), although 

greatly diminished from similar oligomers in organic solvent. (b) 2, 4, and 6-mer for twisted Cl4-

subtituted PDIs (2Cl, 4Cl, and 6Cl) never exhibit -stack emission, even when folded in H2O. 

-stack emission.  It is readily apparent for all planar stacked PDI oligomers that there are two 

broad, overlapping peaks in the -stack emission, Fl1 and Fl2, separated by approximately 15 

nm, which we have previously reported and has been attributed by others as delocalized-state 

vibronic bands.21  However, the energy difference between the two peaks is 374 cm-1, much 

smaller than the perylene ring breathing mode 1305 cm-1 vibrational band difference, A0-1’ - A0-0’ 

(or Fl0’-0 - Fl0’-1).  Additionally, the intensity of these two peaks reverses depending on structure, 

temperature, and solvent, which is inconsistent with vibronic bands.  The facts are, the Fl2 peak 

is almost non-existent in the dimer 2 but grows with increasing n, becoming more prevalent than 

Fl1  for the pentamer 5 and beyond (Figure 2b).  Also, for a given n, Fl2 seems to prevail over 

2-6Cl 

a) b) 

 

2-6P 
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Fl1 at lower temperatures as shown in Figure 12.  Additionally, both peaks decrease compared to 

the Fl0’-0 peak with increasingly polar solvent, until reaching the transition concentration from 

1D assemblies to 2D/3D aggregates, C1D3D, when Fl1 suddenly increases in intensity and 

dominates Fl2.  Finally, the dicyano-substituted cyclic dimer 10 exhibits an obvious increase in 

Fl2 / Fl1 compared to similarly planar dimer 9.  Thus, these two broad peaks are likely unique 

electronic -stack emissions due to differently stacked nanostructures.  Perhaps Fl1 and Fl2 

represent helical and eclipsed -stacks, a possibility that is consistent with all of the facts 

presented here. 

                 

Figure 12.  Emission spectra for tetramer 4 demonstrating the two broad overlapping -stack 

peaks reverse relative intensity as a function of (a) temperature (CHCl3) and (b) solvent (CH2Cl2 

/ MeOH,  % MeOH shown, RT). 

Amplified Spontaneous Emission.  In addition to spontaneous emission, PDI foldamers are 

unique models for studying stimulated emission due to their covalently restricted architecture 

and eclipsed or helical cofacial dipole orientation (Figure 13a).  Previous reports of solution-

phase or thin-film PDI stimulated emission have acknowledged the strong propensity to 

aggregate resulting in fluorescent quenching; consequently, various imide or bay-substitutions 

have been used to abate self-assembly.27  Here, we studied concentration and power dependent 

a) b) 
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amplified spontaneous emission (ASE) using a pulsed laser focused to a thin cylinder on the 

inside edge of a 1cm cuvette as depicted in Figure 13b.  ASE is evident by a significant increase 

in fluorescent intensity and a dramatic peak narrowing upon reaching the threshold input energy, 

as shown for 1 in Figure 13c.  We first examined stimulated emission in various bay substituted 

PDI monomers 1 and 15-19 summarized in Figure 14a; all of these PDIs exhibit ASE with 

emission wavelengths ranging from 550 to 800nm (Figure 14b). 

       

Figure 13.  (a) Dipole alignment in PDI stacks are nearly ideal for energy transfer.  (b)  

Experimental set-up for ASE measurements.  A pulsed laser is focused to the edge of the PDI 

containing cuvette and excites a rod shaped volume; amplified emission is detected 

perpendicular to the cuvette. (c)   ASE is evident by a dramatic peak narrowing above  threshold 

input energy, as shown for 1. 

     

Figure 14.  (a) structures and (b) ASE peaks (nm) for PDI monomers 1 (576), 15 (777), 16 

(587), 17 (613), 18 (554), and 19 (613). 

a) b) c) 

a) b) 



 74

We next measured concentration dependent ASE intensity under fixed excitation power, 

plotted in Figure 15a, for PDI monomers with twist angle extremes, 1 and 18.  Planar 1 achieves 

ASE at almost a magnitude lower concentration than 18 likely due to its higher molar 

absorptivity (76500 vs. 42300 M-1·cm-1) and fluorescent quantum yield (0.97 vs. 0.92).11  At 

higher concentrations approaching Ccrit, -stacking begins to quench the fluorescence and ASE 

intensity begins to decline.  In this region, the advantage belongs to 18 which has a much higher 

(102) Ccrit due to its twisted architecture.  18 also has a larger stokes-shift (27nm) compared to 1 

(11nm) which reduces self-absorbance effects.  Thus, while ASE is completely quenched for 1 

above ~1 mM,  19 continues to exhibit ASE until ~ 30 mM.  This also leads to another 

interesting effect that for 19: ASE may occur in either the Fl0’-0 or Fl0’-1 bands since re-absorption 

of the Fl0’-0 peak by A0-0’ peak occurs at higher concentrations (Figure 15b). 

     ASE intensity is a function of the percent fluorophores excited and thus depends on the molar 

absorptivity.  We varied the excitation wavelength in 10nm intervals at constant power while 

measuring ASE intensity to produce an “ASE excitation” spectrum as shown in Figure 15c.   The 

spectrum is similar to the steady-state excitation spectrum with nearly equal intensity for 

excitation at either the Ex0-1’ or Ex0-2’ peaks and thus an excellent match for a 488nm laser. 
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Figure 15.  (a) Planar PDI () reaches ASE threshold at lower concentration due to slightly 

higher quantum yield but completely disappears at higher concentration due to -stack self-

assembly.  Highly twisted Cl4 PDI (▲) frustrates -stacking and continues to exhibit ASE at 

much higher concentrations. (b)  ASE for compound 18 at low (─) and high (─) concentrations 

exhibits ASE in either the Fl0’-0 peak or the Fl0’-1 peak due to reabsorbance of Fl0’-0 emission at 

higher concentrations. (c) ASE excitation spectrum () for compound 1 roughly matches its 

absorbance spectrum (─). 

     Following characterization of stimulated emission in PDI monomers, we turned to -stack 

emission by measuring ASE in linear dimers 2 and 21 and cyclic dimers 9-14 and 20 as shown in 

Figure 16; the results are summarized in Table 2.  Linear structures may fold or unfold 

depending on twist angle and solvent. For instance, in CH2Cl2, 2 is mostly folded and coupled, 

exhibiting no ASE, while 21 is mostly uncoupled, exhibiting ASE indistinguishable from the 

corresponding monomer 18.  In tetrachloroethane, 2 is ~35% uncoupled, just below ASE onset.  

In a 2:1 DCM:MeOH mixture, 21 is almost completely coupled and convincingly exhibits no 

ASE.  In the cyclic dimers, minimally twisted PDIs 9-11 remain mostly coupled and exhibit no 

ASE in CH2Cl2 while differently twisted cyclic dimer 12 remains stubbornly uncoupled, 

displaying ASE.  Compound 20 also exhibits ASE, where the highly twisted Cl4 PDIs resist 

stacking, until ASE is quenched in 2:1 MeOH:DCM solution by solvophobic-driven stacking.  In 

a) b) c) 
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summary, -stacked PDIs quench ASE; apparently the significantly decreased quantum yield 

upon -stacking outweighs any advantageous dipole orientation.  It is also likely that multiple 

excitations within stacks quickly undergo single-singlet annihilation before spontaneous 

emission initiates ASE. 

              

Figure 16.  No ASE occurs for constrained cyclic dimers 9, 11, or 12.  However, ASE can be 

observed for 14 and 20 due to a highly twisted architecture that frustrates -stacking.  Similar 

trends occur in the linear dimer varieties 2 and 21.  Variation of solvent alters Kfold; folding 

quenches ASE while unfolding lowers ASE threshold. 

Table 2.  Conditions for ASE: 
# A B Solvent ASE? 

Cyclic dimers 
9 Planar Planar DCM No 
11 Planar Br DCM No 
12 Planar Br2 DCM No 
14 Planar Cl4 DCM Yes 
20 Cl4 Cl4 DCM Yes 
Linear dimers 
2 Planar Planar DCM No 
2 Planar Planar TCE Almost 
21 Cl4 Cl4 DCM Yes 
21 Cl4 Cl4 DCM:MeOH 2:1 No 
 

A 

B 

A 

B

9-14 20 
21
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Conclusion.  Unique -stacking PDI foldable polymers have been investigated for their excited 

state properties.  Excitation are of Frenkel type which then may either result in -stack 

uncoupling and green monomer-like emission or delocalization over up to four chromophores 

and red -stack emission.  Architecturally constrained cyclic and concatenated structures 

corroborated the photo-induced uncoupling model.  Excitation spectra reveal -stack emission 

results from excitation of coupled PDIs while excitation of uncoupled PDIs leads to monomer-

like emission.  Delocalization occurs more frequently than indicated by -stack emission 

intensity alone; low temperature -stack emission enhancement shows the delocalized states are 

mostly destroyed by vibrations at RT.  Cyclic heterodimers between planar unsubstituted and 

twisted bay-substituted PDIs reveal the delocalized state only results from close-contact -

stacking between nearly planar pairs.  Two broad, overlapping -stack emission peaks are unique 

electronic emissions from the delocalized excited state resulting from different -stack 

nanostructures.  Finally, PDIs are attractive candidates for either low threshold or high intensity 

ASE applications, with widely tunable em while -stacking quenches ASE.  Importantly, the 

unique PDI nanostructures described here contribute to elucidation of -stack excited state 

formation, development, and transport; understanding these processes are necessary for future 

design of photovoltaics, molecular wires, light harvesting systems, and brighter fluorescent 

biolabels. 
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Abstract 

Single molecule fluorescence spectroscopy has been used to probe architecturally diverse and 

unique model oligomers containing exactly two or four perylene tetracarboxylic diimide (PTDI) 

units:  linear foldamers lin2 and lin4, and monocyclic complement cyc2 and concatenated 

foldable rings cat4.  Linear, cyclic, and concatenated foldamers reveal that photo-absorption and 
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excitation induces unfolding and refolding, generating colorful spectral switching from one 

spectral type to another.  Foldamer architectures dictate the unfolding and refolding processes, 

and hence the spectral dynamics.  As a result, linear tetramer exhibits active frame-to-frame 

spectral switching accompanying dramatic changes in colors, but concatenated tetramer displays 

a multi-colored composite spectrum with little or no spectral switching.  Excited state dynamics 

causes spectral switching: electronically decoupled PTDI monomer emits green fluorescence 

while electronically coupled PTDI -stacks emit red fluorescence, with longer -stacks emitting 

redder fluorescence.  A key question we address is the excited state delocalization length, or the 

exciton coherence length, in the -stacks, which has been proven difficult to measure directly.  

Using foldamers having controlled sequences, structures, and well-defined length and 

chromophore numbers, we have mapped out the exciton coherence length in -stacks.  Single 

molecule fluorescence studies on chromophoric foldamers reveal that the maximum domain 

length is delocalized across just four -stacked PTDI dyes and no new pure color can be found 

for oligomers beyond tetramer.  Therefore, the range of fluorescent colors in -stacks is a 

function of the number of chromophores only up to tetramer. 

Introduction 

Weak, secondary intermolecular forces drive molecules to self-organize and nature has been 

using this strategy to assemble astonishingly complex, yet functional, biological nanostructures.1 

Though we cannot yet match nature’s mastery to richly exploit self-organizing processes, 

knowledge underpinning self-organization processes has emerged and is instrumental in 

designing molecular architectures.2  Indeed, our deeper understanding of such driving forces 

leads us to design molecules that self-organize in solution into simple and often predictable 

artificial nanostructures.  Studying such model systems and their diverse folding-unfolding 
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structural motifs will advance our understanding of folding dynamics which play important roles 

in complex biopolymers. 

Molecular recognition and self-organization3 highlight the increasing potential for weak forces 

which have enabled a new generation of functional molecular devices.4 However, the success of 

future molecular devices will inevitably rely in part on their ability to maintain resilient shape, 

usable function, and overall structural integrity while being perturbed externally.  Ultimately, 

both weak and strong forces are important while architectural design responsible for holding the 

devices together will alter key roles that the forces will play. Herein we contrast weak - 

interactive dynamics in different architectures using single molecule fluorescence spectroscopy.  

Previously, we probed linear foldamers containing three (trimer) and six (hexamer) PTDI units 

while using the monomer as a reference.5, 6  After laser excitation, the excited states could relax 

either radiatively (fluorescence) or non-radiatively (intersystem crossing or internal conversion).7  

In our experiments, we specifically avoided a polymer matrix so as not to restrict large 

chromophore displacements after the molecules absorb considerable laser excitation energy and 

undergo structural rearrangements such as unfolding and refolding.6  

In this report, we present new and complementary results by further investigating six model 

PTDI-based oligomers and revealing that molecular architecture can, by design, restrict 

molecular dynamics.  Scheme 1 shows four representative oligomers used in this study.  The four 

architecturally diverse foldamers chosen for comparison are linear PTDI dimer (lin2) and its 

macrocyclic complement (cyc2), and linear tetramer (lin4) and its exotic concatenated 

complement (cat4).  We show that results for cyc2 and cat4 strongly support our previously 

proposed folding model for linear foldamers and provide further insight into photo-induced 

folding dynamics of linear PTDI foldamers.  Using these structurally controlled foldamers, we 
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are able to experimentally measure the exciton coherence length directly in the -stacks and 

determine the minimum and maximum number of cofacially stacked chromophores sharing the 

delocalized, wave-like, excited states. 

 

Scheme 1.  Foldamers used to probe single-molecule dynamics. 

Experimental Procedures 

Materials. Synthesis and characterization has been reported for lin2 and lin4,5 for cyc2 and 

cat4,8 and for linear oligomers through 11-mer.9  Spectroscopic grade methylene chloride 

(CH2Cl2), methanol (MeOH), and cover glasses (Gold Seal No.1) were purchased from Fisher. 

Solvents were distilled prior to use for single molecule studies, but were used as received for 

ensemble solution measurements. 

Sample preparation.  Solutions of the four compounds were prepared in 4:1 CH2Cl2:MeOH to a 

concentration of ~10-11 M and stored in vials cleaned with 2% Micro 90 and Chromerge.  Cover 

glasses were cleaned by sonicating in 2% Micro 90 for 30 minutes, rinsing thoroughly with high-

purity water (18 M), drying in an oven, soaking in Chromerge for one hour, rinsing thoroughly 

with 18 M water, and finally heating gently in a methane flame to dryness.  After cooling 

slowly, cover glasses were stored in a dust-free container.  Samples were prepared by spin-

coating (4000 rpm) 1 drop of diluted foldamer onto a cover glass. 

LIN2 CYC2 LIN4 CAT4 



 84

Instrumental setup.  A custom single molecule confocal setup as described in detail elsewhere6 

was modified to include two APDs for simultaneous collection of two-color dual time traces, in 

which emission light was split into red and green channels by a dichroic beamsplitter centered at 

550 nm.  Confocal scanning and time trace acquisitions were collected using custom LabVIEW 

software, with 20 ms dwell time for time trace acquisition.  Spectra were acquired through 

WinSpec/32 software using a typical dwell time of 1-2 seconds. Typical laser power used for 

diffraction limited analysis was ~8x102 W/cm2 at the cover glass surface. 

Ensemble Spectra.  Steady-state fluorescence spectra were recorded with a SPEX Fluorolog-3-

21 spectrofluorometer with excitation at 489 nm.  UV-vis spectra were recorded with a Varian 

Cary 100 spectrophotometer.  Time-resolved fluorescence decays were collected over the full 

spectral window on a Hamamatsu 3680 High-Speed Streak Camera equipped with a mode 

locked Ti:sapphire laser.  Fitting of mono- and bi-exponentials was performed in Igor Pro 6.0 

software.  All dilutions for ensemble measurements were performed using 4:1 CH2Cl2:MeOH 

solvent. 
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Figure 1.  Normalized absorption (left) and emission (right) spectra of the dimer (top) and 

tetramer (bottom) oligomers at nM concentrations in 4:1 CH2Cl2:MeOH.  The free monomer 

(dashed line) is shown for comparison.  The cyclic compounds (red) have almost identical 

absorbance spectra as the linear compounds (green) showing that cyclic and linear compounds 

are folded similarly in the ground state.  The linear compounds display higher relative monomer-

like emission which is indicative of photo-induced unfolding. 

Results and Discussion 

Ensemble Spectra.  It is instructive to first consider solution phase ensemble spectra.  In dilute 

CH2Cl2/MeOH (4:1) solvent, the vibronic 0-0 and 0-1 bands in the absorption spectra reveal that 

all four compounds have diagnostic intensity reversal (Figure 1) in the A0-0 / A0-1 ratio when 

compared to non-self-assembled PTDI monomer (superimposed).  All PTDI foldamers (dimer 

thru 11-mer) exhibit this intensity reversal, which indicates that weak - molecular orbital 

00’ 01’ 

0’1 

0’0 

00’ 01’ 

0’0 
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overlap and solvophobic interactions drive cofacial stacking of perylene units.5  Linear and 

macrocyclic dimers have similar 0-0 / 0-1 vibronic peak ratios; lin2: A0-0 / A0-1 = 0.84 and cyc2: 

A0-0 / A0-1 = 0.73, indicating that the folding equilibrium and configurations for both dimers are 

quite similar in the ground state, with approximately 90% of the linear dimers and essentially all 

of the cyclic dimers completely coupled.10  Likewise, the ratios for lin4 (0.66) and cat4 (0.63) 

reveal that tetramers are also stacked almost identically and that all four chromophores are 

preferably folded together and not as two separately stacked dimers.8 For all foldamers, the 

equilibrium strongly favors the folded state and the absorbance ratios persist even as solutions 

are diluted to nanomolar concentrations used to prepare samples for single molecule studies. 

Although absorbance spectra indicate the linear and cyclic foldamers are similarly folded in 

the ground state, fluorescent spectra reveal the model oligomers behave significantly different in 

the excited state.  With the spectra in Figure 1 normalized to the 0’-0 monomer-like peak, it is 

apparent that cyclic species have relatively higher -stack red emission than linear species, with 

tetrameric species showing much more prominent red emission than dimeric species.  

Interestingly, all spectra also retain a significant monomer-like green emission component. 

However, the substantial magnitude of green fluorescence does not translate to a large monomer-

like ground-state population, as optical absorption and NMR studies reveal that cyclic and linear 

compounds are almost completely folded before photoexcitation.5,8  Considering that the ground 

state exhibits minimal monomer-like characteristics, the substantial monomer-like emission can 

only hint that the foldamer excited states have active and relatively fast dynamics shuffling 

folded, partially folded, and unfolded motifs. 

Absorbance spectra confirm the molecules are mostly folded in the ground state, but 

fluorescence data report significant unfolding in the excited state.  This discrepancy is consistent 
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with a photo-induced unfolding mechanism: following absorption of a photon, the excitation 

may delocalize across two or more chromophores in a stack to form a traveling exciton state, 

which sometimes produces broad red emission.  Alternatively, the excitation may cause the 

folded oligomer to partially unfold, generating one or more uncoupled chromophores that may 

emit green monomer-like emission.  It is unclear if the photon which causes the oligomer to 

unfold directly results in emission, or if the molecule absorbs another photon during the ultra-fast 

transient unfolding and emits green monomer-like fluorescence.  In either case, linear foldamers 

have high degrees of freedom, can actively undergo dynamic conformation exchange, and emit 

relatively strong green fluorescence. Conversely, the cyclic complements cannot completely 

unfold in the same manner as the linear foldamers because structurally imposed constraints limit 

conformation dynamics (Scheme 2).  Thus, cyclic dimer and concatenated tetramer have less 

freedom, remain mostly folded as -stack nano-rods, and emit predominantly red-fluorescence. 

 

 

 

Scheme 2.  Model illustrates a few 

unfolding and refolding pathways induced 

by photoexcitation. 

The relative population of transiently unfolded green-emitting chromophores in the excited 

state was estimated from the ensemble spectra by comparing the relative green and red emission 
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components.10  Accounting for differences in quantum yields and lifetimes,11 we estimate that 

one transiently unfolded chromophore is potentially 10 times brighter than a -stack emission.  

Due to such differences and uncertainty in the brightness, an alternative method is to compare 

the monomer-like emission intensity for the linear and cyclic dimers to the free monomer 

emission.  This method does not depend on red emission, and provides the relative population of 

chromophores emitting monomer-like emission in the excited state.  We calculate that ~20% of 

lin2 fluorophores exhibit monomer-like emission while only 3% of cyc2 chromophores display 

such emission.10  Thus, both dimers reveal an increase in unfolded spectroscopic signatures 

between the ground and excited states, with the linear dimer exhibiting much greater dynamics 

due to its less constrained architecture.  Similarly, lin4 and cat4 exhibit 5% and 1% monomer 

emission, respectively.  These architecture-dependent differences in the folding equilibrium 

between ground and excited states are consistent with transient unfolding during photoexcitation 

and the results are summarized in table 1. 

To complement the steady-state measurement results and further probe the folding and 

unfolding dynamics of the excited state, we collected time-resolved fluorescence decays to 

obtain lifetimes of the monomer-like and red emissive species, and to estimate %-monomer-like 

emission across the linear dimer through hexamer series.  As shown in the supporting 

information, the PTDI monomer consistently fit well to a single exponential, yielding a lifetime 

of 4.00 ± 0.01 ns.  In contrast, oligomer decays obtained over the full spectral window 

consistently fit well to a bi-exponential to yield two lifetimes:  a faster ~4 ns component 

attributed to transiently unfolded states and a slower ~10 ns component corresponding to red 

emission from folded -stacks.  By analyzing the pre-exponential factors and accounting for 

differences in quantum yields, we calculate up to 45% of lin2 fluorophores exhibit monomer-like 
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emission while 7-5% of linear trimer through hexamer display such emission.10  Values for 

trimer through hexamer agree well with the values obtained from steady-state spectra, while lin2 

exhibits approximately a two-fold increase in the unfolded population when compared to steady-

state measurements.  Regardless of method, there is an unambiguous increase in the unfolded 

population between the ground and excited states as summarized in table 1; the difference is the 

most dramatic in the least restricted architectures. 

Table 1.  % chromophores unfolded. 
 Lin2 Cyc2 Lin4 Cyc4 

Ground State 10% <1% <1% <1% 

Excited Statea 19.8% 3.4% 5.1% 1.7% 

Excited Stateb 23.8% 3.7% 5.8% 3.5% 

Excited Statec 43.0% - 6.1% - 

 

adetermined by comparing green oligomer fluorescent intensity to monomer fluorescent 

intensity. bdetermined by comparing ratio of green and scaled red oligomer steady-state 

emission.  cdetermined by time resolved fluorescence.  The calculations are detailed in the 

supporting information. 

Importantly, both solution-phase and single-molecule emission spectra provide the extent to 

which the red-emitting exciton state is delocalized.  The -stack emission involves delocalized 

excitons that relax radiatively while emitting red fluorescence to the Frank Condon ground state, 

which is in a high vibrational level of the relaxed ground state and eventually loses its energy 

non-radiatively, reorganizing to the lowest vibronic level (Eg).
12  When a locally excited (LE) 

state evolves into an exciton, there is another energy loss (Ee) to delocalization.  The two-

energy losses (EgEe) account for the exciton red shift from the 0-0 vibronic band of the 
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monomer.  Thus, the number of chromophores involved in the delocalized state governs the 

exciton emission wavelength. 

These oligomers exhibit two -stack emission peaks, which are broad, closely overlapping, 

and separated by only 15nm as discussed in detail elsewhere.13  The linear and cyclic dimers 

have identical spectral shape peaked at 624 nm in solution (DCM:MeOH 4:1), indicating that the 

excitons have identical -stack structures regardless of linear or cyclic motifs.  Similarly, linear 

tetramer and concatenated tetramer have identical spectral shape with a 638-nm maximum; the 

four chromophores also form identical exitonic structures regardless of linear or concatenated 

architectures.  Comparing ensemble emission for all foldamers (dimer through 11-mer), the -

stack emission shows no further red-shift beyond the tetramer.  This is in contrast to the A0-0 / 

A0-1 absorbance ratio, which continues to decrease through the 11-mer, demonstrating that stack-

length continues to increase in higher oligomers.5  Thus, solution-phase ensemble measurements 

clearly reveal that the maximum delocalization length is essentially achieved with four PTDI 

units, although the wave-like excited state may tail slightly into adjacent chromophores.  

Additionally, the minimum delocalization length is achieved with just two chromophores; the 

excitons delocalize from two to four chromophores and longer -stacks generate no further red-

shifted fluorescence. 

Single Molecule Spectra. While contrasting solution ensemble measurements, solventless PTDI 

single molecule measurements exhibit dramatically different emission spectra.  When using a 

continuous wave laser to excite linear foldamers lin2 and lin4 and cyclic compounds cyc2 and 

cat4, their fluorescence spectral trajectories collectively display various characteristic shapes and 

vibrant colors. Five common spectral types (Figure 2), including pure monomer-like green 

emission (type ‘a’) and pure -stack red emission (type ‘e’), have been identified as 



 91

representative of all spectra observed, although many spectra are slightly shifted from those 

shown, or are composites of multiple spectral types.  These five spectral types are representative 

and initially identified for linear trimer and hexamer.6 

The relative peak intensities and observed spectral positions reflect the degree and strength of 

electronic coupling and therefore the conformational state in which the PTDI molecule exists on 

the glass surface.6,8  Integrating all emission wavelengths, we typically count 5 x 104-6 emission 

cycles per second using the experimental conditions described here.  The fact that we see spectra 

that are not completely representative of the ensemble spectra suggests that the energy landscape 

and local energy minima (traps) play important roles in the folding / unfolding. 

First frame spectra.  Spin-coating is a physically tortuous and violent process to prepare single 

molecule samples, in which analyte molecules randomly physisorb as they are rapidly cast across 

the substrate. This can impose formidable structural perturbations to a folded nanostructure held 

together by weak -stacking.  The relative peak intensities and spectral positions in the first 

snapshot provide the degree of stacking retained after the spin coating process. The initial 

two-second integrated emission spectrum also minimizes other undesired effects such as photo-

bleaching and substrate heating. 

Figure 2 shows the intensity-weighted spectral peak occurrence observed in the first frame of 

all spectral trajectories.  The relative intensities indicate molecular populations having that type 

of electronic coupling; thus a suitable method to quantify both peak occurrence and relative 

intensity is to weight occurrence by intensity.  Peaks in a given spectrum are first identified; the 

highest intensity peak is normalized and given an occurrence of 1.  All remaining peaks are 

given an occurrence of Ij/Imax, where Imax = maxiumum peak intensity and Ij = intensity of the jth 

peak. 
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Figure 2. Top: Most common single molecule spectral types observed.  Bottom: Average 

relative intensities of spectral peaks observed in the first frame of spectral trajectories.  A 1-nm 

bin size was used.  Gaussian fits were scaled up for clarity but retain their relative intensity 

ratios.  

All four molecules routinely showed green and yellow fluorescence bands, although their 

relative intensities and exact positions varied. The Gaussian fit for lin2 displays mostly type ‘a’ 

monomer-like emission.  Two-occurrence maxima match the 00 (green, 535 nm) and 01 

(yellow, 575 nm) vibronic transitions observed for monomer-like emission (type ‘a’).  The 02 

(red, 620 nm) vibronic transition has lower intensity and often could not be discriminated in the 

occurrence spectra.  Hence, this band is notably absent from Figure 2. A weak red band centered 

near 628 nm emerged for cyc2 and appears again for lin4 and cat4. Compounds lin4 and cat4 

have an additional red band centered at 647 nm, except cat4 exhibits a higher relative intensity.  

The Gaussian fits to these intensity-scaled bands represent relative intensity ratios, and can be 

compared directly from one oligomer to the next.  The cyclic dimer and concatenated tetramer 
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reveal significant -stack emission (type ‘e’) because architectural constraints favor exciton-

delocalization likelihood among PTDI units while their linear counterparts have low abundance 

in red fluorescence.  It is expected but noteworthy that the single-molecule averaged Gaussian 

peaks roughly reflect the ensemble fluorescent spectra seen in Figure 1. 
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Figure 3. Portions of spectral trajectories for a single lin4 molecule (left) and a single cat4 

molecule (right).  Emission from lin4 often shows dynamic spectral switching attributed to 

photoinduced folding and unfolding while cat4 tends to show “steady-state” emission due to its 

concatenated structure.  Thirty-seven frames at 2 sec integration/frame = ~74 sec total elapsed 

time. 
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Spin coating brings out the architectural differences of the four molecules in Scheme 2.  The 

centrifugation forces may render a completely folded (pure red fluorescence) -stack into many 

possible conformations, including completely unfolded (pure green fluorescence) structures and 

many possible intermediary folded states.  In solution, however, low kinetic barriers promote 

folded structures. The first frame single molecule spectra capture the random nature that spin 

coating and solvent evaporation create and subsequently render molecules immobilized on the 

substrate. A simplistic view of linear dimer has two states: a folded conformation (delocalized 

exciton and red-emission), or one representing many possible unfolded and uncoupled 

conformations.  Since the monomer-like emission is potentially 10 times brighter than the folded 

state, it easily dominates over characteristic -stack emission.  In contrast, cyc2 cannot “unfold” 

in the same manner as lin2, and therefore a significant amount remain folded and emit 

characteristic red fluorescence centered at 628 nm. 

The tetrameric molecules exhibit similar results. However, because there are four 

chromophores instead of two, more intermediary folded states have electronically coupled 

chromophores, increasing red-fluorescence occurrence and probability.  The prominent 647-nm 

red bands observed for lin4 and cat4 are attributed to exciton states. As with cyc2, however, cat4 

does not completely unfold due to constraints imposed by chemical structure.  As a consequence, 

- molecular orbital overlap across the entire structure is better preserved during spin coating, 

and excimer-like emission for cat4 takes place with higher occurrence than for lin4, which is not 

structurally bound to the folded state. 

It is interesting that we observe type “c” spectra so prevalently in single molecule spectra.  

Type “c” appears to be a reversal of the normal Frank Condon progression and the “mirror” 

emission that reverses the folded absorbance spectra.  In solution, the 0-1 vibrational peak 
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emission intensity is always about 50% of the 0-0 peak which is similar to the ratio we have 

measured for free monomer.  Thus, if there is a type “c” emission component in solution, it must 

be relatively small and masked by the monomer-like emission.  It is possible that in the single 

molecule experiments the relaxed excited state has a better probability to emit before excimer 

formation due to the absence of solvent which might facilitate the -stack and hence exciton 

formation. 

Spectral Dynamics.  Histograms of initial spectra as presented above reveal the distribution of 

folded states immediately following spin coating. Spectral trajectories provide more insightful 

information and photo-induced folding and unfolding occur when single molecules are excited.  

Previously studied linear trimer and hexamer taught us that spectral trajectories frequently switch 

from one spectral type to another, sometimes displaying dramatic frame-to-frame color changes.6 

For instance, spectral switching would freeze, a particular spectral shape (e.g., red fluorescence) 

would persist for several frames, then the spectral trajectory would suddenly resume switching. 

Spectral shapes relate to folded or unfolded nanostructures and spectral switching indicates 

active nanostructural dynamics.  A corollary is that linear foldamers experience a stochastic 

folding and unfolding process driven by absorption of laser energy. As laser excitation power 

was increased, spectral activity increased, and so did the number of actively switching 

molecules.  Thus, experimental data support this photo-induced model. 

Linear trimer and hexamer exhibit spectral trajectories that are actively switching.  Linear 

tetramer further verifies these observations, showing frequent switching from one spectral type 

to another while displaying all spectral types.  More importantly, the cyclic compounds reveal 

only minimal switching trajectories, supporting a photoinduced folding and unfolding model.  

Figure 3 shows portions of lin4 and cat4 spectral trajectories, where lin4 exhibits switching 
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between different spectral types and cat4 displays a marked and unambiguous decrease in 

spectral switching and steadily emits one multicolored composite spectral type. Although a small 

percentage of cat4 molecules did show minor spectral switching, Figure 3 represents statistical 

emission of cat4.  The cyclic compounds mostly display composite spectra, having simultaneous 

monomer-like and -stack emission characteristics, which implies that coupling / uncoupling 

dynamics occurs faster than the experimental two-second-integration time.   

Spectral trajectories for lin2 and cyc2 compare somewhat differently than the tetramers (see 

figure S1 in the supporting information). While being excited, lin2 preferentially and frequently 

adopts the unfolded configurations, unlike lin4, and thus shows mostly monomer-like emission 

and only occasionally visits the folded state that fluoresces red. In contrast to cat4, cyc2 spends 

more time traveling between folded and unfolded states and displays a smaller relative red peak.  

After correcting the quantum yield and lifetime differences, we find that cyc2 spends more than 

¾ time in the folded state and less than ¼ time in unfolded states.  The concatenated tetramer, 

however, spends more than 90% time in folded states.  The difference is that cyc2 is not 

intercalated like cat4 and thus allows chromophores to displace significantly and spend more 

time in the uncoupled excited state. 

 

Figure 4. Distribution of SA (switch/min, bin size =1) values for the four molecules.  A shift in 

the distribution from cat4 to lin4 is clearly evident and emphasizes the greater photo-induced 
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dynamics in the linear versus the structurally restrained cyclic compounds.  The number of 

trajectories with SA > 2 over the number investigated is inset for each oligomer. 

To statistically analyze these observations we defined the parameter “spectral activity,” SA = 

switch/t, where ‘switch’ is the number of times a spectrum changed from one type to a distinctly 

different type over the duration time, t (min), while acquiring spectral trajectories.  Figure 4 plots 

spectral activity histograms for all four compounds.  The fractions in Figure 4 summarize the 

number of trajectories with SA>2 over the total number trajectories investigated.  Each model 

oligomer has 40-50 percent molecules showing no spectral switching, which indicates the 

molecule-substrate interactions limit conformations and generate deep kinetic traps following 

spin coating.  Linear dimer, lin2, behaves like monomer and therefore has a low probability 

transitioning to a coupled conformation and thus shows limited switching.  Similarly, cyc2 and 

cat4 display mostly multicolored conformations and rarely exhibit resolved switching between 

green and red emission.  In contrast, half of lin4 molecules surveyed exhibited dramatic spectral 

switching with a prominent feature occurring at ~6 switch/min (0.1 Hz), which is consistent with 

previously studied linear trimer and hexamer.  Figure 4 reveals that lin4 tends towards a 

switching rate of 0.1 Hz, whereas the structurally restrained and concatenated cat4 prefers to 

cluster near the origin, having little or low switching activities. 

The compelling spectral trajectory data reveal that structurally constrained cyclic compounds 

have dramatically different dynamics when compared to the series of linear foldamers, and 

strongly support that photo-induced displacements (folding/unfolding) create dynamic spectral 

switching, both disrupting and reforming PTDI -stacks.  Chromophore separation or translation 

of only 1-2 Å can sufficiently quench excited state delocalization or annihilate excitons, which 

explains why the cyclic compounds also display substantial monomer-like emission that is even 
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observed in very long perylene stacks.14,15  Following photo-induced unfolding, the cyclic 

compounds are much more likely to return to the folded state more quickly than we can detect 

and therefore spectral trajectories show little activity (Figure 3).  In contrast, the linear 

compounds may visit many available unfolded states after photoexcitation, some having large 

entropy traps, and consequently take longer time to return to the folded state.  

-Stack emission.  Linear foldamers have active spectral dynamics: the larger the foldamers 

(more chromophore units), the more colorful the spectral range, up to a point.  For example, 

Figure 5 displays typical spectral trajectories for the linear pentamer and 11-mer, which exhibits 

no greater spectral range than the tetramer.  Figure 6 shows the spectral range within which the 

molecule averaged peaks max (Gaussian peaks in Figure 2) appear as a function of degree of 

foldamer polymerization, from monomer to hexamer and 11-mer.  The emission-peak range 

(max) is shown numerically. Single molecule measurements reveal that longer foldamers result 

in larger max for dimer through the tetramer, after which no further red shift or max increase 

is found.  The longest wavelengths max from all trajectory frames locate closely to the average 

maximum peaks obtained from the first frame and do not show an increasing trend for oligomers 

larger than tetramer.  Single molecule spectra display emission containing significant infrared 

tailing because -stack emission involves high vibrational levels of the ground state; however, no 

peaks are ever observed with wavelengths greater than about 675nm. 
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Figure 5.  Spectral trajectories for a single pentamer (left) and two single 11-mers (right).  The 

11-mers display no greater spectral range than the 5-mer during either active switching (bottom 

right) or quasi-steady state (upper right) trajectories.  Each frame represents two-seconds. 
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Figure 6.  Maximum range within which first-frame molecule-averaged max were observed as a 

function of foldamer length.  The max is presented numerically for each oligomer.  A wider 

range of colors are seen as foldamer size increases up to the tetramer, after which no further 

increase in max is found.  A dashed line helps visualize the max trend. 

The maximum exciton coherence length apparently dictates the extent -stack emission will 

red-shift.13  Extended -stacked perylene arrays tens of nanometers long including self-organized 

nanofibers15 and covalently bound photonic wires14 have shown red-shifted -stack emission.  

However, their fluorescence is not any redder than tightly folded lin4.  In these systems, trap 

states were speculated to determine the average exciton domain length and similarly individual 

photobleached chromophores would fragment the extended arrays and limit exciton domains.  

The same -stack emission has been described when perylene monomers self-assemble into -

stacks in solution.16  These also do not show emission wavelength maximums longer than lin4.  

The model is similar to ours in that photo-excitation generates a relaxed state from which 

emission takes place.  Yet in these systems, it is impossible to determine the minimum number of 
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monomers required to achieve such an emission or the maximum number of monomers possible, 

forming an exciton that subsequently emits remarkably red-shift fluorescence. 

The exciton diffusion length and coherent domain length along conjugated polymers attracts 

intensive experimental and theoretical studies and debate and are currently believed to range 

between 20 nm-1.2 m and 4.5-11nm, respectively.11,17  The domain length across -stacked 

systems has not been directly measured, although Barton and coworkers recently estimated the 

molecular wire domain in DNA to be 4-5 stacked base pairs.18  The foldamer structural series 

presented here offer unique opportunities to determine the maximum exciton coherent domain 

length in -stacked perylene chromophores.  Unlike the self-assembled or polymer systems 

mentioned above, each foldamer has the precise known number of monomers. 

Here, single molecule experiments have determined that the peak maximum red shift max = 

112 nm is achieved with just four chromophores (coherent domain length), and that no longer 

wavelength emissions have been found when the foldamer -stacks have been increased from 

tetramer to 11-mer. Ensemble solution phase measurements confirm this apparent peak 

maximum red shift, max. 
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Figure 7. Dual time trace for lin4 (top) and cat4 (bottom).  The red trace is photons >560nm 

while the green trace represents photons < 560nm.  Data was collected in 20 ms bins.  The red 

trace is off-set from the base-line by 100 counts for better clarity. 

Single Molecule Time Trace Analysis.  To probe fluctuations at faster time scales than the 2-

second integrated spectra, we collected time traces using two APDs where the emission was split 

into a green (<560nm) and red (>560nm) channel at a 20 ms bin time.  Because the red channel 

receives yellow, orange, and red photons, various non-green types switching (c, d, and e) is 

difficult to be discriminated in the time traces.  However, pure green type “a” emission and 

spectral types with a very small green component (types d and e) are readily observable in the 

time traces.  Two examples, one each for lin4 and cat4 are shown in Figure 7.  cat4 tends to 

exhibit steady-state like emission with very little switching.  Thus, the green and red channels are 

generally synchronized and rarely show regions where only one channel is receiving photons 

while the other is not.  Conversely, lin4 often demonstrates correlated switching from green to 

red, although the switching rarely creates completely unfolded (~85% green channel) or 

completely folded (100% red channel) nanostructures.  Many of these switching events are slow 

enough to resolve even with the CCD spectra.  However, there are some switching events 
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observable in the time traces that are not apparent in the slower spectra.  For example, a red-

channel peak (marked with a *) at ~100sec in the lin4 dual time trace, Figure 7, displays red 

emission in the absence of green emission with time dependent spectral detail that is unresolved 

during a two-second spectral trajectory.  

 

Figure 8.  Idealized schematic representation of proposed folding model.  In response to laser 

excitation, foldamers can assume one of many possible folded states.  The completely unfolded 

state (uf) will exhibit type ‘a’ emission, whereas partially (pf) and completely folded (f) states 

with two or more coupled chromophores may emit from yellow to red. 

Photo-induced Dynamics Model. Figure 8 represent our current photoinduced unfolding-

refolding model using the linear trimer as an example.  Similar schemes for longer foldamers 

would include additional partially folded states.  The three conformations shown in Figure 8 

represent folded or unfolded states in which three, two, and zero chromophores are electronically 

coupled via -stacking.  States containing both coupled and uncoupled PTDI units can behave as 

two independent quantum emitters: uncoupled chromophores yielding green photons; -stacked 

segments, yellow to red photons. Photon absorption, in which a single 488-nm photon delivers 

58.5 kcal/mol energy and subsequently disrupts - interactions (determined to be 2-7 kcal/mol 
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in organic solvent),5 is believed to actuate switching between different conformers.  It is likely 

that loss of excess vibrational energy as heat to the environment via vibrational energy transfer 

occurs much less efficiently than in solution because there is no homogeneous solvent shell 

intimately surrounding the molecule.  Excessive heat build-up in the foldamer as well as the 

substrate may contribute to overpowering kinetic barriers to actuate folding and unfolding.  

Single molecule polarization anisotropy measurements suggest that dye molecule rotation 

embedded in polymer matrices may be both photo- and thermally induced.19  The absence of a 

polymer matrix significantly lowers the rotation and translation barriers when the foldamers are 

excited, and the same thermal and optical energy that can physically drive apart adjacent 

chromophores can in turn reunite them. 

Figure 8 describes a pictorial model, emphasizing that large conformational displacements 

change the associated spectral types, but similar spectral effects are expected at ultra-fast time 

scale, for example, photo-induced displacements such as rotations, stacked chromophore 

slipping, inter-planar dihedral angle changes, or small separations on the order of 1 Å.  However, 

such displacements are expected to quickly return to the enthalpy-favored folded state.  

Unfortunately, our single-molecule setup is too slow to resolve such ultra-fast dynamic 

processes.  

Two or more independent quantum states in the same foldamer simultaneously emit colorful 

photons and typically generate multicolored spectra.  However, quasi-steady-state single 

molecule emission as displayed by cat4 (Figure 3) exhibit green-yellow-red composite emission, 

suggesting that multicolored fluorescence is also occurring from a process faster than the time 

resolution used for spectral acquisition.  Interestingly, spectra for cat4 often match well to dilute 

solution spectra; despite the excimer-like prominent red band, a green monomer-like band still 
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exists.  The evidence presented here suggests that cat4, which cannot achieve long range 

unfolded configurations because it is structurally restrained, experiences mostly subtle and/or 

ultra-fast translational displacements and quickly returns to the folded configuration while being 

excited.  Thus, both green and red emissions are detected simultaneously as the single-molecule 

undergoes ultra-fast breathing processes involving both coupled and uncoupled configurations 

within the detection time. 

Finally, it is constructive to contrast the solution-phase ensemble measurements with single 

molecule results.  Both thermodynamic and kinetic effects govern the folding and unfolding 

dynamics. In solution, the thermodynamically favorable equilibrium state for foldamers is the 

completely folded -stacks, having presumably low kinetic folding barriers.  Absorbance and 

NMR data report that the molecules are mostly folded in the ground state, but fluorescent spectra 

show they can become unfolded during photo-excitation.  However, spin cast molecules on silica 

are complicated because the random nature of spin casting renders all possible unfolded 

nanostructures and substrate interactions are not well defined.  Such substrate interactions 

frequently result in large kinetic barriers to achieving thermodynamic equilibrium.  These slowed 

photodynamics significantly change the folding conditions from the solution phase.  Yet, it is 

these constipated folding equilibria that allow us to capture the emission from partially folded 

configurations and provide more insightful photo-induced folding dynamics. 

Conclusion.   

Single molecule fluorescence spectroscopy, complementing ensemble fluorescence 

spectroscopy, has been used to probe unique well-defined -stacked foldamers containing 

exactly two or four PTDI units:  linear foldamers lin2 and lin4, and their cyclic complements, 

cyc2 and concatenated cat4.  Ensemble measurements report the molecules are mostly folded in 
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the ground state but significant portions unfold following excitation.  Single molecule 

fluorescence captures the emission from several of the folded and unfolded configurations, 

which are distinctly different than the ensemble spectra. 

Fluorescence spectral trajectories were collected for all four compounds and analyzed 

statistically to reveal common spectral types and switching frequency.  Spectral activity showed 

an unambiguous difference between lin4 and cat4.  PTDI units in cat4 undergo small photo-

induced displacements, and multicolored spectra suggest that subtle but fast individual PTDI 

conformational changes may intermittently disrupt the delocalized excitons.  Spectral trajectories 

for lin4 confirm previously studied linear trimer and hexamer in that they frequently switched 

between spectral types and displayed all spectral types, including pure green, multicolored 

composites, and pure red.  The fact that linear and cyclic compounds have dramatically different 

spectral trajectories strongly supports that photo-induced phenomena actively fold and unfold 

foldamers on glass substrates and hence switch on-and-off many spectral types. 

Chromophoric interplay within the foldamers generates fluorescence spectra that span a 

colorful range: the greater the number of chromophores, the richer the color until a point.  The -

stack emission continuously shifts toward red from dimer to tetramer, but without further 

increase for larger oligomers, suggesting the maximum domain length is delocalized across 

mainly four -stacked PTDI dyes. 

The optical behavior of molecular aggregates is both fundamentally and technologically 

interesting and the results presented here have broader ramifications.  Photo-induced unfolding 

itself has many possible applications. For example, the distinctly different folded conformations 

having different emission properties can be used for biosensors and nano-tensil strength 

detectors.  It has been demonstrated that perylene self-assembles above its critical concentration2 
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and that self-assembly directs specific reactions and enhances the reaction rate, thereby serving 

as a catalyst.8  Combining directed self-assembly and controllable photo-induced disassembly 

could create nano-scale shuttles or other devices in which photo-induced actuation is to occur 

within defined nanoscale architectures.  The cyclic versus linear structures discussed here 

provide insightful information regarding how the assembly distances and rates might be 

controlled.  Furthermore, direct measurement of the exciton domain length is important for 

building molecular wires and self-assembled molecular circuitry.  
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SUPPORTING INFORMATION 

  a)       b) 

 

 

 

 

 

 

 

 

 

 

 

 

Figure S1.  a) The spectral trajectories are representative of the majority of lin2 (left) and cyc2 

(right).  lin2 typically displays monomer-like green emission with limited switching to -stack 

red emission.  cyc2 typically shows composite emission.  b) These spectra are two examples of 

less typical spectra exhibiting spectral switching.  Only 13 out of 101 lin2 molecules investigated 

exhibited spectral switching (SA) greater than twice per minute, and only 19/94 cyc2 molecules 

displayed similar switching. 

 

LIN CYC2 LIN CYC2 
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Figure S2.  Two representative spectral trajectories of 164 investigated for the linear pentamer.  

Red fluorescent emission peaks are no further red-shifted than for the linear tetramer.  
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Figure S3.  Two representative spectral trajectories of 112 investigated for the linear 11-mer.  

Red fluorescent emission peaks are no further red-shifted than for the linear tetramer or 

pentamer. 
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Figure S4.  Two representative spectral trajectories of 92 investigated for lin4.  Average 

maximum -stack emission, 647nm, is not increased in wavelength for longer foldamers. 
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Figure S5.  Two representative spectral trajectories of 93 investigated for cat4.  cat4 displays 

mostly composite spectra, although the red to green emission ratio may differ from molecule to 

molecule and occasionally switches within a single trajectory.  Average maximum -stack 

emission, 647nm, is the same as lin4. 
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Figure S6.  Four dual time traces for both lin4 (left) and cat4 (Right).  lin4 tends to display 

greater spectral switching between red and green emission, while cat4 mostly displays 

simultaneous red and green emission.  Photons > 550nm are directed to the “red” channel while 

photons <550nm are directed to the green channel.  Bin time = 20ms. 
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Figure S7.  Example time-resolved fluorescent lifetime plot for lin4 compared to the free 

monomer; the plot on the left has a linear intensity axis while the plot on the right has a 

logarithmic intensity axis.  The monomer fits well to a single exponential, yielding a lifetime of 

4.00 +/- 0.01 ns, while lin4 fits a bi-exponential yielding two lifetimes: a faster ~4 ns component 

and a slower ~10 ns component. 
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Figure S8.  Fluorescent lifetimes for linear foldamers up to hexamer.  (A) Monomer shows a 

single exponential decay with 4 ns lifetime while oligomers consistently fit to a bi-exponential to 

yield ~4ns and ~10ns lifetimes.  (B) %-monomer-like emission from the excited state estimated 

using pre-exponential factors.  We estimated the %-monomer-like emission from 

A1/(A1+A2*C), where A1 and A2 are the pre-exponential factors of the fast and slow lifetime 

components, respectively, and C is a scaling factor to account for differences in monomer vs. -

stack quantum yields. 
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Calculation of percent oligomers folded in ensemble ground and excited states: 

Ground State.  The absorption coefficient for the 0-1 vibrational peak scales linearly between the 

free monomer and the dimer, while the 0-0 peak scales sub-linearly, so the observed peak ratio 

robs = A0-0 / A0-1 can be used to determine the percent of chromophores that are “free” monomers.  

Then robs = rmon·xmon + rdim·(1-xmon) where rmon and rdim are the ratios for the free and completely 

coupled dimers, respectively, and xmon is the fraction of total chromophores that remain free.  robs 

and rmon are easily measured; rdim was estimated at 0.73 in CH2Cl2 from known dimers (see 

below).  With rmon=1.64 (CH2Cl2), and robs for Cyc2 = 0.73, essentially all of the Cyc2 

chromophores are “coupled” in the ground state.   While for Lin2, robs = 0.84 and approximately 

10% of the linear dimers are “uncoupled.” 

Excited State.    

Method 1.  It is reasonably assumed that the Fl0-0 (535nm) peak only results from free monomer-

like emission (while delocalized emission is responsible for the red emission peak),  Since the 

absorption coefficient for the A0-1 peak (489nm) is the same for a dimerized or free chromophore 

and the ratio between the fluorescence and absorbance for the free monomer (Fl0-0
mon / A

0-0
mon) is 

known, the theoretical magnitude (integrated area) of the Fl0-0 peak for 100% free chromophores 

can be calculated.  Thus (Fl0-0
obs / A

0-0
 obs) / (Fl0-0

mon / A
0-0

mon) = fraction of monomers that emit 

from the monomer-like state.  For Lin2, 20% of the emission is monomer-like, while Cyc2 

exhibits 3% monomer-like emission.  Lin4 and Cyc4 exhibit 5% and 1%, respectively. 

Method 2.  The monomer and -stack emission components were determined from the 

fluorescent spectra in figure 1 in the main text by performing multiple peak Gaussian fitting 

using Origin or Igor Pro software.  The spectra were fit to four peaks: two for the monomer-like 

emission peaks (535 and 575nm) and two for the closely overlapping -stack emission peaks 
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(624nm+). We estimated the percent monomer-like emission from G / (G + R*C), where G and 

R are the sum of the integrated green and red components, respectively, and C is a scaling factor 

to account for differences in monomer vs. -stack quantum yields. 

Determine rdim.  To determine the robs for the “completely folded” state, the chromophores must 

not only be folded but also coupled, ideally with the perylene planes stacked about 3.5A apart.  

No reported structure is known that covalently “locks” an unsubstituted PTDI dimer in such a 

configuration.  While such examples have been reported for substituted perylene, their robs can 

not be directly compared.1,2  However, other unsubstituted perylene cyclophanes have been 

reported, and they exhibit robs values similar to Cyc2, (0.73).3,4  Similar self-assembled dimers 

are reported where assembly apparently stops at dimerization, and these examples also report robs 

~ 0.73.5  Perylene dimers have also been formed by hybridized DNA, but the robs is measured in 

highly solvophobic water and the influence of -stacking with adjacent DNA bases is not clear.6  

In all cases, intermolecular assembly between presumed dimers must be considered as the robs for 

intra-stack (“sandwich”) chromophores is significantly lower than the “end-cap” chromophores 

for the dimers (i.e. robs should be independent of concentration).  Considering all these examples, 

we estimate that the completely “coupled” unsubstituted perylene dimer has an robs ~ 0.73 in 

CH2Cl2. 
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Abstract 

  It’s in the Twist: The extent of twist from planarity in a series of perylenetetracarboxylic 

diimides (PDIs) modulates the attractive  stacking force, revealing an array of inherent 

molecular recognition codes.  Such coded self-assembly directs specific reaction pathways so 
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that a mixture of differently coded reactive monomers results in identical products as if the 

reactions were carried out in separate flasks. 

Introduction 

The physical barrier of a single reaction flask corrals the reaction pathway between a pair of 

reactants at high concentrations (>1mM).  In the living cell, however, preferred self-organization 

directs and regulates specific reactions, often at very dilute concentrations (~nM) while 

competing with a myriad of other possible reactants without physical barriers.1  Nature 

accomplishes this multifarious task by using dynamic molecular recognition to sort reactive 

centers according to inherent molecular codes, thus augmenting their effective molarity both 

efficiently and specifically.2  Weak secondary forces available for molecular encoding include 

dispersion forces, coulombic interactions, hydrogen bonding, solvophobic forces, metal-ligand, 

and  stacking interactions.3  Relatively few characters like size, shape and charge create such 

complex molecular codes, often required to balance molecular rigidity and flexibility using the 

interactive forces simultaneously and synergistically to produce molecular self-sorting effects 

that control reaction pathways. 

Self-assembly due to  stacking forces, which result from the molecular overlap of -

orbitals between planar aromatic systems, has recently attracted much interest.4  Perylene 

diimides (PDIs) are particularly interesting because they assemble efficiently,5 often augmented 

by solvophobic forces, and thus steric groups are often added in either the imide or bay positions 

to inhibit the strong propensity to self-assemble or ultimately precipitate.6  However, 

functionalizing the PDIs with flexible tetraethylene glycol (TEG) chains balances rigidity and 

flexibility and enables high solubility in a wide range of solvents while still allowing the unique 

dynamic self-assembly (DSA) properties to be harvested.7 
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Bay-substitutions twist the perylene dihedrally out of plane, with the dihedral angle tunable 

from 0 to 37 degrees.8  Here, we examine DSA between bay-substituted monomers 1-4 (Scheme 

1a) to broadly establish the dihedral twist angle role upon molecular encoding.9  Remarkably, 

differently twisted monomers preferentially self-assemble into segregated nanostructures even in 

the presence of other twisted units, revealing their unique molecular encryption (Scheme 1b).  

 

Scheme 1. a) Bay-substitutions encode compounds 1-4, twisting them from 0 to 37.  b) 

Heterogeneous mixtures of encoded PDIs self-sort into homogeneous stacks. 

Modern complimentary spectroscopic methods, especially optical absorption and NMR, 

readily detect self-assembly in solution.10  Optical electronic absorption monitors PDI self-

assembly extent, where DSA results in a displaced harmonic oscillator, favoring excitation to the 

second vibrational level (v’=1) of the excited state instead of the lowest vibrational level (v’ = 0).  

This results in a diagnostic change in the Franck Condon Factors, manifested by a dramatic 

alteration in the ratio of the absorbance vibrational peaks, robs=A0-0/ A0-1.9-12 

As a complementary technique, NMR reveals the environmental changes where the aromatic 

perylene protons experience up-field chemical shifts obs upon assembling because -stack ring 

current further shields the neighboring protons.7,9  Although all the aromatic protons diagnose 

stacking, similar non-bay-position protons were compared for consistency between different 

twisted species.9 

b) a) 
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Both absorbance and NMR report that DSA increases as concentration increases (Figures 1a, 

1b); however the variously twisted monomers 1-4 are organizing at distinct paces and the more 

highly twisted monomers assemble at increasingly higher concentrations. At dilute 

concentrations, the monomers remain mostly free and the observed physical property Pobs (robs or  

obs) remains relatively static over several orders of magnitude.  Once the concentration reaches 

the molecular coded critical concentration dictated by the twist angle, a significant percent of the 

monomers form stacked dimers and Pobs, indicating the molecular collective behavior, begins to 

change noticeably.  At even higher concentrations, longer stacks form, although the rate of 

change in Pobs abates with successive assembled units.  The critical concentration onset covers a 

broad range (>2 orders magnitude) and hints at unique molecular codes, which can be exploited 

to control reaction pathways. 
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Figure 1.  Concentration dependent a) A0-0/A0-1 ratio, robs, and b) NMR chemical shift, obs, for 

compounds: 1 (■), 2 (●), 3 (♦), and 4 (▲) in CHCl3 / CDCl3 at RT.  Solid lines display isodesmic 

model calculated values.  Vertical dashed lines mark the critical assembly concentrations.  Inset 

are example concentration dependent spectra for compound 1. c) Calculated GSA values scale 

nearly linearly with the dihedral twist angle .  d) Perylene proton chemical shifts for compounds 

1, 3, and 4 in a 1:1:1 mixture (markers) compared to the same shifts for separate homogeneous 

solutions (lines) at equal concentrations.  Nearly identical values between the homogeneous and 

heterogeneous solutions demonstrate almost exclusively independent molecular codes. 1H-NMR 

spectra for the same mixture at four sample concentrations are inset. 

While absorbance and NMR clearly detect DSA, determining the equilibrium constant (KSA) 

for indefinite self-association is not trivial as self-assembled dimers, trimers, and higher stacks 

a) 

b) 

c) 

d) 
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typically co-exist with the monomer and yield absorbance ratios and chemical shifts beyond a 

simplified dimerization model.7  KSA is determined using the isodesmic equal K model 

summarized by Martin.13  Under this model, the -stacking force is assumed to be the same 

between the ith and (i +1)th monomer, and K2=K3=…K∞ = KSA.  The calculated robs and obs 

following least squares fitting to the observed values are plotted as solid lines in Figures 1a and 

1b.9  In agreement with Wurthner et al.,5b self-assembly free energy (GSA = -RT ln KSA) exhibits 

nearly linear dependence on twist angle (Figure 1c).  Variable solvent composition and 

temperature also drive the same stacking interactions and Van’t Hoff analysis corroborates the 

concentration driven GSA values.9 

The tunable twisted monomers assemble due to their unique encoding, but even more 

remarkably multiple codes are able to assemble simultaneously and independently.  To test code 

specificity, we made an equimolar 1:1:1 mixture of compounds 1, 3, and 4 to compare the 

concentration dependent obs in the heterogeneous mixture to the individual homogeneous 

solutions (Figure 1d).9  Remarkably, the mixture self-organizes such that the differently twisted 

monomers selectively self-assemble with their own kind and apparently very little cross-

assembly occurs.  If the molecular codes were interchangeable, the three independent self-

assembly critical concentrations would collapse into one critical concentration and the highly 

twisted compound 4 would assemble at much lower concentrations than in the homogeneous 

case. 
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Table 1.  Extent of cross-assembly between two compounds A and B. 

 

a. Concentrated compound A in left column, dilute compound B along top row. b. CA = 1 for 

indistinguishable codes (no selectivity) and = 0 for completely independent codes (absolute 

selectivity). 

Consequently, we have defined a new physical quantity, CA, to describe the extent of cross 

assembly, and related it to the PDI code-enabling twist angles contrasting homogenous and 

heterogeneous assembly situations.  To a concentrated homogeneous solution of monomer A, a 

trace amount of B was spiked in, and the chemical shifts of each monomer in the mixture were 

observed (obs) and compared to their chemical shifts in infinitely dilute homogeneous solutions 

(dil).
9  This provides a numerical measurement for the extent of cross-assembly (CA) between 

differently twisted units, where  CA =  (B,dil – B,obs) /  (A,dil - A,obs).  Thus CA equals 1 for 

indistinguishable (redundant) codes and 0 for completely independent codes.  Table 1 displays 

the measured CA values for each mixture.  These CA values suggest that compounds 1, 3, and 4 

establish mostly unique molecular codes, while compound 2 exhibits significant cross-assembly 

with 1 and 3.  The CA value is widely independent of monomer A concentration.  Remarkably, 

cross-assembly is limited except for similarly twisted compounds. A CA value less than 0.2 

results in essentially separate codes, corresponding to a  of approximately 15 degrees.  The 

twist angle alone, ranging from 0-37 degrees, provides at least three distinguishable codes.  

Therefore, molecular shapes enable selective molecular codes for self-organization. 
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Scheme 2. The planar bisphosphoramidite 5 was reacted separately with various twisted 

monomers to form cyclic structures 6-10.9  As  increases, reaction yields diminish due to 

deteriorating compatible assembly codes.  Concomitantly, -stack induced up-field chemical 

shift () decreases and absorbance vibronic peak ratio (robs) increases providing reliable metrics 

of code compatibility. a: CH2Cl2, N-phenyl-imidazolium triflate. b: 0.2M I2 (CH2Cl2/Py/H2O 

1/3/1). 

Scheme 2 outlines how phosphoramidite coupling chemistry complies with the shape-change 

enabled molecular codes, which manifests different reaction yields because similarly coded 
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molecules effectively reduce the coupling activation entropy penalty.  Reacting the 

bifunctionalized planar monomer 5 with various twisted monomers 1-4 in separate reactions 

yielded bichromophoric cyclic compounds 6-10, which were isolated in all cases in addition to 

other linear products.  However, the reaction yield of the desired binary cyclic compounds abated 

with increasing twist angle of the starting monomers 1-4.  Scheme 2 summarizes each reaction 

yield, revealing the existence of molecular encoding effects during reactions.   

For the reaction between planar precursors, stronger attractions drive self-assembled stack 

formation, reducing the activation entropy for coupling and favorably orienting the reaction 

centers for a cooperative cyclization reaction, yielding cyclic products over other possible linear 

polymer structures.  As the difference in twist angle () increases, the intermolecular assembly 

codes fade and heterochromophoric cyclic compounds become less probable than other random 

collision products. 

In all cases, the distance between the two cooperative reaction centers is the same, roughly 39 

Å away.  The nano-environment of the reaction centers is also the same because both are bound 

to tetraethylene glycol linkers.  Electronic effects such as electron induction or hyperconjugation 

from the perylene unit (through bond effects) cannot contribute to the reactivity difference or 

alter the reaction course because the reaction center is ~14 Å away from the perylene unit.  At 

such an isolated position, perylene can hardly impart any steric repulsion (through space effects).  

The experimental results demonstrate that molecular self-assembly invokes selective coding 

phenomena and the reactions abide by the molecular codes. 

The restrictive cyclic architectures force the chromophores into close proximity independent of 

concentration.  Just as optical absorption and NMR report the extent of homogeneous self-

assembly, they also report the extent of folding in covalently bound hetero-dimers.9  The robs and 
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 for compounds 6-10 are summarized in Scheme 2. Despite the restrictive architectures, cyclic 

dimers with incompatibly coded chromophores (10) are essentially unfolded whereas compatibly 

coded structures (6) are strongly folded.  Both absorption and NMR divulge that molecular 

shapes behave like codes in reactions and otherwise. 

Obviously monomers with similar twist angles tend to self-organize independently of other 

coded structures.  The next natural step tests whether such molecular codes can direct chemical 

reactions to form specific products.  Homochromophoric exotic catenane and ring structures 

were previously synthesized from starting compounds 1 and 4 using disulfide linkages.14,15 From 

homogenous mixtures of reactive monomers, planar 11 formed monomer ring 13, dimer ring 14, 

and concatenated rings 15, while highly twisted compound 12 only yielded homochiral or 

heterochiral dimer ring 16. 

To validate the molecular code concept, we employed a 1:1 heterogeneous reaction mixture of 

compounds 11 and 12, where they had identical reaction groups and underwent the same 

disulfide bond formation (Scheme 3).  If there were no molecular codes, the two building blocks 

11 and 12 would be mixed indistinguishably and statistically in the reaction products.  

Convincingly, only the homo-reaction products 13-16, identically formed in the separate 

homogeneous reactions, could be isolated; no cross-talk product such as heterogeneous ring 

compound 17 was detected no matter how early or late the reaction was quenched.  The 

heterogeneous reaction mixture proceeded as if the reactions had occurred in separate flasks, 

demonstrating that the molecular codes determined by the differently twisted structures 

effectively direct the reaction products.  Therefore, self-assembly, not a random collision 

mechanism, dominates the reaction course. 
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In contrast, the heterogeneous mixture between similarly coded planar compounds 11 and 18 

resulted in a new cross-assembly compound, the heterochromophoric cyclic dimer 22 (Scheme 

3).  NMR and absorbance data demonstrate that both planar compounds independently display 

strong homogeneous -stacking interactions while jointly exhibiting strong heterogeneous -

stacking interactions.9  Even though the monosulfur compound has a larger -stack area and such 

five-member ring addition enlarges its size and generates slightly higher -stacking force, the 

difference is not sufficient to form a unique code, providing an example of code redundancy. 

 

Scheme 3. Reaction between independently coded monomers 11 and 12 results in 

homochromophoric products 13 - 16 only, the identical products observed in homogeneous 

reactions in separate flasks.  No heterchromophoric cyclic product 17 was isolated.  However, 

reaction between redundantly coded planar monomers 11 and 18 resulted in new 

heterchromophoric compound 22, manifesting crosstalk between compatible codes. a: NaOMe, 

CH2Cl2, Air; H+ quench. 
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In summary, when two species hardly mingle (CA = 0.02), experimental results reveal their 

reactions proceed as if carried out in separate flasks and molecular codes effectively direct their 

distinct separate reaction pathways.  When two species co-self-assemble (CA ≈ 1.0), 

experimental results elucidate that redundant molecular codes direct them down the same or very 

similar reaction pathways.  The imprinted twist-angle (structural architecture) determines the 

thermodynamic parameters and directs solvophobic interactions, establishing useful molecular 

codes.  The similarity limits in twist angle for PDI code compatibility, twist > 15, effectively 

distinguishes unique molecular codes, corresponding to a GSA of about 1 kcal/mol.  Differences 

in chemical shift () and absorbance ratio (robs) effectively report the extent of -stacking, 

providing metrics for code deciphering. 

Understanding the forces directing self-assembly represents a crucial step forward to mimic the 

mechanisms nature employs for efficient and specific macromolecular synthesis.  Variably 

twisting the PDI cores effectively tunes the -stacking force, imprinting distinct molecular 

shapes and providing at least three independent codes capable of organizing reaction centers and 

directing separate reaction outcomes.  Thus a new hypothesis emerges: molecular size, shape, 

and charge constitute molecular codes and such molecular codes effectively control chemical 

reaction pathways and products. 
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SUPPORTING INFORMATION 

Experimental Section 

General.  Synthesis and characterization for compounds 1 and 4 have previously been 

reported,S1-S2 as have compounds 11-16.S2  Synthesis and characterization of compounds 2-3, 5-

10, and 18-22 are detailed below.  Solvents and reagents were purified where necessary using 

literature methods. MALDI-TOF mass spectra were obtained with an ABVS-2025 spectrometer. 

1H-, 13C-, and 31P- NMR spectra were recorded with a Mercury 300 (300 MHz) spectrometer in 

CDCl3 (CD3OD) solutions.  Bruker 500 MHz was also used when necessary.  TMS was used as a 

reference for 1H-NMR; 77.23ppm was adopted as the central line of CDCl3 for 13C-NMR; an 

85% H3PO4 solution was used as an external reference for 31P-NMR.  UV-vis spectra were 

recorded with a Varian Cary 100 spectrophotometer using quartz cuvettes.  Reactions were 

monitored by thin-layer chromatography (TLC) on a precoated plate of silica gel 60 F254 (EM 

Science). Column chromatography was performed on silica gel 60 (230-400 mesh, EM Science) 

or flash silica gel, 32-60um (Dynamic Adsorbents). 

Bis-N,N’-(2-(2-(2-(2-hydroxyethoxy)ethoxy)ethoxy)ethyl)-1-bromo-3,4,9,10-

perylenetetracarboxylic diimide. (2).  Perylene-3,4,9,10-tetracarboxylic dianhydride (5g, 12.7 

mmol) was dissolved in concentrated H2SO4 and heated to 85C.  Br2(l) (0.5ml, 9.7 mmol) was 

then added and the bromine refluxed; careful monitoring by TLC (CH2Cl2)  showed formation of 

the mono-brominated (Rf = 0.2) and di-brominated (Rf = 0.3) compounds.  When TLC reported 

nearly equal amounts of mono-bromo, di-bromo, and unreacted perylene, the reaction was 

cooled to RT, vented to remove excess bromine, and the mixture slowly poured into 2L of water.  
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The precipate was filted and dried in a vacuum oven at 65C.  The solid red powder mixture was 

used for the next step without purification.  The mixture, containing mono-bromo-perylene-

3,4,9,10-tetracarboxylic dianhydride, (1.0g, ~2 mmol) was dissolved in pyridine (20 ml).  2-(2-

(2-(2-aminoethoxy)ethoxy)ethoxy)ethanol (0.703g, 3.6 mmol) was added and the reaction 

mixture was heated to 85C for four hours.  Reaction monitoring by TLC (DCM:MeOH 15:1) 

showed evolution of the desired red colored product (Rf  = 0.3) as well as the dibromo product 

(Rf = 0.35); non-substituted perylene remained mostly unreacted.  The reaction mixture was 

cooled to RT and the solvent removed under reduced pressure.  The residue was subject to a 

silica gel column (DCM:MeOH 15:1) and compound 2, 0.73 g (0.09 mmol, 4% theoretical yield) 

was collected as one of the main fractions; compound 3 was also collected for future use.   1H-

NMR(CDCl3): 9.586 (d, 1H, J=8.1Hz, perylene), 8.699 (s, 1H, perylene), 8.54-8.49 (m, 3H, 

perylene), 8.37-8.33 (m, 2H, perylene), 4.48-4.41(m, 4H, NCH2CH2O), 3.90-3.3.84 (m, 4H, 

NCH2CH2O), 3.77-3.54 (m, 24H, OCH2CH2O, CH2OH), 2.75 (bs, 2H, CH2OH).  13C-

NMR(CDCl3):163.202, 162.908, 162.780, 161.989, 138.940, 133.239, 132.897, 132.850, 

132.616, 130.761, 130.274, 128.323, 127.923, 127.645, 127.449, 126.196, 123.606, 123.261, 

123.104, 122.874, 122.767, 122.287, 120.880, 72.746, 70.811, 70.701, 70.688, 70.520, 70.287, 

70.256, 68.072, 68.005, 61.886, 39.612, 39.528.  MS (MALDI-TOF): m/z 821.19 [M+H]+; 

843.17 [M+Na]+. 

Bis- N, N’ - (2 - (2 - (2 - (2 - hydroxyethoxy) ethoxy) ethoxy) ethyl) - 1, 7 – dibromo - 3, 4, 9, 

10 - perylenetetracarboxylic diimide. (3).  1,7-dibromoperylene-3,4,9,10-tetracarboxylic 

dianhydride was prepared according to literature procedures;S3 (2 g, 3.6 mmol) was dissolved in 

pyridine (20 ml).  2-(2-(2-(2-aminoethoxy)ethoxy)ethoxy)ethanol (1.756 g, 9.09 mmol) was 

added and the reaction mixture was heated to 85C for four hours.  Reaction monitoring by TLC 
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(DCM:MeOH 15:1) showed evolution of the desired red colored product (Rf  = 0.35).  The 

reaction mixture was cooled to RT and the solvent removed under reduced pressure.  The residue 

was subject to a silica gel column (DCM:MeOH 15:1) and 1.597 g (1.77 mmol, 49% theoretical 

yield) was collected as the main fraction.  1H-NMR(CDCl3): 9.466 (d, 2H, J=8.1Hz, perylene), 

8.911 (s, 2H, perylene), 8.689 (d, 2H, J=8.1Hz, perylene), 4.478 (t, 4H, J=5.7Hz, NCH2CH2O), 

3.869 (t, 4H, J=5.7Hz, NCH2CH2O), 3.741-3.542 (m, 24H, OCH2CH2O, CH2OH), 2.53 (bs, 2H, 

CH2OH).  13C-NMR(CDCl3): 162.961, 162.463, 138.095, 132.862, 132.732, 130.098, 129.104, 

128.516, 126.960, 123.152, 122.707, 120.987, 72.707, 70.913, 70.827, 70.798, 70.531, 70.322, 

68.063, 61.907.  MS (MALDI-TOF): m/z 900.4 [M]+.  Note:  The dianhydride and the diimide 

1,7-dibromo isomers contain about 10% of the 1,6-dibromo isomer which is not easily separated 

by column chromatography. Both isomers have similar twist angles and apparently assemble 

almost interchangeably, as seen in Figures S2 and S5. 

Bis-N, N’- (2- (2- (2- (2- (2- cyanoethyl-N,N-diisopropylphosphoramidous)-ethoxy) ethoxy) 

ethoxy) ethyl) -3, 4, 9, 10 - perylenetetracarboxylic diimide. (5).  To a solution of bis-N,N’-(2-

(2-(2-(2-hydroxyethoxy)ethoxy)ethoxy)ethyl)-3,4,9,10-perylenetetracarboxylic diimide (150 mg, 

0.20 mmol) in 25 ml dry CH2Cl2 was added diisopropylethylamine 0.14 mL (~4eq). Then 

chloro-N,N-diisopropylaminocyanoethoxyphosphane (0.12 mL, 0.56 mmol, ~2.8 eq) was added 

dropwise at RT under argon. After 20 min of stirring under argon at RT, the reaction mixture 

was diluted with CH2Cl2 /Et3N (300/15, v/v) 100 mL and the organic phase was washed with a 

saturated aqueous NaHCO3 solution and brine. The organic layer was dried over Na2SO4, 

filtered, and evaporated to dryness. The residue was subject to a silica gel column 

(CH2Cl2/EtOAc/Et3N, 3/6/1) to give the title product 5 184 mg (yield 80%) as a red solid, which 

is unstable and used for the next step freshly.  1H NMR (CDCl3): 8.273 (d, 4H, J = 7.8 Hz, 
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perylene), 8.033 (d, 4H, J = 7.8 Hz, perylene), 4.392 (t, 4H, J=5.7Hz, NCH2CH2O), 3.84-3.58 

(m, 36H, NCH2CH2O, OCH2CH2O, OCH2CH2OP, OCH2CH2CN, NCH(CH3)2), 2.624 (t, 4H, J = 

6.3 Hz, OCH2CH2CN), 1.145-1.103 (m, 24H, CH(CH3)2). 
13C-NMR(CDCl3): 163.004, 133.869, 

130.958, 128.843, 125.647, 122.995, 122.841, 117.998, 71.479, 71.381, 70.912, 70.862, 70.807, 

70.749, 70.309, 68.114, 62.906, 62.679, 58.914, 58.667, 43.395, 43.230, 39.565, 25.001, 24.931, 

24.902, 24.839, 20.712, 20.625.  31P-NMR (CDCl3): 148.886 (s). 

Cyclization of bisphosphoramidite 5 with variously twisted monomers: 

Compound 6.  The bisphosphoramidite 5 (57 mg, 0.05 mmol) and compound 1 (16 mg, 0.024 

mmol) were dried at RT in high vacuum for 24 hrs and dissolved in dry CH2Cl2 (30mL). 3A MS 

(0.2 g) were added into the solution and the mixture was stirred for 15 min under Argon. Then 

N-phenyl-imidazolium triflate (N-PhIMT) (44 mg, 0.15 mmol) was added into the mixture and 

after 5 hrs of stirring at RT under argon, a 0.2 M solution of I2 (1 mL of CH2Cl2/Pyridine/H2O, 

1/3/1, v/v/v) was added dropwise into the reaction. The mixture was stirred for 20 min, and then 

filtered and the residue was washed with chloroform. The filtrate was washed with a 5% 

Na2S2O3 aqueous solution and brine and extracted with chloroform. The organic layer was dried 

over Na2SO4, filtered, and evaporated to dryness. The residue was subject to a silica gel column 

(CH2Cl2/CH3OH, 15/1) to give compound 6, 9 mg (yield: 27%).  1H-NMR (CDCl3): 8.13 (d, 8H, 

J = 8.1 Hz), 7.82 (d, 8H, J = 8.1 Hz), 4.36-4.20 (m, 20H), 3.86-3.82 (m, 8H), 3.73-3.61 (m, 40H), 

2.85 (t, 4H, J = 6.3 Hz). 31P-NMR(CDCl3): –0.765 (s).  MS (MALDI-TOF): m/z 1715.52 

[M+H]+; 1737.50 [M+Na]+. 

Compound 7.  The bisphosphoramidite 5 (57 mg, 0.05 mmol) and compound 2 (24 mg, 0.024 

mmol) were dried at RT in high vacuum for 24 hrs and dissolved in dry CH2Cl2 (30mL). 3A MS 

(0.2 g) were added into the solution and the mixture was stirred for 15 min under Argon. Then 
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N-PhIMT (44 mg, 0.15 mmol) was added into the mixture and after 5 hrs of stirring at RT under 

argon, a 0.2 M solution of I2 (1 ml of CH2Cl2/Pyridine/H2O, 1/3/1, v/v/v) was added dropwise 

into the reaction. The mixture was stirred for 20 min, and then filtered and the residue was 

washed with chloroform. The filtrate was washed with a 5% Na2S2O3 aqueous solution and 

brine, extracted with chloroform. The organic layer was dried over Na2SO4, filtered, and 

evaporated to dryness. The residue was subject to a silica gel column (CH2Cl2/CH3OH, 15/1) to 

give compound 7, 9.8 mg (yield: 27%)  1H NMR (CDCl3): 9.37 (d, 1H, J = 8.4 Hz), 8.42 (s, 1H), 

8.28-8.20 (bt, 7H), 7.98-7.92 (bt, 6H), 4.41-4.24 (m, 20H), 3.90-3.87 (m, 8H), 3.78-3.63 (m, 

40H), 2.90 (t, 4H, J = 6.3 Hz). 31P-NMR(CDCl3): –0.606 (s).  MS (MALDI-TOF): m/z 1793.43 

[M+H]+; 1815.41 [M+Na]+. 

Compound 8.  The bisphosphoramidite 5 (57 mg, 0.05 mmol) and compound 3 (28 mg, 0.024 

mmol) were dried at RT in high vacuum for 24 hrs and dissolved in dry CH2Cl2 (30mL). 3A MS 

(0.2 g) were added into the solution and the mixture was stirred for 15 min under Argon. Then 

N-PhIMT (44 mg, 0.15 mmol) was added into the mixture and after 5 hrs of stirring at RT under 

argon, a 0.2 M solution of I2 (1 ml of CH2Cl2/Pyridine/H2O, 1/3/1, v/v/v) was added dropwise 

into the reaction. The mixture was stirred for 20 min, and then filtered and the residue was 

washed with chloroform. The filtrate was washed with a 5% Na2S2O3 aqueous solution and 

brine, extracted with chloroform. The organic layer was dried over Na2SO4, filtered, and 

evaporated to dryness. The residue was subject to a silica gel column (CH2Cl2/CH3OH, 15/1) to 

give compound 8, 2.2 mg (yield: 5.8%)  1H NMR (CDCl3):  9.17 (d, 2H, J = 8.1 Hz), 8.56 (s, 

2H), 8.38 (d, 4H, J=8.4Hz), 8.35 (d, 2H, J=8.1Hz), 8.16 (d, 4H, J=8.4Hz), 4.47-4.22 (m, 20H, 

NCH2CH2O, OCH2CH2OP, OCH2CH2CN), 3.88-3.82 (m, 8H, NCH2CH2O), 3.75-3.62 (m, 40H, 
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TEG), 2.86 (t, 4H, J = 6.3 Hz). 31P-NMR(CDCl3): –0.623 (s). MS (MALDI-TOF): m/z 1871.34 

[M+H]+; 1893.32 [M+Na]+. 

Compound 9.  Bis-N,N’-(2-(2-(2-(2-hydroxyethoxy)ethoxy)ethoxy)ethyl)-1,6,7,12-

tetraphenoxy-3,4,9,10-perylenetetracarboxylic diimide was prepared according to literature 

procedures.S4 The tetraphenoxy starting material (81 mg, 0.073 mmol) and bisphosphoramidite 5 

(100 mg, 0.087 mmol) were dried at RT in high vacuum for 24 hrs and dissolved in dry CH2Cl2 

(30mL). 3Å MS (100 mg) were added into the solution and the mixture was stirred for 15 min 

under Argon. Then 292L of a 0.45M tetrazole solution in acetonitrile was added into the 

mixture and after 5 hrs of stirring at RT under argon, a 0.2 M solution of I2 (1 ml of 

CH2Cl2/Pyridine/H2O, 1/3/1, v/v/v) was added dropwise into the reaction. The mixture was 

stirred for 20 min, and then filtered and the residue was washed with chloroform. The filtrate was 

washed with a 5% Na2S2O3 aqueous solution and brine, and extracted with chloroform. The 

organic layer was dried over Na2SO4, filtered, and evaporated to dryness. The residue was 

subject to a silica gel column (CH2Cl2/CH3OH, 15/1) to give compound 9, 9 mg (yield: 5.9%). 

1H-NMR (CDCl3): 8.49 (d, 4H, J=6.9Hz, perylene), 8.38 (d, 4H, J=7.5 Hz, perylene), 7.96 (s, 

4H, perylene), 7.26-7.21 (m, 8H, phenoxy), 7.09 (t, 4H, J=7.2Hz, phenoxy), 6.85 (d, 8H, 

J=7.8Hz, phenoxy) 4.35-4.20 (m, 20H, NCH2CH2O, OCH2CH2OP, OCH2CH2CN), 3.68-3.60 (m, 

48H, TEG, NCH2CH2O), 2.81 (t, 4H, J=6.3Hz, OCH2CH2CN). 13C-NMR (CDCl3): 163.27, 

163.00, 134.15, 132.57, 131.37, 130.18, 124.75, 123.31, 122.92, 122.38, 120.60, 120.43, 120.34, 

120.12, 119.89, 119.57, 117.12, 70.75, 70.34, 70.17, 68.02, 67.48, 62.26, 39.50, 19.85.  31P-

NMR(CDCl3): –0.634 (s).   

Compound 10.  The bisphosphoramidite 5 (57 mg, 0.05 mmol) and compound 4 (28 mg, 0.024 

mmol) were dried at RT in high vacuum for 24 hrs and dissolved in dry CH2Cl2 (30mL). 3A MS 
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(0.2 g) were added into the solution and the mixture was stirred for 15 min under Argon. Then 

N-PhIMT (44 mg, 0.15 mmol) was added into the mixture and after 5 hrs of stirring at RT under 

argon, a 0.2 M solution of I2 (1 ml of CH2Cl2/Pyridine/H2O, 1/3/1, v/v/v) was added dropwise 

into the reaction. The mixture was stirred for 20 min, and then filtered and the residue was 

washed with chloroform. The filtrate was washed with a 5% Na2S2O3 aqueous solution and 

brine, extracted with chloroform. The organic layer was dried over Na2SO4, filtered, and 

evaporated to dryness. The residue was subject to a silica gel column (CH2Cl2/CH3OH, 20/1) to 

give compound 10, 2.2 mg (yield: 4%). 1H-NMR (CDCl3): 8.631-8.538 (m, 12H, perylene), 

4.48-4.20 (m, 16H, NCH2CH2O, OCH2CH2OP), 3.90-3.60 (m, 52H, TEG, OCH2CH2CN), 2.85-

2.81 (m, 4H, OCH2CH2CN). 

Bis-N,N’-(2-(2-(2-(2-thioacetylethoxy)ethoxy)ethoxy)ethyl)-perylo[1,12-bcd]thiophene-

3,4:9,10-tetracarboxylic diimide (18).  To a solution of compound 3 (2 g, 2.22 mmol) in 100 

mL dry CH2Cl2 (4 Å activated molecular sieves, 3 days) at 0 ºC, was added p-toluenesulfonyl 

chloride (2.22 g, 11.65 mmol, 5.2 equiv) and dry triethylamine (NaOH, pellets 3 days) (18.5 ml, 

133 mmol). The reaction mixture was then stirred for 2 h at 0 ºC, and left overnight at room 

temperature (RT) under an argon atmosphere. TLC detection showed the completion of the 

reaction. The solvents were evaporated and the residue was diluted with CHCl3. The organic 

phase was washed with 1 N HCl (aq) solution and brine until the aqueous phase is pH ~7-8. The 

organic layer was dried, concentrated, and the residue was purified by chromatography on a 

silica gel column eluted with cyclohexane / ethyl acetate (1/1), and intermediate bis-N,N’ -(2- (2- 

(2- (2- tosyloxyethoxy) ethoxy) ethoxy) ethyl) – 1, 7–dibromo-3, 4, 9, 10-

perylenetetracarboxylic diimide was furnished in a yield of 70% (1.9 g). Rf 0.23, CH2Cl2/MeOH 

(50/1).  (purity 85%, impurity, 1,6-disubstituted): 1H-NMR (CDCl3, 300 MHz)  � 9.31 (d, J = 
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8.1 Hz, 2 H, perylene), 8.75 (s, 2 H, perylene), 8.55 (d, J = 8.1 Hz, 2H, perylene), 7.75 (d, J = 8.1 

Hz, 4H, tosyl), 7.32 (d, J = 8.1 Hz, 4 H, tosyl), 4.45 (t, J = 6.0 Hz, 4H, TEG), 4.13 (t, J = 4.8 Hz, 

4H, TEG), 3.84 (t, J = 6.0 Hz, 4H, TEG), 3.72-3.58 (m, 12H, TEG), 3.57-3.50 (m, 8 H, TEG), 

2.43 (s, 6 H, -CH3). 
13C-NMR (CDCl3, 75.48 MHz)  162.9, 162.4, 145.0, 138.0, 133.1, 132.8, 

132.7, 130.1, 130.0, 129.1, 128.5, 128.1, 126.9, 123.1, 122.7, 121.0, 70.9, 70.8, 70.7, 70.3, 69.5, 

68.9, 68.0, 39.7, 21.9. MS (MALDI): m/z 1205.9 [M]+.  To a solution of this compound (446 mg, 

0.37 mmol) in DMF (29 mL) was added potassium thioacetate (0.68 g, 5.8 mmol, 15.6 equiv), 

and the mixture was stirred at 80 C under an argon atmosphere overnight. The mixture was then 

concentrated under reduced pressure and purified by chromatography on a silica gel column 

eluted with cyclohexane / ethyl acetate (2/3). The title product was obtained in a yield of 19% 

(70 mg). Rf 0.22, CH2Cl2/MeOH (30/1). 1H-NMR(CDCl3, 300 MHz, ~20 mg/0.5 mL):   8.89 (s, 

2H, perylene), 8.51(d, J = 7.8 Hz, 2H, perylene), 8.35 (d, J = 7.8 Hz, 2H, perylene), 4.53 (t, J = 

5.7 Hz, 4H, TEG), 3.94 (t, J = 5.7 Hz, 4H, TEG), 3.81-3.79 (m, 4H, TEG), 3.71-3.68 (m, 4H, 

TEG), 3.64-3.61 (m, 4H, TEG), 3.57-3.55 (m, 4H, TEG), 3.54 (t, J = 6.3 Hz, 4H, TEG), 3.03 (t, J 

= 6.3 Hz, 4H, TEG), 2.30 (s, 6 H, -COCH3). 
13C-NMR (CDCl3, 75.48 MHz): � 195.8, 163.6, 

163.2, 138.0, 132.4, 130.6, 129.3, 127.1, 125.5, 123.2, 122.4, 122.2, 122.0, 70.96, 70.73, 70.49, 

70.36, 69.9, 68.2, 39.8, 30.8, 29.0. MS (MALDI-TOF): m/z 889.0 [M+H]+.  Anal. Calcd. For 

C44H44N2O12S3 (889.02): C 59.44, H 4.99, N 3.15, O 21.60, S 10.82.  Found: C 58.36, H 4.32, N 

2.94, O 22.24, S 11.10. 

Disulfide cyclization reactions: 

Heterogeneous cyclization of mixture 11 + 12:  Compounds 11 and 12 were synthesized as 

previously described.S2, S5  Compound 11 (26 mg, 0.03 mmol) and 12 (30 mg, 0.03 mmol) were 

dissolved in CH2Cl2 (300 mL), where the concentrations of each were 0.1 mM.  To the above 
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solution was added NaOMe (2 M in MeOH) dropwise, 15 drops (9” Pasteur pipette), at RT.  The 

color of the reaction mixture changed from red to dark blue. The reaction was monitored by TLC 

and then neutralized with Amberlite IR-120 (H+) resin upon the disappearance of both starting 

materials.  The mixture was filtered and the filtrate concentrated, flash chromatographed (Silica 

gel, CH2Cl2/MeOH 10/1) to analyze the final products.  No new compounds were detected by 

either TLC or chromatography (1H-NMR detection after separation) besides those formed in the 

separate reactions, compounds 13-16.  The reaction was repeated with early and late quenching; 

no additional compounds were formed. 

Homogeneous cyclization of compound 18: Two concentrations, 0.14 mM and 0.55 mM were 

used separately. Similar to the planar perylene 11, monomer ring 19, dimer cyclic ring 20, and 

dimer-dimer catenated ring 21 were separated.  In the 0.14 mM solution 19 and 20 were the 

major products, while in the 0.55 mM solution, 20 and 21 were the major products. 

Compound 19:  Rf 0.41, CH2Cl2/MeOH (20/1). 1H NMR (CDCl3, 300 MHz)   9.32 (s, 2H, 

perylene), 8.96 (d, J = 8.1 Hz, 4H, perylene), 8.92 (d, J = 8.1 Hz, 4H, perylene), 4.62 (t, J = 4.8 

Hz, 4H, TEG), 3.93 (t, J = 4.8 Hz, 4H, TEG), 3.65-3.59 (m, 4H, TEG), 3.57-3.50 (m, 4H, TEG), 

3.30 (t, J = 4.8 Hz, 4H, TEG), 2.87 (t, J = 4.8 Hz, 4H, TEG), 2.79  (t, J = 6.6 Hz, 4H, TEG), 1.90 

(t, J = 6.6 Hz, 4H, TEG). 13C-NMR (CDCl3, 150.81 MHz)  164.0, 163.6, 138.3, 133.3, 131.6, 

129.7, 127.6, 126.1, 123.8, 123.3, 122.8, 122.4, 71.1, 70.5, 70.4, 70.2, 68.8, 68.0, 40.0, 37.1. MS 

(MALDI-TOF): m/z 803.2 [M+H]+. 

Compound 20:  Rf 0.38, CH2Cl2/MeOH (20/1).  1H NMR (CDCl3, 300 MHz)   8.80 (s, 4H, 

perylene), 8.44 (d, J = 7.8 Hz, 4H, perylene), 8.20 (d, J = 7.8 Hz, 4H, perylene), 4.56 (t, J = 6.0 

Hz, 8H, TEG), 4.01 (t, J = 6.0 Hz, 8H, TEG), 3.87-3.82 (m, 8H, TEG), 3.80-3.72 (m, 8H, TEG), 
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3.70-3.64 (m, 8H, TEG), 3.63 (t, J = 6.6 Hz, 8H, TEG), 3.60-3.55 (m, 8H, TEG), 2.78  (t, J = 6.6 

Hz, 8H, TEG). 13C-NMR (CDCl3, 150.81 MHz)  163.5, 163.1, 137.8, 132.0, 130.2, 129.1, 

126.9, 125.2, 123.0, 122.3, 121.9, 121.7, 71.0, 70.9, 70.64, 70.56, 69.6, 68.3, 39.9, 38.9. MS 

(MALDI-TOF): m/z 1605.3 [M+H]+.   

Compound 21:  Rf 0.35, CH2Cl2/MeOH (20/1). 1H-NMR (CDCl3, 300 MHz):   8.25 (s, 8 H, 

perylene), 7.89 (d, J = 7.5 Hz, 8 H, perylene), 7.41 (bd, J = 7.5 Hz, 8 H, perylene), 4.45-4.36 (m, 

16 H, TEG), 3.99-3.92 (m, 16 H, TEG), 3.90-3.62 (m, 64 H, TEG), 3.80 (t, J = 6.3 Hz, 16 H, 

TEG), 2.96 (t, J = 6.3 Hz, 16 H, TEG). MS (MALDI-TOF): m/z 3208.7 [M]+. 

Heterogeneous cyclization of mixture 12 + 18:  Compound 18 (7 mg, 0.007 mmol) and 12 (7 

mg, 0.007 mmol) were dissolved in CH2Cl2 (60 mL) where the concentrations of each were 0.11 

mM.  To the above solution was added NaOMe (2 M in MeOH) dropwise, 3 drops (9” Pasteur 

pipette), at RT.  The color of the reaction mixture changed from red to dark blue. The reaction 

was monitored by TLC and was neutralized with Amberlite IR-120 (H+) resin upon the 

disappearance of the starting materials. The mixture was filtered and the filtrate was 

concentrated, flash chromatographed (SiO2, CH2Cl2/MeOH) to analyze the final products. No 

new compounds could be found by either TLC or column chromatography (1H-NMR detection 

after separation); only 16 and 19-21.  The reaction was repeated with early and late quenching 

and no new compounds were detected. 

Heterogeneous cyclization of mixture 11 + 18:  Compound 18 (7 mg, 0.0069 mmol) and 11 (6 

mg, 0.007 mmol) were dissolved in CH2Cl2 (60 mL), where the concentrations of each were 0.12 

mM. To the above solution was added NaOMe (2 M in MeOH) dropwise, 3 drops (9” Pasteur 

pipette), at RT. The color of the reaction mixture changed from red to dark blue. The reaction 
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was monitored by TLC and was neutralized with Amberlite IR-120 (H+) resin once upon the 

disappearance of both of the starting materials.  The mixture was filtered and the filtrate was 

concentrated, flash chromatographed (SiO2, CH2Cl2/MeOH) to analyze the final products. One 

new compound, 22, was obtained by chromatography (1H-NMR detection after separation) 

besides 13, 14, 19 and 20.  The bigger ring structures (as a mixture of concatenated rings) were 

too complicated to be purified and identified. 

Compound 22:  Rf 0.34, CH2Cl2/MeOH (20/1).  1H-NMR (CDCl3, 500 MHz):   8.90 (s, 2H, 

perylo-thiophene), 8.60 (d, J = 7.5 Hz, 2H, perylo-thiophene), 8.43 (d, J = 7.5 Hz, 2H, perylo-

thiophene), 8.19 (d, J = 8.0 Hz, 4H, perylene), 7.80 (d, J = 8.0 Hz, 4H, perylene), 4.55 (t, J = 6.0 

Hz, 4H, TEG), 4.47 (t, J = 6.0 Hz, 4H, TEG), 4.00 (t, J = 6.0 Hz, 4H, TEG), 3.96 (t, J = 6.0 Hz, 

4H, TEG), 3.84-3.81 (m, 8H, TEG), 3.76-3.73 (m, 8H, TEG), 3.68-3.56 (m, 24H, TEG), 2.82 (t, 

J = 6.0 Hz, 4H, TEG), 2.81 (t, J = 6.0 Hz, 4H, TEG). 13C-NMR (CDCl3, 150.81 MHz) � 163.6, 

163.3, 163.0, 138.3, 133.0, 132.6, 130.9, 130.7, 129.4, 128.4, 127.1, 125.7, 124.9, 123.6, 122.7, 

122.5, 122.4, 122.3, 122.2, 71.0, 70.8, 70.6, 70.5, 69.6, 68.3, 68.1, 39.9, 39.6, 38.7. 

Determination of equilibrium constant.  The equilibrium constant is determined using the 

isodesmic equal K (EK) model summarized by Martin.S6 Under this model, the -stacking force 

is assumed to be the same between the ith and (i +1)th monomer, and K2=K3=…K∞ = KSA.  We 

can determine the properties of the free monomer (P), the “end-cap” molecules that are on the 

ends of the -stacks (P), and the “sandwiched” molecules within a stack (P).  Consequently, the 

Pobs can be determined from the mole fraction of each molecule type (, , and ) according to 

the following equation: 

  PPPPobs   
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This model predicts the observed properties extremely well for our series of planar folded 

oligomers, much better than a dimerization-only model.  P can be described in terms of its 

fraction between P and P according to the following equation: 

 fPPfP  )1(  

f is commonly assumed to be 0.5.  From our known series of linear folded planar oligomers, we 

determined the end-cap absorbance more closely resembled the intra-stack molecular absorbance 

(f = 0.7) while end-cap chemical shift tended toward the free molecules (f = 0.42); thus we used 

these f values for the other twisted compounds. 

P is clearly defined because the monomers are completely free in low concentration and the 

property approaches a constant maximum, changing no further with additional dilution.  P was 

determined from synthesized oligomers when available or estimated from high concentration 

solutions or solid thin film samples where the molecules are arranged into infinitely long -

stacks. 

We next applied least squares curve fitting to the experimental data to determine KSA for the 

series of twisted monomers, using the isodesmic equal K model for both NMR and absorbance 

data.  The experimental data and the best-fit lines for each compound are plotted in Figure 1 

while Table S1 summarizes the optimized variables and parameters obtained from fitting.   

The KSA values determined for the planar 1 (50 at RT) were nearly identical as previously 

determined (52) using known oligomer properties.S7 Also, the KSA values determined by A0-0 / 

A0-1 ratios agreed remarkably well to those determined by NMR.  The KSA values were used to 

calculate GSA for each of the variously twisted perylene species. 

Molecular code thermodynamics.  To further understand the thermodynamics that tunes the 

molecular codes, we performed variable temperature experiments to determine the enthalpy and 
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entropy components, HSA and SSA, of GSA for the various twisted perylene monomers using 

the Van’t Hoff analysis (Figure S14).  Table S2 reveals these insightful parameters. 

Within the experimental error, the GSA values agree remarkably well with the values 

obtained by variable concentration listed in Table S1, decreasing with increasing twist angle . 

Solvent-dependent assembly.  In addition to concentration and temperature, the solvent 

composition controls DSA because solvophobicity significantly alters self-assembly behavior.  

Plotting robs value against solvent composition for the various twisted monomers demonstrates 

this apparent principle (Figure S15). Thus, as solvophobicity increases, KSA grows larger and 

GSA becomes increasingly negative with the least twisted monomers self-assembling first 

(Table S2). 

Variable temperature optical absorption was then used to explore solvent dependent 

assembly thermodynamics.  Compounds 1-4 exhibit dramatic shifts in robs in a 1:1 MeOH:H2O 

mixture as a function of temperature (Figure S16).  As temperature decreases, solvophobic 

assisted self-assembly intensifies and drives the robs values lower.  Despite the large changes in 

the peak ratio, the max values exhibit only small temperature dependent changes in compounds 

1-3, with  being the largest in the more planar units.  Concomitantly, the vibronic peaks 

broaden.  Such characteristics demonstrate expected consistency with a displaced harmonic 

oscillator model, exhibiting weak electronic coupling but large vibronic coupling in the stacked 

assemblies.  Greater twisted monomers increasingly resist DSA, until compound 4 apparently 

achieves an entirely different assembled morphology, evident by the new red-shifted spectra. 



 146

Supporting figures. 

 

Figure S1. Monomer synthesis.  Bay-substituted perylenetetracarboxylic dianhydrides were 

synthesized by literature proceduresS3,S8 as were the amino functionalized TEG chains,S1 which 

were attached to both ends of the twisted perylene core as imides to form 1-4.  a)  Br2(l) or 

Cl2(g), conc. H2SO4, 85C.  b)  2-4: Pyridine, 85C, 4 hours; 1: DMSO, Et3N, 4 hours, 150C.
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Figure S2.  Selected variable concentration absorbance (top) and 1H-HMR spectra (bottom) 

from Figure 1, main text, for compounds 1-4 in CHCl3 / CDCl3 at RT.  The critical concentration 

increases with twist angle such that more highly twisted units assemble at higher concentrations.  

Monomers 1-4 exhibit various dihedral angles as depicted; angles for compounds similar to 1,3, 

and 4 have been determined by crystal structures.S3,S9-S11 The twist angle for compound 2 was 

calculated as described in figure S3. 

 

 

Figure S3.  No known crystal structure exists for mono-Br perylene such as compound 2; the 

twist angle was calculated by measuring the angle between the imide planes (shown in yellow) 

from the MMFF94 energy minimized structure.  A longitudinal view is also shown to help 

visualize the angle. 
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Figure S4.  Concentration dependent chemical shifts for compounds 1-4 in CDCl3.  All perylene 

aromatic protons experience up-field chemical shifts beyond the critical concentrations, albeit 

with slightly varying slopes due to varying ring-currents within the stacked configurations.  To 

be as consistent as possible between different twisted compounds, non-bay position protons were 

selected to compare equilibrium constants in Figure 1 (proton A for 1, proton G(D) for 2, proton 

C for 3, and proton A for 4). 
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Figure S5.  1H-NMR (CDCl3) spectra for a 1:1:1 heterogeneous mixture of compounds 1, 3, and 

4 displaying the perylene aromatic protons at various concentrations listed for each spectrum.  

Planar 1 begins to self-assemble first near 1 mM, evident by the up-field chemical shift, followed 

by 3 near 8 mM; compound 4 has not yet reached its critical SA concentration by 25 mM.  

Importantly, the monomers do not cross-assemble significantly, revealing their independent and 

unique molecular codes. 
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Figure S6.  Four example NMR spectra (CDCl3, RT) used to calculate CA.  To a concentrated 

solution of monomer A (> A’s critical concentration) a small amount of monomer B was 

measured in (<< B’s critical concentration).  Monomer B is well below its own critical 

concentration, and thus B results only from cross-assembly with monomer A.  Mixture spectra 

are shown in black; dilute monomer spectra are shown in color: 4, 3, 2, and 1.  a) A=1, B=4; b) 

A=1, B=3; c) A=1, B=2; d) A=3; B=4.  Integrals show the ratio of A:B and obs,A reports [A] 

using figure 1b in the main text.  CA = (B,dil – B,obs) / (A,dil – A,obs) = B / A.  Note that B 

(and CA) increases from examples a to c as the codes become more compatible.  CA is widely 

invariable to [A] because B increases proportionally with A over a wide range.  CA is also 

invariable to [B] as long as [B] << B’s critical concentration. 
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Figure S7. a) 1H-NMR (CDCl3) spectra of cyclic compounds 6-10 (black) are contrasted to the 

corresponding free monomers 1-4  (gray).  Matching codes dictate compound 6 folds strongly 

and the perylene aromatic protons shift 0.6 and 0.8 ppm up-field.  As twist angle difference   

enlarges, intramolecular assembly codes become more and more incompatible and the structures 

remain mostly unfolded as evidenced by small  despite restricted cyclic architectures.  The 

twisted components also reveal up-field shifts compared to their “free” state with a similar 

decrease in  as  increases: notably planar ≈ twisted.  b)  Interestingly,  scales nearly 

linearly with . 

a) b) 
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Figure S8. a) Cyclic dimers 6-8 and 10 demonstrate dramatic absorption differences (CH2Cl2, 

RT).  Despite constrained cyclic architectures, compounds with decreasing code compatibility 

(increasing ) fold less, exhibiting characteristically larger robs.  Additionally, cyclic dimers 

with smaller  exhibit larger red-shift () in peak wavelength max compared to the free 

monomer. Free planar monomer 1 (black dotted) provides the calibration standard at 100% 

incompatibility. b) The robs in 9 is distorted due to overlap with the tetraphenoxy moiety 4P, 

although the  is still apparent. 

 

Figure S9.  Highly planar mono-sulfur perylene 18 is the major product during dithioaceate 

functionalization of the dibromo 3.  18, highly planar and even more dihedrally rigid, self-

assembles even stronger than the unsubstituted planar perylene.  Cyclization products 19-21 are 

similar to those formed by the unsubstituted planar monomer 11, alluding to similar codes. i) 

TsCl, Et3N, CH2Cl2  ii) CH3COSK, DMF. 

a) b) 
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Figure S10. a) Concentration dependent chemical shift for compound 18.  Monosulfur perylene 

has a slightly lower critical self-assembly concentration than unsubstituted 11.  Interestingly, the 

“bay” position protons B are initially down-field of the outside protons A; upon assembly, the B 

protons overtake the A protons due to a larger ring-current upon -stacking.  b) 1H-NMR(CDCl3) 

spectra at selected concentrations. 

a) b) 
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Figure S11.  1H-NMR (CDCl3) spectra for cyclic compounds 20 (purple, top) and 14 (blue, 

middle) compared to spectra for dilute monomers 18 and 11 (gray), respectively. Clearly (20) 

> (14). Spectrum for a mixture containing compound 22 (pink, bottom) and small amounts of 

14 and 20 demonstrates the mono-sulfur component  decreases when compared to 20, while 

the unsubstituted component  increases when compared to 14. 
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Figure S12.  Absorbance spectra for homogeneous cyclic dimers 14 and 20 compared to the free 

monomers 11 and 18.  20 (robs = 0.77) has a larger robs than 14 (robs = 0.81) indicating Kfold(20) > 

Kfold(14).  The red-shift in the vibronic peaks () between monomers and cyclic dimers also 

exhibit larger values for 20 than 14, corroborating the stronger interaction. (CHCl3, RT) 

 

Figure S13.  Absorbance spectra for heterochromophoric cyclic dimer 22 compared to 

homochromophoric dimers 14 and 20.  Similar codes dictate all three are similarly highly folded 

as evidenced by low robs values and significant  for each chromophore. (CHCl3, RT). 
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Figure S14.  Van’t Hoff plots for compounds 3 (a) and 4 (b); equilibrium constants determined 

by variable temperature 1H-NMR (CDCl3). 

 

 

Figure S15.  robs as a function of solvent composition for compounds 1 (blue squares), 2 (pink 

circles) 3 (red diamonds) and 4 (green triangles) at 5uM (RT).  With increasing solvophobicity, 

all compounds eventually self-assemble, with greater twisted compounds assembling at higher 

solvophobicity.  Lines help visualize the trend in the actual data points (markers). 

a) b) 
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Figure S16.  Normalized absorbance spectra for compounds 1-4 in 1:1 MeOH / H2O solutions as 

a function of temperature.  As the temperature decreases, the robs decreases due to solvophobic 

assisted self-assembly; more highly twisted units resist DSA, until 4 achieves a different 

assembled morphology evident by considerably shifted max. 
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Figure S17.  Merck Molecular Force Field (MMFF94) modeling shows energy minimized 

dimers responsible for molecular coding between compounds 1-4.   and  dictate the average 

interchromophore distance (shown numerically) in the stacked dimers.  The interchromophore 

distance is variable within each dimer and thus the average distance between the 6 central 

perylene carbons in each dimer was used.  Only the perylene core is shown for clarity.  While 

these simple models are only approximate dimer configurations, they provide insight into how 

molecular shape (twist angle) tunes the -stacking force and imparts selective molecular coding.  

More accurate modeling and NOE experiments are in-progress and will be published separately.  

Note that other encounter configurations are possible such as heterochiral dimers or same-side / 

opposite side bromine. 
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Table S1.  Optimized variables determined by least-squares analysis according to the equal K 

isodesmic model using both NMR (top) and optical absorbance (bottom) data.  Twist angle is 

shown at the bottom. 

Compound:             1                  2                3                 4 
NMR 
 (ppm)      8.74   8.75        8.74            8.69 
  (ppm)              7.8   7.9        8.1              8.3 
f                            0.42  0.42           0.42            0.42 
 (ppm)               8.34             8.38           8.47            8.60 
KSA       50                20        7                 1.3 
GSA (kcal/mol)  -2.4±0.1      -1.8±0.1     -1.2±0.1     -0.16±0.1 
Absorbance 
r            1.64   1.54        1.47   1.45 
r       0.6    0.6        0.8   1.0 
f        0.7                0.7            0.7   0.7 
r       0.91   0.88        1.0   1.13 
KSA                     50                 25      10    1.5 
GSA (kcal/mol)  -2.4±0.1      -1.9±0.1     -1.4±0.1     -0.25±0.1 
 
    (deg)                0                14              23              37 
 

Table S2.  Calculated HSA (kcal/mol) and SSA (e.u.) from Van’t Hoff analysis for separately 

coded compounds 1, 3, and 4 in CDCl3, determined by variable temperature NMR (Figure S14).  

MeOH/H2O values were determined by UV/Vis (Figure S16). 

 

Compound:        1                   3           4 
CDCl3 
HSA              -7.4±0.2 -2.1±0.2 -1.0±0.1 
SSA           -17.5±0.7 -2.4±0.4 -2.9±0.3 
GSA              -2.2±0.2 -1.4±0.2 -0.14±0.1 
Methanol: Water1:1 
GSA   -7.4±0.3 -6.4±0.4 -5.2±0.4 
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Abstract 

Unique perylene diastereomeric linear and cyclic dimers were synthesized from twisted 

perylene monomers, revealing that -stacking stereoisomerism imparted specific intermolecular 

self-assembly and intramolecular folding. Only the homochiral twisted tetrachloroperylene 

monomers cyclized via a cooperative reaction, forming the homochiral diasteromers.  The 

heterochiral tetrachloroperylene monomers proceeded through a stepwise reaction and yielded a 
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linear heterochiral dimer, which equilibrated with the linear homochiral dimers.  The linear 

homochiral dimers cyclized to produce the same cyclic homochiral diasteromers.  These results 

demonstrated that homochiral and heterochiral self-assemblies were two distinct molecular 

codes, directing two specific chemical pathways.   The homochiral cyclic dimers remain 

isomerically pure at -20 ˚C, but can be interconverted to the heterochiral cyclic dimer meso 

compound at RT.  The diastereomers were readily separated by HPLC.  While driven by 

solvophobic forces, foldable linear dimers synthesized from the same twisted monomers using 

phosphoramidite chemistry folded into homodimer and heterodimer, confirming the inherent 

molecular codes, which were dictated by the perylene chirality, ultimately gauged the weak -

stack forces, and directed self-assembly and folding. 

Introduction 

While covalent bonds establish the primary molecular structures, weak intra- and 

intermolecular forces govern molecular recognition and determine the folded or self-assembled 

supramolecular architecture.  When the delicate balance of weak forces is reached, molecular 

assemblies such as DNA duplex and globular proteins establish their structure gaining exquisite 

functionality. These weak forces typically include dispersion forces, hydrogen bonding, 

solvophobic effects, and coulombic interactions.1  Recently, however, more and more reports are 

focusing on the often overlooked weak  stacking force, resulting from the molecular overlap 

of -orbitals between planar aromatic systems.2 

Molecular assemblies allow the capacity to mimic nature by directing specific reaction 

pathways that are otherwise difficult to achieve.  Such assemblies have been successfully 

demonstrated to form cyclic and or concatenated rings.3  A popular approach utilizes molecular 

templates to modulate the effective molarity of reactive groups, providing a bias for certain 
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pathways over competing ones by increasing the proximity between reaction centers.4,5  

However, with molecular self-assemblies, no template is needed as the reactants undergo the 

assembly process by self-templating.6 

In our recent reports, the role of the  stacking force driving dynamic intermolecular self-

assembly and intramolecular folding has been elucidated with a series of architecturally diverse 

nanostructured foldamers (folded polymers) using planar perylenetetracarboxylic diimides (PDI) 

as the building block.6,7  We first demonstrated that the planar monomers with minimally steric 

but highly solubilizing flexible tetraethylene glycol (TEG) side chains will spontaneously self-

assemble above a critical self-assembly concentration, even in the absence of solvophobic 

effects.8,9  We also demonstrated linear perylene oligomers from dimer through 11-mer 

spontaneously fold and remain folded in -stacks even at nM concentrations.7,8,10  Next, we 

exhibited that dynamic self-assembly (DSA) effectively directs and enhances specific reaction 

pathways, employing weak -stacking interactions to self-template specific covalent bond 

formation.6 

In this paper, we expand the self-assembly and folding knowledgebase by examining the 

molecular recognition role between chiral aromatic systems.  Known highly twisted (37o),11 

chiral,12 bay-substituted tetrachloro-PDI monomers were used as the building blocks to 

synthesize diastereomeric linear and cyclic dimers.  The cyclic diasteromeric dimers are 

separable by HPLC, stable at low temperatures, but slowly interconvert at RT.  Dimer 

characterization reveals the preferred self-assembly, hereafter called molecular code, effectively 

directs the coupling reaction pathway, favoring distinct homochiral and heterochiral structures.  

Solvophobic driven folding is distinguished between the unique dimers, deciphering an inherent 

chiral molecular code between twisted PDIs that directs the resulting molecular architectures. 
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Experimental Procedures 

General Information.  The synthesis of the cyclic and linear dimers and their intermediates are 

detailed in the supporting information.  Solvents and reagents were purified where necessary 

using literature methods. MALDI-TOF mass spectra were obtained with an ABVS-2025 

spectrometer.  Electrospray ionization (ESI) mass spectra were obtained with an API-4000 triple 

quadrupole spectrometer. 1H-, 13C-, and 31P- NMR spectra were recorded with a Mercury 300 

(300 MHz) spectrometer in CDCl3 (CD3OD) solutions.  Bruker 500 MHz and 600 MHz were 

also used whenever necessary.  Absorbance spectra were recorded with a Varian Cary 100 

spectrophotometer.  Fluorescence spectra were recorded with a SPEX Fluorolog-3-21 

spectrofluorometer with excitation at 489 nm.  Reactions were monitored by thin-layer 

chromatography (TLC) on a precoated plate of silica gel 60 F254 (EM Science). Column 

chromatography was performed on silica gel 60 (230-400 mesh, EM Science).  HPLC was 

performed with an Agilent 1100 series using a normal phase column and CH2Cl2 / MeOH eluent. 

Results and Discussion 

Monomer synthesis.  We incorporated flexible TEG chains to provide the linkages between the 

rigid perylene cores, in contrast to numerous other PDI derivatives reported with various imide 

functional groups.12-14  More rigid or sterically demanding groups such as 2,6-diisopropylaniline, 

swallowtail alkyl chains, or 3,4,5-trialkyl-substituted aniline groups are designed in part to 

prevent aggregation, an obvious advantage for design of highly fluorescent pigments, light 

havesting arrays, and highly fluorescent dendrimers.  However, these diminish the desired 

unique self-assembly properties responsible for molecular codes.  The TEG chains afford high 

solubility in common chlorinated solvents while minimally retarding the  stacking properties 
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of the perylene core.  They also facilitate simple, robust, and high yield linking chemistries such 

as the disulfide and phosphoramidite strategies applied here. 

 
 

Scheme 1. Synthesis of chiral, twisted monomers as the starting material for diastereomeric 

dimers.  Only the R isomer is shown for clarity. 

Scheme 1 outlines the synthesis of the monomeric starting material for the diastereomeric 

cyclic dimers.  Tetrachloro-substituted perylenetetracarboxylic acid was synthesized according to 

a literature procedure,15 as were the amino functionalized TEG chains,10 which were attached to 

both ends of the twisted perylene core as imides 1.  The significantly increased solubility of the 

highly twisted core allows the reaction to proceed in the easily removed solvent pyridine rather 

than higher boiling point solvents such as DMSO or quinoline required for the planar 

unsubstituted perylene.  The chain-end hydroxyl groups in 1 were tosylated to yield 2, followed 

by substitution of the tosyl groups with thiol acetate groups to form the dithioaceate 3, the 

cylization reaction starting material. 
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Scheme 2b

bConditions: (1) NaOM/MeOH, open to air, at rt. H+ quench to stop the reaction
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Scheme 2. Synthesis of diastereromeric cyclic dimers.  The chiral monomer 3 (R or S enatiomer) 

creates two molecular codes: the homochiral assembly (R-R or S-S) and the heterochiral 

assembly (R-S). These dynamic self-assemblies effectively direct the formation of cyclic dimer 

product 5Homo (R,R or S,S enatiomers) and intermediate heterochiral linear dimer 4Hetero.  No 

heterochiral cyclic dimer is formed. The homochiral cyclic dimer 5Homo, however, slowly 

interconverts to the meso heterochiral cyclic dimer 5Hetero (R,S) at RT, until reaching a 50 / 50 

mixture. 
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Diastereomeric cyclic dimers.  Disulfide chemistry was used to form the cyclic dimers, a 

recognized ring closure strategy where disulfide linkages are readily triggered by air oxidation 

under basic deacetylation conditions.2d,5  We have reported this chemistry in detail previously, 

demonstrating various ring structures are formed from planar perylene monomers, resulting in 

dimer rings, concatenated tetramer rings, or monomeric rings, depending on the monomer 

concentration and reaction time.6  Since twisting the perylene core imparts chirality, dynamic 

self-assembly effectively sorts out and directs enatiomerically pure organization.  This indicates 

that molecular size, shape, and electric potential distributions function like specific codes that 

can be exploited to benefit specific products. 

The strategy to form cyclic dimers is outlined in Scheme 2.  Deacetylating a racemic mixture 

of the twisted chiral monomer 3 initially yielded the homochiral cyclic product 5Homo and the 

heterochiral linear dimer 4Hetero as indicated by TLC.  Quenching the reaction early captured 

these two products, which were separated by column chromatography and characterized by 

NMR and mass spectrometry.  When the reaction was allowed to proceed to completion, 5Homo 

was the only main product.  Unlike the achiral planar monomers, no concatenated or monomer-

ring compounds were detected.  Interestingly, very little heterochiral cyclic dimer 5Hetero was 

detected during the reaction.  Upon standing, however, 5Homo spontaneously, albeit slowly, 

equilibrated with its heterochiral diastereomer 5Hetero at room temperature, until their ratio 

reached 1:1 after 24 hours. 

It is instructive to compare the achiral planar molecules to the twisted chiral monomers.  The 

planar perylene readily -stacks with other planar monomers forming a self-assembled structure 

favorable for cooperative disulfide bond formation and cyclic products.  This hypothesis was 

validated previously because no reactive intermediates were observed no matter how fast the 
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reaction was quenched.  The twisted chiral molecules, however, have two options: homo 

template (R-R or S-S -stack) versus hetero template (R-S -stack).  Obviously, the homo-

template and the hetero-template have different self-assembled structures and thus control the 

reaction pathway differently, although both reactions are accelerated by the self-assembly effect.   

Our experimental results reveal that the homo-template directs cooperative disulfide bond 

formation, yielding a cyclic dimer 5Homo, whereas the hetero-template endures a stepwise 

reaction, first producing a linear hetero dimer 4Hetero.  This linear hetero dimer equilibrates 

with its counterpart, the linear homo dimer 4Homo, which then folds according to the homo-

template molecular code rather than hetero template molecular code.  Since homo-template 

molecular code favors the reaction pathway towards homo-cyclic formation, 4Homo is 

converted to the cyclic homo dimer, 5Homo.  The cyclization of the homo-dimer effectively 

removes it from the equilibrium, causing more 4Hetero to convert to 4Homo (Le Chatelier’s 

principle).  Thus the conversion rate is greatly increased when compared to cyclic dimer 

interconversion. 

Why did the twisted-monomer reaction yield no measurable concatenated rings?  According to 

our concatenation mechanism, the cyclic dimer and linear monomer template reacting with 

another linear monomer simultaneously produced concatenated rings.  Planar perylene 

derivatives have identical intercomplementary molecular codes. The twisted perylene 

derivatives, however, are different; the racemic mixture creates two molecular codes.  A 

concatenated tetramer prefers R, R, R, R or S, S, S, S configurations sterically.  The probability 

of forming such a homo-chiral tetramer is only 1/8 of planar concatenated rings because homo-

dimers and linear monomers have only ½ probability participating in the reaction for a racemic 

mixture.  In addition, steric hindrance probably further discourages the formation of such a 
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template in twisted structures that leads to concatenated rings.  These analyses reduce the 

theoretical yield of the concatenated rings to less than a few percent, a level difficult to isolate. 

The cyclic homo- and heterodimer equilibrium. 1H-NMR first revealed the equilibrium 

between the homo- and heterochiral dimers, which are diastereomers.  On the NMR time scale, 

5Homo exists as a pair of enatiomers (R,R and S,S) with D2 symmetry, while 5Hetero is a meso 

compound (R,S) with C2h symmetry (Figure 1 Supporting Information).  Thus, both 

diastereomers have a single peak representing all 8 aromatic protons, although the peaks are 

slightly different for the two compounds.  Similarly, the TEG chain protons also experience 

slightly different chemical shifts between the diastereomeric pair; the protons directly adjacent to 

the disulfide bonds are conveniently well resolved from other peaks and particularly sensitive to 

isomerization.  Immediately following reaction quenching, 5Homo was purified and 

characterized by NMR, showing mainly one aromatic peak and a single triplet for the disulfide-

adjacent protons (figure 1, top).  However, upon allowing the purified 5Homo solution to 

equilibrate in CH2Cl2 for > 24 hours, two aromatic peaks with equal integration were apparent 

and the disulfide-adjacent protons displayed two equal sized overlapping triplets concomitantly 

(Figure 1, bottom).  The first reaction product generates the higher field aromatic peak, has a 

lower chromatographic Rf, and a lower A0-0/A0-1 absorbance ratio (vida infra), consistent with 

greater  overlap.  Modeling shows the homo structure has a larger overlap than the hetero 

one; thus we assign the product as 5Homo. 
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Figure 1.  NMR monitors isomerization reaction.  Top:  5Homo exhibits one peak for all eight 

identical aromatic protons (left, red) and only one triplet for protons adjacent to the disulfide 

bonds (right, blue).  Bottom:  5Homo interconverts to 5Hetero reaching a 50/50 diastereomeric 

mixture in about 24 hours.  The mixture then exhibits two equally integrated perylene peaks and 

two equal triplets for protons adjacent to the disulfide.  Solvent: CDCl3. 

To determine if the two compounds were truly interconverted diastereomers, we used normal 

phase HPLC to separate and purify the suspected isomers.  The compounds separated 

surprisingly well, with 5Hetero eluting before 5Homo because of the more steric and soluble 

hetero structure (Figure 2).  The separate fractions were collected, and immediately characterized 

by mass spectrometry (ESI); each compound exhibited almost identical mass and isotopic 

distributions consistent with the cyclic dimer containing eight chlorine atoms (Figure 2). 
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Figure 2.  Normal phase HPLC chromatograph separates 5Homo and 5Hetero, eluting 5Hetero 

first.  The fractions collected were immediately characterized by ESI.  Inset: Nearly identical 

mass spectra were obtained for 5Hetero (left) and 5Homo (Right), closely matching the 

calculated isotopic pattern, with the exact m/z for [5Homo+NH4]
+ = [5Hetero+NH4]

+ = 1834.1. 

We then performed HPLC monitoring, starting with each purified compound at RT, to 

examine if the diastereomers truly interconvert, or if the conversion proceeds in only one 

direction (Figure 3).  Convincingly, the reaction proceeds in both directions until reaching a 50 / 

50 mixture in about 24 hours, after which no further change in ratio occurred.  Noticing the 

relative slow interconversion rate, we next examined the isomerization reaction rate temperature 

dependence.  When a solution of 5Hetero in CDCl3 was maintained at -20 ˚C for 24 hours, NMR 

proved that no noticeable isomerization occurred (Figure 4).  These results are consistent with 

our own studies16 and the recently reported free energy barrier of 87kJ/mol for interconverting 

chiral twisted tetrachloroperylene enatiomers.11 
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Figure 3.  HPLC monitors isomerization reaction.  Pure 5Homo (Left) or 5Hetero (Right) 

interconverts to its isomers at RT in CH2Cl2.  The reaction proceeded in both directions until 

reaching a 1:1 equilibrium in about one day.  Inset:  Longer reaction time monitoring still 

showed 1:1 mixtures after several days (peaks shift to longer elution times due to change in 

solvent polarity).

 

Figure 4.  Top:  When a solution of 5Hetero in CDCl3 was maintained at -20 ˚C for 24 hours, no 

noticeable isomerization occurred as detected by NMR.  Bottom:  A solution of 5Homo 

contained significant amounts of 5Hetero when left at RT for 24 hours.  Triplets for disulfide 

adjacent protons are inset for each sample. 
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Self-assembly functions as molecular codes.  The absence of concatenated rings suggests the 

twisted tetrachloroperylene units impart an effect on reaction pathways, favoring disulfide bond 

formation leading exclusively to cyclic dimers.  Conversely, planar monomers do not have such 

an effect and the reaction proceeds to concatenation in high yield.6  Thus, if stacks greater than 

two twisted monomers form, they must be oriented in such a way that only disulfide bonds 

between adjacent monomers are favorable.  The planar perylene, however, was oriented in such 

a way that alternating members of the stack could react, forming concatenated rings.  Ab initio 

and DFT calculations consistently predict stacked adjacent planar perylene are probably rotated 

30 degrees from each other, separated by 3.5A.17  Thus, alternating stack members may be 

rotated 60 degrees from each other, or oriented in parallel, perfect for cooperative catenation.  

The twisted tetrachloro units apparently preclude this rotational ambiguity, forcing thiol group 

orientation to be unfavorable for disulfide bond formation between any units other than those 

directly adjacent to each other. 

At low concentrations (and thus limited self-assembly template effect), the planar perylene 

forms a monocyclic ring,6 while the highly twisted monocyclic tetrachloroperylene does not.  

One possible explanation for the absence of twisted monocyclic tetrachloroperylene ring 

formation is that the twist angle separates the two thiol-groups unfavorably for intramolecular 

disulfide bond formation.  As the two naphthalene planes are twisted closer to perpendicular, the 

idealized zig-zag TEG chains also become perpendicular to each other, rendering lower intra-

molecular reaction probability between the two sulfur atoms.  Experimentally, NMR has shown 

that the ethylene unit connected to the diimide is relatively more rigid than the other ethylene 

units,16 and therefore twisting the perylene core coupled to the first rigid ethylene unit abates the 

probability of forming an intramolecular disulfide bond.  The added steric hindrance of the four 



   

174 

chlorine atoms is not likely responsible as the much more bulky, moderately twisted 

tetraphenoxy perylene (~25) readily forms the monocyclic structure.16  Unless there are 

distinguishing electronic effects between the reactive thiol groups and the Cl4-perylene core, the 

orientation steering is a reasonable explanation. 

The most remarkable result of the twisted cyclization reaction is that only homochiral cyclic 

dimers form directly and exclusively from the monomer racemic mixture.  The perylene units 

first undergo molecular recognition, dynamically self-assembling conducive to subsequent 

disulfide bond formation.  Homochiral assembly directs nearly simultaneous disulfide bond 

formation leading directly to cyclic 5Homo whereas heterochiral assembly directs stepwise 

disulfide coupling via intermediate linear 4Hetero, precluding hetero-cyclization. 

If instead the first disulfide bond formed primarily by random intermolecular collision without 

self-assembly directing effects, the second disulfide bond must similarly form by random 

intramolecular collision.  Generally, intramolecular reactions are greatly accelerated over 

intermolecular reactions due to reduced activation entropy.  However, 4Hetero never directly 

cyclizes, while 4Homo is never isolated because it rapidly proceeds to 5Homo.  What prevents 

4Hetero from cyclizing?  In the absence of molecular codes, steric hindrance between 

heterochiral perylene units could conceivably discourage favorable S-S contact.  However, 

modeling shows minimal differences between 4Homo and 4Hetero in intramolecular steric 

resistance, leaving many other available configurations with likely intramolecular thiol collision 

probability.  This is supported by a nearly temperature independent Keq ~1 for the 

interconversion between 5Homo and 5Hetero, revealing the hetero template is similarly favored 

thermodynamically to the homo template.  Had the cyclization been mainly governed by the free 

energy difference between hetero and homo perylene stacking, 4Homo and 4Hetero would 
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equally cyclize to yield 5Homo and 5Hetero respectively because they have the same free 

energy in the stacked states (G5Homo = G5Hetero).  Thus, a random intramolecular collision between 

thiols would be nearly equally favored in each and the reaction product would be a 1:1 ratio of 

5Homo to 5Hetero.   Because 5Hetero is not a reaction product, intramolecular assembly must 

precede cyclization, where the folded 4Hetero structure unfavorably orients the remaining thiols, 

effectively blocking the reaction.  Thus, molecular codes control such reactions.  The same code 

responsible for intramolecular folding must also direct intermolecular self-organization, as the 

molecular code is not selectively turned on and off.   What hetero configuration could cause such 

an unfavorable orientation? Modeling shows longitudinally offset stacking or perpendicular 

cofacial rotation could greatly reduce the likelihood of the 90-90 offset elbow C-S-S-C bond 

formation.  Regardless, the appearance of strictly hetero-chiral linear dimers and homo-chiral 

cyclic dimers elucidates unique molecular codes. 

The code phenomenon can be explained as follows: Weak, -stacking force brings the 

monomers together via dynamic self-assembly.  (The self-assembly enthalpy HSA was 

determined to be negative 3-7 kcal/mol in the planar units8,9 and smaller in the twisted units).  

Negative HSA helps compensate the self-assembly entropy SSA (also negative), thus bringing 

some perylene units within 3.5A of each other, a favorable reaction environment.  The 

efficaciously reduced assembly entropy pays at least partially the disulfide-bond activation 

entropy-penalty S‡
S-S.  The perylene template locates the TEG chain ends near each other so 

that the thiol reactive intermediates can react favorably to form disulfide bonds.  Thus, the 

reaction rate is greatly increased, resulting in the kinetically favored homochiral cyclic dimer 

when the self-assembled monomers have complementary molecular codes.  Heterochiral 

monomers also have a complementary molecular code; however, the heterochiral molecular code 
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directs a different self-assembled structure, which leads to the linear dimer formation rather than 

the cyclic dimer. If the molecular code is non-complementary, such a specific reaction rate 

enhancement is absent. 

Equation 1 shows the activation free energy that controls the reaction rate.  To increase the 

rate, it is desired to make the disulfide-bond activation entropy S‡
S-S as close to zero as 

possible.  S‡
S-S contains translational and orientation terms (equation 2), for each the perylene 

self-assembly contributes to improving.  The translational entropy penalty, TS‡
S-S, translation 

depends on the concentration, but typically is –(8-10) kcal/mol at 1M while the orientation 

penalty, TS‡
S-S, orientation, is typically –(3-8) kcal/mol.18    Dynamic self-assembly reduces the 

number of independent molecules, with a consequent loss of three translational and up to three 

rotational degrees of freedom, albeit partially compensated by residual degrees of freedom in the 

self-assembled structure, especially in the flexible TEG chains.  The perylene encounter complex 

likely provides catalytic factors of 2.4-6.0 kcal/mol, typical of other enzymic or chelate rate 

accelerations.18a  Thus, self-assembly induced diminishment in S‡
S-S significantly favors coded 

structure formation over random collision products. 

G‡
S-S = ‡

S-S - TS‡
S-S                               (1) 
 

S‡
S-S = S‡

S-S, translation + S‡
S-S, orientation        (2) 

 
The self-assembly directed disulfide bond formation is quasi-catalytic, but there is no catalyst 

by definition, as dynamic self-assembly is a phenomenon not a substance.  Catalysts are 

frequently associated with lowering the activation enthalpy, while activation entropy is often 

overlooked.  The importance of activation enthalpy vs. entropy is still highly debated; evidence 

supports that either entropy or enthalpy dominates the catalytic effect in many enzymes.19  A 

popular alternate explanation is self-assembly stabilizes the encounter complex, holding the 
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transition-state thiol intermediates long enough to improve probability of proceeding to the 

disulfide.20  Regardless of explanation, the self-assembly molecular code is significant, 

orchestrating unambiguous reaction pathways that yield distinct products. 

Spectroscopic Analysis.  We have previously demonstrated perylene folding or self-organizing 

has a diagnostic indicator and changes the vibronic band ratio A0-0 / A0-1 in the absorbance 

spectrum.8,10  Likewise, the Frank Condon factor changes as observed in the fluorescence 

spectrum can also indicate similar interaction.8-10   We have shown that planar cyclic and linear 

oligomers, when excited, form delocalized excited states, which have typical -stack red 

emission, a tell-tale sign of  interactions.7, 21 

The 5Homo and 5Hetero absorbance and fluorescent spectra further reveal the nuance in the 

chiral molecular recognition code (Figure 5).  The normalized spectra show that the 

diastereomers have a clear noticeable difference in the A0-0 / A0-1 ratio.  As expected, the 

homodimer ratio is lower than the heterodimer ratio because the homochiral rings have a larger 

-stack area and a tighter fit, thus experiencing a greater displaced harmonic oscillator.  The 

5Homo ratio is 1.18 while the 5Hetero ratio, 1.28.  Both cyclic dimers exhibit lower ratios than 

the monomer and the linear dimer; the monomer and linear dimer have a ratio of 1.43, indicating 

that the cyclic architecture imposes considerable influence on the folding equilibrium.  

Interestingly, our previous report demonstrated that the linear and cyclic planar dimers were 

similarly folded, exhibiting the A0-0 / A0-1 ratios of 0.84 and 0.73, respectively.7  The highly 

twisted cores are reluctant to fold in the linear dimer but are architecturally forced to fold in the 

more structurally restrained cyclic dimers.  The cyclic dimer max are slightly hypsochromatically 

shifted from the free monomer, a further indication of folding interactions. 
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Figure 5.  Absorbance (solid lines) and fluorescence (dashed lines) spectra recorded in CH2Cl2 

for 5Homo (Blue) and 5Hetero (Red) compared to the monomer 1 (black).  A lower A0-0 / A0-1 

ratio for the homochiral dimer (1.18) than for the heterochiral dimer (1.28) indicates a slight 

difference in packing structures.  Fluorescence Fl0-0 / Fl0-1 ratios corroborate the absorbance 

Frank Condon factors. 

The fluorescent spectrum also shows subtle differences in the Frank Condon factors, which 

again indicates a more slightly displaced harmonic oscillator in the homochiral dimer.  Unlike 

the planar dimers, -stack red emission is not observed in the twisted dimers, indicating no 

delocalized excited states.  Thus, while the vibronic band ratios indicate ground state interaction, 

the excited-state coupling strength between adjacent chromophores must be too weak to establish 

delocalization. 
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Scheme 3.  Synthesis route to the foldable dimer.  i) benzoyl chloride / py; ii) 

4,4’dimethoxytrityl chloride, DMAP / py; iii) 2-cyanoethyl-N,N-

diisopropylchlorophosphoramidite, diisopropylethylamine / DCM; iv) NPhIMT, DCM, then I2 

(DCM/Py/H2O 1:3:1), RT; v) TCA/DCM, RT. 

Foldable linear dimer.  To complement the cyclic ring chemistry, the twisted tetrachloro-

perylene and its chirality-responsive folding were investigated using a different approach; the 

new approach uses a phosphostriester linkage to replace the exchangeable disulfide bond to form 

to form a linear foldable dimer. Scheme 3 outlined the synthesis strategy. 

The dynamic folding equilibrium constant Kfold for the dimer 10 remains small in chlorinated 

solvents such as chloroform because the highly twisted perylene has tuned down the -stacking 

force, apparent in the absorbance spectra where the A0-0 / A0-1 vibrational peak ratio remains 

nearly the same as for the monomer (Figure 6, left).  This is in contrast to the more 

architecturally restrained cyclic dimer which exhibits considerable folding in chlorinated 

solvents.  However, increasing methanol concentration generates solvophobicity and Kfold 

increases as the diagnostic A0-0 / A0-1 vibronic band ratio grows (Figure 6, right).  In pure 
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chloroform, the ratio is 1.43 while in pure MeOH the ratio is 1.15.  The monomer ratio does not 

change at these low concentrations prepared for absorbance measurements, even in pure 

methanol (<< critical concentration). 

 
Figure 6.  Left: Linear dimer 10 absorbance compares to the monomer 1 in pure chloroform.  

The dimer is slightly vertically off-set for clarity.  Right:  Absorbance spectra monitor the linear 

dimer folding in chloroform / methanol gradient. Methanol increases the solvophobicity causing 

the dimer to fold resulting in a diagnostic increase in the ratio A0-0 / A0-1 of the vibronic bands.  

In pure chloroform, the ratio is 1.43 while in pure MeOH the ratio is 1.15.  This ratio for the 

monomer does not change even in pure methanol (not shown). 

While not apparent from the UV/Vis spectrum, the diastereomers begin to differentiate 

themselves as their molecular recognition codes begin to enforce compatibility (Figure 7).  The 

homochiral dimers (R,R and S,S) are not as sterically frustrated as the heterochiral dimers (R,S 

and S,R) and thus experience a slightly more negative enthalpy of folding.  As hinted early the 

homo molecular code has a different structure than the hetero molecular code; NMR should be 

able to distinguish the linear folded homodimer and heterodimer. 

  Ultimately, the homochiral dimer is able to fold with a greater  overlap for a given solvent 

composition and can be detected by NMR.  The cyclic tetrachloro perylene R,R (S,S) or R,S 
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compound only has one equivalent aromatic proton due to symmetric configurations, each 

showing a distinct chemical shift (vida supra).  However, the linear foldable dimer has a benzoyl 

anchor on one end and a hydroxyl group on the other and therefore has four separate aromatic 

protons for each of the homodimers and the heterodimers.  The unfolded linear dimer chemical 

shifts have similar aromatic proton resonances to 4Hetero (~8.67ppm) as long as the 

concentration is below the critical self-assembly concentration (about 10mM). 

 

Figure 7.  Merck Molecular Force Field (MMFF94) energy minimized model contrasting 

possible folded configurations in the heterochiral dimer (top) and homochiral dimer (bottom) 

with increasing solvophobicity.  As solvophobic forces drive the dimer to fold, molecular 

recognition codes different homo- and hetero-chiral structures.  Ultimately, the homochiral dimer 

stacks with greater  overlap.  All atoms except for the perylene core are omitted for clarity. 

However, increasing the solvophobicity forces the dimers to fold, inducing an upfield chemical 

shift of the aromatic protons.  As the methanol concentration increases, homochiral dimer 

folding has a larger -contact area and the aromatic protons experience a greater up-field 

chemical shift as a result of the ring current.  Thus, similar to the cyclic dimers, the linear homo-

dimer peaks are further up-field than the linear hetero-dimer peaks. 
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The homo- and hetero-chiral dimer mixtures were diluted to the same concentration (1.4 mM) 

using various ratios of deuterated chloroform and methanol.  The NMR spectra were recorded at 

RT and the perylene core aromatic proton chemical shifts compared (Figure 8).  At 11% 

methanol (v/v), the homo- and hetero-dimers, adopting mostly the unfolded configuration, 

exhibit identical chemical shift, both displaying four sharp peaks in a narrow 0.020-ppm region.  

As the concentration of methanol is increased to 33%, the peaks begin to differentiate.  At just 

over 50% methanol concentration, the diastereomers are completely resolved and eight sharp 

peaks are clearly visible.  At 66% methanol, the high-field steroisomer and the low-field 

steroisomer are separated by as much as 0.099 ppm. 
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Figure 8.  Left:  Scheme showing solvent dependent folding equilibrium for the heterochiral 

linear dimer.  Right:  Foldable linear dimer 1H-NMR spectra recorded varying the CDCl3 / 

CD3OD gradient;  CD3OD percentage is listed for each spectrum.  Increasing the solvophobicity 

with methanol causes the dimer equilibrium to increase, resulting in a stronger ring-current effect 

and concomitant up-field chemical shift.  The homochiral dimers (R,R and S,S) and heterochiral 

dimers (R,S and S,R) have distinct folded structures as evidenced by different chemical 

resonances.  The first four spectra are taken at 1.4 mM; the last spectrum is recorded at 278 M 

to maintain solubility.  Maintenance of symmetric peak structure limited to up-field chemical 

shift emphasizes folding equilibrium is dynamic and fast on the NMR time scale. 
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To see how far the diastereomers could be differentiated, a lower concentration (278M) was 

prepared allowing solubility in 78% methanol.  In this case, the difference between the isomers 

increased to 0.120ppm, clearly separating the proton groups belonging to homodimers from 

those of heterodimers. 

Since increasing the solvophobicity can also decrease the critical self-assembly concentration 

and ultimately lead to intermolecular interactions, a control experiment was performed at a 

constant 67% methanol concentration while varying the dimer concentration from 28 M to 1.4 

mM (limit of solubility).  Over this broad concentration range, the two isomers only produce 

chemical shift difference of ~0.03 ppm (Figure 9), demonstrating that most of the chemical-shift 

differentiation is due to intramolecular folding effects and not intermolecular self-assembly. 

 

Figure 9.  The dimer concentration was varied from 27.8 M to 1.389 mM (limit of solubility) 

while maintaining a constant 67% methanol concentration.  The high concentration sample only 

shifted by 0.03ppm up-field when compared to the low concentration sample, demonstrating 

most chemical resonance shifts are due to intramolecular folding effects and not intermolecular 

self-assembly. 

67% CD3OD
27.8M 

67% CD3OD
1389M 
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Conclusion 

We have synthesized both cyclic and linear diastereomeric dimers using highly twisted 

tetrachloroperylene monomers to impart chirality and molecular codes. The homochiral self-

assembly directs a cooperative reaction, resulting in both disulfide bonds forming nearly 

simultaneously to yield the cyclic dimer, 5Homo, whereas the heterochiral self-assembly directs 

a stepwise reaction, leading to one disulfide bond formation and the corresponding linear dimer, 

4Hetero. These observations provide convincing insight into how self-assembly can function as 

molecular codes that direct reaction pathways.  Only homochiral cyclic dimers are formed from 

twisted chiral monomers, providing strong evidence that self-assembly precedes ring formation 

and there is a preferred molecular homochiral recognition code. Self-assembly template directs 

ring formation, likely by reducing the disulfide-bond activation entropy penalty and favorably 

orienting the freestanding thiol groups into juxtaposed positions to increase the kinetic rate of 

disulfide-bond formation. 

The homochiral cyclic dimers spontaneously interconvert to the heterchiral cyclic dimer at 

room temperature, reaching a 1:1 equilibrium in ~24 hours.  However, heterochiral cyclic dimer 

cannot be synthesized directly from the racemic monomer mixture because of forbidden 

molecular codes.  To summarize, the homo-cyclic dimer is kinetically favored; however the 

kinetic product eventually reaches a 1:1 equilibrium with its thermodynamically equal-favored 

diastereomer. 

A complimentary diastereomeric linear dimer was synthesized using phosphoramidite 

chemistry to study the solvent dependent folding equilibrium.  Contrasting the previously studied 

planar perylene dimer that was mostly folded in chlorinated solvents, Kfold in the twisted 

perylene dimer was much smaller in similar solvents because the highly twisted -system tuned 
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down the -stacking force.  Increasing solvent polarity shifted the equilibrium towards the folded 

states, and revealed that the folded homochiral dimer and heterochiral dimer have distinct 

structures.  These folded nanostructures were apparent by absorbance and NMR spectroscopy, 

while it was determined intramolecular folding dominated over intermolecular assembly. 

The cyclic and linear twisted dimers presented here reveal an inherent chiral molecular 

assembly code directing both self-assembly and folding.  The implications are important and will 

undoubtedly expand the field of self-assembly directed chemistry; we envision reactions utilizing 

temporary  stacking bonds will become commonplace in supramolecular synthesis.  
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SUPPORTING INFORMATION 

General Methods.  Solvents and reagents were purified where necessary using literature 

methods. MALDI-TOF mass spectra were obtained with an ABVS-2025 spectrometer.  

Electrospray Ionization (ESI) mass spectra were obtained with an API-4000 triple quadrupole 

spectrometer.  1H-, 13C-, and 31P- NMR spectra were recorded with a Mercury 300 (300 MHz) 

spectrometer in CDCl3 (CD3OD) solutions.  Bruker 500 MHz and 600 MHz were also used 

whenever necessary.  TMS was used as a reference for 1H-NMR; 77.23ppm was adopted as the 

central line of CDCl3 for 13C-NMR;  an 85% H3PO4 solution was used as an external reference 

for 31P-NMR.  UV-vis spectra were recorded with a Varian Cary 100 spectrophotometer using a 

1-cm quartz cuvette.  Fluorescence spectra were recorded with a SPEX Fluorolog-3-21 

spectrofluorometer with excitation at 489 nm.  Reactions were monitored by thin-layer 

chromatography (TLC) on a precoated plate of silica gel 60 F254 (EM Science). Column 

chromatography was performed on silica gel 60 (230-400 mesh, EM Science) or flash silica gel, 

32-60m (Dynamic Adsorbents).  HPLC was performed with an Agilent 1100 series using a 

normal phase column and CH2Cl2 / MeOH eluent.  Selected NMR and MALDI-TOF spectra are 

shown following characterization. 

1,6,7,12-tetrachloro-3,4,9,10-perylenetetracarboxylic dianhydride (0).  Synthesized from 

3,4,9,10-perylenetetracarboxylic dianhydride according to standard literature procedure.15  

Required chlorine gas was generated in situ by metering concentrated H2SO4 into to a 5.25% 

NaClO solution and venting the resulting Cl2 (g) into the reaction mixture.  Careful reaction 

monitoring by TLC resulted in near quantitative yield.  1H-NMR(CHCl3): 8.682 (s, 4H, 

perylene). 
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Bis-N, N’-(2-(2-(2-(2-Hydroxyethoxy)ethoxy)ethoxy)ethyl)-1,6,7,12-tetrachloro-3,4,9,10- 

perylenetetracarboxylic Diimide. (1).  Compound (0) (1.204 g, 2.27 mmol) was dissolved in 

pyridine (20 ml).  2-[2-[2-(2-aminoethoxy)ethoxy]ethoxy]ethanol (1.097 g, 5.68mmol) was 

added and the reaction mixture was heated to 85C for four hours.  Reaction monitoring by TLC 

(DCM:MeOH 15:1) showed evolution of the desired orange colored product (Rf  = 0.3).  The 

reaction mixture was cooled to RT and the solvent removed under reduced pressure.  The residue 

was subject to a silica gel column (DCM:MeOH 15:1) and 1.314 g (1.49mmol, 66% theoretical 

yield) was collected as the main fraction.  1H-NMR(CDCl3): 8.689 (s, 4H, perylene), 4.46-

4.41(m, 4H, NCH2CH2O), 3.822 (t, 4H, J=6.3Hz, NCH2CH2O), 3.70-3.68 (m, 4H, OCH2CH2O), 

3.66-3.56 (m, 16H, OCH2CH2O), 3.54 (m, 4H, CH2OH), 2.48 (t, 2H, J=6Hz, CH2OH).  13C-

NMR(CDCl3): 162.514, 135.533, 133.148, 131.598, 128.802, 123.528, 123.383, 72.687, 70.812, 

70.776, 70.504, 70.323, 68.044, 61.855, 39.807.  MS (MALDI): m/z 878.63. 

Bis-N, N’- (2- (2- (2- (2-tosyloxyethoxy) ethoxy) ethoxy) ethyl) – 1, 6, 7, 12 -tetrachloro- 3, 4, 

9, 10 -perylenetetracarboxylic diimide (2).  To a solution of compound (1) (1.1 g, 1.2 mmol) 

in 100 mL dry CH2Cl2 (4 Å activated molecular sieves, 3 days) at 0 ºC, was added p-

Toluenesulfonyl chloride (1.2 g, 6.3 mmol, 5.2 equiv) and dry Triethylamine (NaOH, pellets 3 

days) (10 ml, 72 mmol). The reaction mixture was then stirred for 2 h at 0 ºC, and left overnight 

at room temperature (RT) under an argon atmosphere. TLC detection showed the completion of 

the reaction. The solvents were evaporated and the residue was diluted with CHCl3. The organic 

phase was washed with 1 N HCl (aq.) solution and brine until the aqueous phase is pH ~7-8. The 

organic layer was dried, concentrated, and the residue was purified by chromatography on a 

silica gel column eluted with Cyclohexane/Ethyl Acetate (1/1), and the title product, a red syrup, 

was obtained in 84% yield (1.25 g): Rf 0.45, Cyclohexane/Ethyl Acetate (1/1). 1H NMR (CDCl3, 
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300 MHz)   8.66 (s, 4 H, perylene ring), 7.76 (d, J = 8.1 Hz, 4 H, tosyl aromatic ring), 7.34 (bd, 

J = 8.1 Hz, 4 H, tosyl aromatic ring), 4.47 (bt, J = 5.7 Hz, 4 H, tetraethylene glycol), 4.13 (bt, 4 

H, J = 4.8 Hz, tetraethylene glycol), 3.85 (bt, J = 5.7 Hz, 4 H, tetraethylene glycol), 3.72-3.52 (m, 

20 H, tetraethylene glycol), 2.44 (s, 6 H, -CH3).  
13C-NMR (CDCl3, 75.48 MHz)  162.5, 145.0, 

135.5, 133.2, 131.6, 130.0, 128.8, 128.2, 123.5, 123.4, 70.93, 70.86, 70.7, 70.3, 69.5, 68.9, 68.0, 

39.8, 21.9. MS (MALDI): m/z 1186.2 [M]+, 1209.2 [M+Na]+, 1186.7 [M]-. 

Bis-N, N’- (2- (2- (2- (2-thioacetylethoxy) ethoxy) ethoxy) ethyl) – 1, 6, 7, 12 –tetrachloro -3, 

4, 9, 10 -perylenetetracarboxylic diimide (3). To a solution of (2) (900 mg, 0.76 mmol) in N, 

N-Dimethylformide (60 mL) was added Potassium thioacetate (1.4 g, 12 mmol, 15.6 equiv), and 

the mixture was stirred at 80 C under an argon atmosphere overnight. The mixture was then 

concentrated under decreased pressure and purified by chromatography on a silica gel column 

eluted with Cyclohexane/Ethyl Acetate (2/3). The title product was obtained as a dark orange 

solid (546 mg, 54% yield): Rf 0.41, Cyclohexane/Ethyl Acetate (2/3).  1H NMR (CDCl3, 300 

MHz)   8.68 (s, 4 H, perylene ring), 4.48 (bt, J = 6.3 Hz, 4 H, tetraethylene glycol), 3.88 (bt, J = 

6.3 Hz, 4 H, tetraethylene glycol), 3.73-3.70 (m, 4 H, tetraethylene glycol), 3.66-3.52 (m, 16 H, 

tetraethylene glycol), 3.06 (t, J = 6.4 Hz, tetraethylene glycol), 2.32 (s, 6 H, -COCH3). 
13C-NMR 

(CDCl3, 75.48 MHz)  195.8, 162.5, 135.6, 133.2, 131.7, 128.9, 123.6, 123.4, 70.91, 70.74, 

70.51, 70.39, 69.96, 68.05, 39.85, 30.80, 29.03. MS (MALDI): m/z 994.5 [M+H]+, 1016.6 

[M+Na]+, 993.8 [M]-. 

De-acetylation of (3) to form linear dimer (4Hetero) and cyclic dimers (5Homo) and 

(5Hetero):  To a solution of (3) in CH2Cl2 (three concentrations, 2.6 mM, 0.58 mM, and 0.1 mM 

were used separately) was added NaOMe (2 M in MeOH) dropwise, 4 drops (9” Pasteur pipette) 
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for every 100 mL solution at RT.  The color of the reaction mixture changed from orange to dark 

blue. TLC detection was conducted and the reaction was then neutralized with Amberlite IR-120 

(H+) resin upon the disappearance of the starting material. The mixture was filtered and the 

filtrate was concentrated, flash chromatographed (SiO2, CH2Cl2/MeOH) to give the final 

products.  A linear dimer (4Hetero) (intermediate) and (5Homo) (final product) were obtained 

and purified.  Compound (5Homo) then reached an equilibrium with (5Hetero) in the eluting 

solution at RT.  Compound (5Homo) was relatively stable at -20 C.  Characterization follows: 

(4Hetero): Rf 0.36, CH2Cl2/MeOH (40/1); 0.53, Cyclohexane/Ethyl Acetate/MeOH (10/15/1). 

1H NMR (CDCl3, 300 MHz)   8.673 (s, 4 H, perylene ring), 8.671 (s, 4 H, perylene ring), 4.52-

4.42 (m, 8 H, tetraethylene glycol (TEG)), 3.85 (bt, J = 5.4 Hz, 8 H, TEG), 3.74-3.52 (m, 40 H, 

TEG), 3.06 (t, J = 6.4 Hz, 4 H, CH2SCO), 2.83 (t, J = 6.4 Hz, 4 H, CH2SS), 2.31 (s, 6 H, -

COCH3). 
13C-NMR (CDCl3, 75.48 MHz)  195.6, 162.3, 135.4, 133.0, 131.4, 128.6, 123.3, 

123.2, 70.68, 70.52, 70.37, 70.3, 70.3, 69.7, 69.6, 67.8, 39.6, 38.3, 30.6, 28.8, 26.9. MS 

(MALDI): m/z 1903.8 [M+H]+, 1901.3 [M]-. 

(5Homo):  Rf 0.29, CH2Cl2/MeOH (40/1); 0.34, Cyclohexane/Ethyl Acetate/MeOH (10/15/1). 

1H NMR (CDCl3, 500 MHz)   8.62 (s, 8 H, perylene ring), 4.51-4.41 (m, 8 H, Hc TEG), 3.89-

3.80 (m, 8 H, Hd TEG), 3.73-3.66 (m, 8 H, He TEG), 3.64 (t, J = 7.0 Hz, 8H, Hi TEG), 3.64-3.60 

(m, 8 H, Hf TEG), 3.60-3.56 (m, 8 H, Hg TEG), 3.55-3.51 (m, 8 H, Hh TEG), 2.792 (t, J = 7.0 

Hz, 8 H, Hj TEG). 13C-NMR (CDCl3, 75.48 MHz):  162.5, 135.5, 133.1 (Ca), 131.6, 128.8, 

123.5, 123.4, 70.9 (Cf), 70.8 (Cg), 70.6 (Ch), 70.4 (Ce), 69.8 (Ci), 68.0 (Cd), 39.9 (Cc), 38.6 (Cj). 

The Assignments were based on COSY, HMBC (CIGAR), and HMQC experiments. MS 

(MALDI): m/z 1839.6 [M+Na]+, 1816.03 [M]-.    
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(5Hetero): Rf 0.42, Cyclohexane/Ethyl Acetate/MeOH (10/15/1). 1H NMR (CDCl3, 500 MHz)  

 8.64 (s, 8 H, perylene ring), 4.52-4.38 (m, 8 H, Hc TEG), 3.89-3.80 (m, 8 H, Hd on TEG), 3.73-

3.66 (m, 8 H, He on TEG), 3.64 (t, J = 7.0 Hz, Hi on TEG), 3.64-3.60 (m, 4 H, Hf TEG), 3.60-

3.56 (m, 4 H, Hg TEG), 3.55-3.51 (m, 4 H, Hh TEG), 2.786 (t, J = 7.0 Hz, 4 H, Hj TEG). 13C-

NMR (CDCl3, 75.48 MHz)  162.5, 135.5, 133.1 (Ca), 131.6, 128.8, 123.5, 123.4, 70.9 (Cf), 70.8 

(Cg), 70.6 (Ch), 70.4 (Ce), 69.8 (Ci), 68.0 (Cd), 39.9 (Cc), 38.6 (Cj). The Assignments were based 

on COSY, HMBC (CIGAR), and HMQC experiments. MS (MALDI): m/z 1839.0 [M+Na]+, 

1854.9 [M+K]+, 1816.3 [M]-.   

Monobenzoylation of Bis-N, N’-(2-(2-(2-(2-hydroxyethoxy)ethoxy)ethoxy)ethyl) 1,6,7,12-

tetrachloroperylenetetracarboxylic diimide (6).  To a solution of bis-N, N’-(2-(2-(2-(2-

hydroxyethoxy)ethoxy)ethoxy)ethyl)-1,6,7,12-tetrachloroperylene 3,4,9,10-tetracarboxylic 

diimide (1) (0.205g, 0.233 mmol) in 5mL pyridine was added BzCl (0.055 mL, 0.472 mmol) 

dropwise at 0 C under N2 followed by DMAP (10 mg). The reaction mixture was stirred at RT 

overnight and TLC (15/1, DCM/MeOH) monitoring showed the formation of monosubstituted 

(Rf =0.4) and disubstituted (Rf  =0.75) products as well as the starting material (Rf =0.30). The 

solvent was removed in vacuum and the residue was diluted by chloroform. The organic phase 

was washed with water, dried with anhydrous Na2SO4. After evaporation of the solvent, the 

residue was subject to a silica gel column (15/1, CH2Cl2/MeOH) to give the title product 2 as a 

red powder.  Non-substituted fraction was collected and reacted similarly.  Total yield = 0.172g 

(0.175mmol, 75% theoretical yield).  1H-NMR (CDCl3) 8.604 (s, 2H, perylene), 8.597 (s, 2H, 

perylene), 7.94-7.91 (m, 2H, Benzoyl), 7.48-7.42 (m, 1H, Benzoyl), 7.35-7.30 (m, 2H, Benzene 

ring), 4.43-4.35 (m, 6H, 2CH2N, CH2OBz), 3.85-3.49 (m, 26H, CH2OCH2, HOCH2); 13C-NMR 

(CDCl3): 166.58, 162.48, 162.42, 135.51, 133.10, 131.57, 130.16, 129.77, 128.78, 128.76, 
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128.45, 123.50, 123.48, 123.37, 123.33, 72.70, 70.88, 70.82, 70.81, 70.76, 70.49, 70.37, 70.32, 

69.37, 68.04, 67.99, 64.29, 61.85, 39.81. 

Monotritylation of Bis-N, N’-(2-(2-(2-(2-Hydroxyethoxy)ethoxy)ethoxy)ethyl)-1,6,7,12-

tetrachloroperylene 3,4,9,10-tetracarboxylic Diimide (7) 2-[2-[2-(2-

hydroxyethoxy)ethoxy]ethoxy]ethyl)-1,6,7,12-tetrachloroperylene 3,4,9,10-tetracarboxylic 

diimide (1) (0.789g, 0.896 mmol) was dissolved in 30mL pyridine, followed by addition of 

DMTrCl (0.779g, 2.30 mmol) and DMAP (~10 mg). The mixture was stirred at RT under argon 

overnight, and TLC monitoring (15/1, DCM/MeOH) showed the formation of monosubstituted 

(Rf =0.50) and disubstituted (Rf =0.93) products as well as the starting material (Rf =0.30). The 

solvent was removed in vacuum and the residue was subject to silica gel column (100/5/1, 

CH2Cl2/MeOH/Et3N) to give the title product (7) 0.300g (57% theoretical yield) as a red powder.  

Optionally, the di-substituted fraction can be collected and selectively detritylated to improve 

reaction yield.  The product is stored with a stabilizer diisopropylethylamine under Argon at –80 

oC.  1H-NMR (CDCl3) 8.653 (s, 2H, perylene ring), 8.640 (s, 2H, perylene ring), 7.43 (d, 2H, 

J=7.5Hz, DMTr), 7.31 (d, 4H, J=8.7Hz, DMTr), 7.24 (m, 2H, DMTr), 7.20-7.10 (m, 1H, DMTr), 

6.78 (d, 4H, J = 8.7 Hz, DMTr), 4.48-4.44 (m, 4H, 2CH2N), 3.87-3.75 (m, 4H, NCH2CH2O), 

3.752 (s, 6H, DMTr), 3.71-3.60 (m, 20H, CH2OCH2), 3.524 (t, 2H, J=4.8Hz, HOCH2), 3.185 (t, 

2H, J = 5.1 Hz, DMTrOCH2).  13C-NMR: 162.551, 162.472, 158.545, 145.276, 136.525, 

135.558, 133.166, 131.627, 130.262, 128.822, 128.400, 127.945, 126.844, 123.554, 123.404, 

113.224, 86.105, 72.707, 70.929, 70.835, 70.794, 70.519, 70.376, 70.348, 68.082, 68.015, 

63.327, 61.887, 55.422, 39.815. 
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The Phosphoramidite of Monotritylated Bis-N, N’-(2-(2-(2-(2- 

Hydroxyethoxy)ethoxy)ethoxy)ethyl) 1,6,7,12-tetrachloroperylenetetracarboxylic Diimide 

(8).  To a solution of monotritylated bis-N, N’-(2-(2-(2-(2-hydroxyethoxy) ethoxy) ethoxy) 

ethyl) 1,6,7,12-tetrachloroperylenetetracarboxylic diimide 7 (0.300g, 0.254 mmol) in 18mL 

CH2Cl2 (dry) was added diisopropylethylamine 0.2 mL (~4eq). Then chloro-

N,Ndiisopropylaminocyanoethoxyphosphane (0.074 mL, ~1.3 eq) was added dropwise at RT 

under argon. After 20 min of stirring under argon at RT, the reaction mixture was diluted with 

CH2Cl2 /Et3N (300/15, v/v) 100 mL and the organic phase was washed with a saturated NaHCO3 

(aq) solution and brine. The organic layer was dried over Na2SO4, filtered, and evaporated to 

dryness. The residue was subject to a silica gel column (CH2Cl2/EtOAc/Et3N, 3/6/1) to give the 

title product (8) 0.090g (0.065mmol, yield = 26%) as a red powder, which should be used freshly 

for the next phosphotriester step in order to achieve a higher coupling yield. 1H-NMR (CDCl3): 

8.671 (s, 2H, perylene ring), 8.662 (s, 2H, perylene ring), 7.45-7.42 (m, 2H, DMTr), 7.33-7.30 

(m, 4H, DMTr), 7.28-7.12 (m, 3H, DMTr), 6.81-6.78 (m, 4H, DMTr), 4.45-4.40 (m, 4H, 

2CH2N), 3.86-3.60 (m, 34H, CH3ODMTr, CH2OCH2, ((CH3)2CH)2NP(OCH2CH2CN)(OCH2), 

3.19 (t, 2H, J = 5.1 Hz, DMTrOCH2), 2.645 (t, 2H, OCH2CH2CN), 1.184-1.149 (2d, 6H, J = 6.6 

Hz, (CH3)2CH). 31P-NMR (CDCl3) 149.482 (s). 

DMTr-Protected Monobenzoylated Dimer (9)  The phosphoramidite (8) (90 mg, 0.065 mmol) 

and monobenzoylated anchor (6) (31mg, 0.031 mmol) were dried at RT in high vacuum for 24 

hrs. and dissolved in dry CH2Cl2 (4 mL). 3A MS (65 mg) were added into the solution and the 

mixture was stirred for 15 min under N2.  Then N-Phenyl-imidazolium Triflate (N-PhIMT) (27 

mg) was added into the mixture and after 4 hours of stirring at RT, a 0.2 M solution of I2 (5 mL 

of CH2Cl2/Pyridine/H2O, 1/3/1, v/v/v) was added dropwise into the reaction. The mixture was 
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stirred for 20 min, then filtered and the residue was washed with chloroform. The filtrate was 

washed with a 5% Na2S2O3 aq. solution and brine, extracted with chloroform.  The organic layer 

was dried over Na2SO4, filtered, and evaporated to dryness. The residue was subject to a silica 

gel column (CH2Cl2/MeOH/Et3N, 400/30/2) to give the crude title product (9), which was 

typically proceeded to the next step—detritylation.  1H NMR (CDCl3) 8.659-8.651 (4s, 8H, 2 x 

perylene ring), 8.05-7.95 (m, 2H, Benzoyl) 7.45-7.15 (m, 10H, Benzoyl and DMTr), 6.81-6.77 

(m, 4H, DMTr), 4.45-4.42 (m, 8H, 4CH2N) 4.32-4.18 (m, 8H, CH2OBz, O=P(OCH2-

)2(OCH2CH2CN)), 3.90-3.60 (m, 54H, DMTrOCH3, CH2OCH2), 3.189 (t, 2H, J = 5.1 Hz, 

DMTrOCH2), 2.81 (t, 2H, J = 6.9 Hz, OCH2CH2CN). 

Monobenzoylated Dimer (10)  The crude (9) was dissolved in CH2Cl2 20 mL, and 0.5 mL of 

Cl2CHCOOH was added into the solution dropwise at RT.  After 10 min of stirring, chloroform 

was added to dilute the reaction mixture and the organic phase was washed with a saturated 

NaHCO3 solution and brine. The organic layer was dried over Na2SO4, filtered, and evaporated 

to dryness. The residue was subject to a silica gel column (CH2Cl2/MeOH, 400/30) to give the 

title product (10) (24mg, 39% two steps) (Rf = 0.3) as a red powder. 1H-NMR(CDCl3): 8.668-

8.644 (m, 8H, two perylene rings), 8.03-7.97 (m, 2H, Benzoyl), 7.53-7.48 (m, 1H, Benzoyl), 

7.41-7.36 (m, 2H, Benzoyl), 4.47-4.19 (m, 16H, 4CH2N, CH2OBz, O=P(OCH2-

)2(OCH2CH2CN)), 3.89-3.60 (m, 48H, CH2OCH2), 3.53 (t, 2H, J= 4.8Hz, CH2OH),  2.81 (t, 2H, 

J = 6.0 Hz, OCH2CH2CN). 13C-NMR (CDCl3): 166.688, 162.575, 162.507, 135.631, 133.187, 

131.642, 130.229, 129.832, 128.862, 128.823, 128.499, 123.528, 123.418, 123.341, 117.049, 

72.690, 70.905, 70.814, 70.773, 70.504, 70.387, 70.338, 70.159, 70.068, 69.408, 68.098, 68.017, 

67.427, 67.348, 64.309, 62.211, 62.142, 61.901, 39.812, 29.922, 19.799, 19.703. 31P-NMR 

(CDCl3): -0.53 (s). MS (MALDI): m/z 1980.87 [M+H]+. 
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Figure S1.  Point groups for cyclic diastereomers 5Homo and 5Hetero with symmetry 

operations shown.  5Homo exists as a pair of enatiomers (R,R and S,S), each with an identical 

single 1H-NMR peak for all 8 equivalent aromatic protons.  5Hetero exists as a meso-compound 

(R,S), also with a single aromatic proton peak.  The diastereomers have a slightly different 

chemical shift. 
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Figure S2.  1H- and 13C-NMR spectrum for 1. 
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Figure S3.  1H- and 13C-NMR spectrum for 2. 
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Figure S4.  1H- and 13C-NMR spectrum for 3. 
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Figure S5.  1H- and 13C-NMR spectrum for 4Hetero. 
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Figure S6.  1H-NMR spectrum for 5Homo. 
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Figure S7.  1H-NMR spectrum for 5Hetero. 
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Figure S8.  1H- and 13C-NMR spectrum for 6. 
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Figure S9.  1H- and 13C-NMR spectrum for 7. 
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Figure S10.  1H-NMR spectrum for 8. 
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Figure S11.  1H-NMR spectrum for 9. 
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Figure S12.  1H- and 13C-NMR spectrum for 10. 
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Figure S13.  31P-NMR spectrum for 10. 
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Figure S14.  ESI mass spectrum for 5Homo. 
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Figure S15.  ESI mass spectrum for 5Hetero. 
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Figure S16.  MALDI-TOF spectrum for 1.  Calculated exact m/z [1+H]+  = 879.1; Experimental 

m/z [1+H]+ = 878.6.  Isotopic distribution (inset) matches calculated distribution (not shown). 
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Figure S17.  MALDI-TOF spectrum for 10.  Calculated exact m/z [10+H]+  = 1976.2; 

Experimental m/z [10+H]+ = 1976.8.  Isotopic distribution matches calculated distribution (see 

calculated distribution for similar 5 in Figure 2, main text). 
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CHAPTER 7 

HIGHLY FLUORESCENT AND PHOTOSTABLE NANOPARTICLES 

COVALENTLY FUNCTIONALIZED WITH TWISTED PERYLENE DYES 

Andrew D. Shaller, ‡ Zhiyuan Tian,‡ and Alexander D. Q. Li* 

Department of Chemistry, Washington State University, Pullman, WA 99164 

Attribution 

  This chapter is reproduced with permission from Tian, Z.; Shaller, A. D.; Li, A. D. Q. Chem. 

Comm. 2009, 180-182. Copyright 2009, RSC.  ‡A.D.S. and Z.T. contributed equally to this work.  

A.D.S. had the idea to covalently incorporate the twisted PDIs into the nanoparticles at different 

concentrations to determine the correlation between concentration and brightness.  A.D.S. 

synthesized the PDI monomer.  Z.T. synthesized the nanoparticles.  A.D.S. and Z.T. performed 

ensemble spectroscopy, single molecule spectroscopy, and TEM measurements together. All 

authors wrote, edited, submitted, and revised the manuscript. 

 

Abstract 

Polymeric fluorescent nanoparticles with covalently embedded perylene fluorophores were 

developed by facile synthesis strategy and their advanced features of extremely high 

fluorescence intensity, non-photoblinking and excellent photostability were experimentally 

confirmed at the single nanoparticle level. 
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Introduction 

Fluorescent nanoparticles (FNPs) have attracted considerable interest for their wide range of 

emerging applications in live cell imaging, biosensing, and optoelectronic devices.1 Practical 

FNPs, especially for bilogical applications, require high fluorescent intensity, photostability, 

biocompatibility and relatively small diameter (<50nm). Among currently available FNPs, 

inorganic semiconductor quantum dots possess brightness up to 20 times brighter than a single 

molecule, desired small diameter and improved photostability but suffer from photoblinking and 

cyto-toxicity.2-4 Dye-doped polymer nanoparticles are limited by fluorophore aggregation and 

self-quenching as well as dye leaching.5  Additionally, fluorescent intensity rarely scales linearly 

with the number of dyes imbeded in FNPs due to obstacles such as  singlet-singlet annihilation, 

self-quenching and Stern-Volmer quenching. Thus, despite reported enhanced brightness 

calculated from ensemble measurements,6 experimental data for FNPs with diameter <50nm and 

fluorescense >20 times brighter than a single dye are not reported.7,8  A relatively unexplored 

alternative is the use of FNPs with covalently bound fluorophores. Covalent attachment limits 

chromophore mobility and disperses the monomers within FNPs which potentially reduces 

fluorophore aggregation and therefore fluorescence self-quenching, providing a distinct 

advantage over doping.  In this communication, we present our development of photostable and 

biocompatible polymeric nanoparticles with covalently bound perylene dye possessing over 50 

time brighter fluorescence as compared to single dye molecules. 



   

215 

Scheme 1.  Polymeric nanoparticle synthesis with twisted PDI monomer. 

 

The fluorophore selected is a tetrachloro-perylene diimide (PDI) derivative with 4 substituted 

chlorine atoms in the bay positions highly twisted out of plane (37)  while maintaining high 

fluorescent quantum yield (fl ~ 0.9) and high photostability.9  Additionally, the highly twisted 

structure frustrates  stacking, reducing self- or collisional quenching within the tight confines 

of a FNP.  The twisted PDI was monobenzoylated and functionalized with an acryloyl moiety to 

form the monomer 1 which is shown in scheme 1.  Our approach to constructing polymer FNPs 

here is based on a modified emulsion polymerization method10 with the twisted PDIs covalently 

embedded within the hydrophobic cavities of polymeric nanoparticles. Acrylamide and styrene 

were polymerized with minor amounts of functional monomers, including optically active 

perylene dye, the cross-linker divinyl benzene, and butyl acrylate for lowering the glass 

transition temperature of the nanoparticles.  Several batches were identically prepared except for 

varying feed dye concentration, ranging from 0.3 to 2.4 weight %.     These nanoparticles are 

easily suspended in water due to their hydrophilic shell, enabling feasibile application in live cell 

experiments. Because the nanoparticle fluorescence originates from multiple dispersed dyes, the 

nanoparticles shine >50 times brighter than single dyes.  Furthermore, no perylene dye loss was 

found for the aqueous nanoparticle samples after washing with organic solvent because the PDI 

1 
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components are covalently anchored inside the nanoparticle.  This is an advantage over dye-

doped nanoparticles by eliminating the potential toxicity of dye molecules to the live cell. 

The absorption and emission spectra for an aqueous nanoparticle sample exhibit typical 

spectral characteristics compared to the monomer (figure 1a) indicating minimal perylene 

aggregation, thus contributing to their brightfluorescense.  Additionally, the FNP solutions have 

fl ≈ 0.5, further evidence of minimal stacking interactions.  Both the absorbance and 

fluorescence max are slightly red-shifted from the monomer due to differences in local 

environments (styrene vs CH2CH2). The nanoparticle emission vibronic bands are also slightly 

broadened due to non-homogenous broadening.     FNP size was measured by both TEM and 

dynamic light scattering (DLS).8  TEM,  the standard measurement method, indicated an average 

diameter of 40nm (figure 1b). 

While various methods and calculations have been used to estimate single particle brightness 

from ensemble measurements, the most accurate method to truly determine single particle 

brightness is by single particle experiments.8  Thus, using a single molecule set-up as described 

in the supporting information, we performed wide-field and diffraction limited measurements of 

single particle brightness. 
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Figure 1. a) Normalized ensemble absorbance and fluorescence spectra of an aqueous 

nanoparticle colloid (solid blue) compared to the monomer in CH2Cl2 (green dash) and the 

fluorescence from a single nanoparticle (red).  b) TEM image exhibiting average particle size = 

40nm. 

Figure 2 reveals the brightness, determined by CCD wide-field imaging, of single twisted PDI 

monomers and FNPs prepared with varying feed dye amounts.  Figure 2a and 2b are shown at 

the same color scale with unambiguous increase in brightness of the nanoparticles over the 

monomer.  Figure 2c-e are at a much higher color scale and show brightness increases with 

increasing PDI feed concentration.  Noteably, many of the nanoparticles in Figure 2e fluoresce 

>80 times brighter than a single fluorophore.  Histograms generated from statistical brightness 

occurrence averaged over several slide samples demonstrate an unambiguous increase in 

brightness distribution between single nanoparticles and single PDIs. Also, with increasing PDI 

concentration, the FNP brightness scales approximately linearly, indicating dye incorporation is 

proportional to feed ratio over this concentration range (0.3 – 2.4 w/w %).  
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Figure 2.  top)  Single molecule / particle wide-field CCD images (2 sec integration time) for a) 

monomer; b) 0.3; c) 0.6; d) 1.2; and e) 2.4 w/w % samples.  Figures a and b are at the same color 

scale while figures c-e are at a much higher scale.  In sample e, several of the particles approach 

80 times brighter (I>8000) than a single monomer (I≈100).  Bottom) Histograms summarize the 

statistical brightness of each batch.  While a single monomer exhibits brightness of around 100, 

the nanoparticle samples (b-e) exhibit mean intensities 7, 19, 25, and 56 times brighter, 

respectively. 

Why are these nanoparticles so bright compared to previous examples of dye-doped 

nanoparticles? First, covalent attachment allows a large number of dyes to incorporate without 

changing the nanoparticle structure.  Second, even in the case of the highest PDI feed 

concentration, minimal spectral features of dye aggregation were observed.  Thus, nearly all of 

the dyes retain their monomeric status following polymerization. Apparently, the fluorescence 

self-quenching is largely supressed, likely due to frustration of  stacking by the twisted PDI 
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structure and the spacing effect of other co-monomers.  Third, the core-shell structure effectively 

encapsulates most fluorophores and reduces photobleaching by molecular oxygen. 

To further probe the detailed photodynamic properties of the FNPs, fluorescence time traces of 

single nanoparticle from each batch were probed by diffraction-limited excitation and the 

fluorescense collected by avalanche photodiode (APD) as shown in figure 3.  For comparison, a 

typical time trace of the monomer dye is also shown (insert).  As typical for a single molecule, 

the monomer displays a sharp on-and-off process (photo-blinking).  In sharp contrast, the 

fluorescence time trace for the single nanoparticles exhibit distinctively different fluorescence 

with a gradual decay due to multiple dye molecules within each nanoparticle. Immediately upon 

opening the shutter, all nanoparticles show highly bright fluorescence (the 2.4% nanoparticle is 

initially over 220 times brighter than a single monomer) which initially decays quickly due to 

photobleaching.  Interestingly, this initial steep decay weeds out the “non-photostable” 

fluorophores and eventually only the most photostable fluorophores remain.  Even in this photo-

hardened state, the nanoparticles remain quite bright, with the 2.4% sample still emitting more 

than 50 times brighter fluorescence than a single monomer after 8 minutes of continuous laser 

irradiation. To the best of our knowledge, this is the brightest single polymeric nanoparticle 

sample (diameter <50nm) reported by single particle methods to date. 
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Figure 3. Representative single particle time-traces from each batch.  After photo-hardening, the 

nanoparticles remain quite bright, with the 2.4% sample still 50 times brighter than a single 

monomer after 8 minutes of continuous excitation.  Inset: Single PDI time-trace under identical 

excitation power exhibits significantly lower intensity, photo-blinking, and eventual photo-

bleaching.  

In conclusion, we have successfully prepared polymeric nanoparticles with high fluorescent 

brightness and excellent photostability by covalently embedding a twisted perylene dye into 

core-shell type polymeric nanoparticles.  The high photostability, quantum yield, and unique 

steric stucture of the perylene monomer, coupled with high monomer concentration and core-

shell encapsulation enabled by covalent attachment, are believed to mainly contribute to the 

remarkable brightness and improved photostability.  These facile, ultrabright probes ultimately 

advance the capability for practical applications in live cell imaging, biosensing and in the 

development of optoelectronic nanodevices. 
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SUPPORTING INFORMATION 

Materials and Methods 

General.  Solvents and reagents were purified where necessary using literature methods. 1H- 

and 13C- NMR spectra were recorded with a Mercury 300 (300 MHz) spectrometer in CDCl3.  

TMS was used as a reference for 1H-NMR; 77.23ppm was adopted as the central line of CDCl3 

for 13C-NMR.  Reactions were monitored by thin-layer chromatography (TLC) on a precoated 

plate of silica gel 60 F254 (EM Science). Column chromatography was performed on silica gel 60 

(230-400 mesh, EM Science) or flash silica gel, 32-60um (Dynamic Adsorbents).  Cover glasses 

(Gold Seal No. 1) were purchased from Fisher.  All compounds for monomer and nanoparticle 

synthesis were purchased from Sigma-Aldrich. 

N-(2-(2-(2-(2-benzoylethoxy)ethoxy)ethoxy)ethyl), N’-(2-(2-(2-(2-

acryloylethoxy)ethoxy)ethoxy)ethyl) - 1,6,7,12 - tetrachloro - 3,4,9,10 perylene-

tetracarboxylic diimide (1).  N-(2-(2-(2-(2-benzoylethoxy)ethoxy)ethoxy)ethyl), N’-(2-(2-(2-

(2-hydroxyethoxy)ethoxy)ethoxy)ethyl) - 1,6,7,12-tetrachloro - 3,4,9,10-perylenetetracarboxylic 

diimide was prepared following a previous literature method.9  The monobenzoylated diimide 

(188mg, 0.19mmol) was dissolved in dry DCM (10ml) and 0.11ml triethylamine was added by 

syringe.  Acryloyl chloride (0.02ml, 0.25mmol) was added by syringe and the reaction progress 

monitored by TLC (DCM/MeOH 15:1).  Within 1 hour, the staring material (Rf = 0.4) was 

almost completely functionalized to the reactive monomer (Rf = 0.6).  The reaction was 

quenched with MeOH and the solvent removed under reduced pressure.  The mixture was 

subject to a silica gel column (DCM/MeOH 15:1) and the fractions containing the mono-

functional monomer were combined to yield 0.189g (95% yield) which was characterized and 

stored at -20C prior to polymerizing.  1H-NMR (300MHZ, CDCl3):  8.681 (s, 4H, perylene), 7.99 
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(d, 2H, J=8,1Hz, Benzoyl), 7.52 (t, 1H, J=7.5 Hz), 7.39 (t, 2H, J=7.5 Hz), 6.41 (dd, 1H, 3J=17.4 

Hz, 2J=1.8 Hz, acryloyl), 6.14 (dd, 1H, 3J=10.5Hz, 3J=17.4 Hz, acryloyl), 5.83 (dd, 1H, 

3J=10.5Hz, 2J=1.8Hz, acryloyl), 4.47 (m, 4H, CH2CH2N), 4.43 (t, 2H, J=4.8Hz, CH2-benzoyl), 

4.29 (t, 2H, J=4.8Hz, CH2-acryloyl), 3.854 (m, 4H, CH2CH2N), 3.79 (t, 2H, J=5.1 Hz, CH2CH2-

benzoyl), 3.73-3.63 (m, 18H, OCH2CH2O, CH2CH2-acryoyl). 13C-NMR (CDCl3): 166.550, 

166.255, 162.391, 135.477, 133.071, 131.539, 131.176, 130.132, 129.731, 128.743, 128.403, 

123.432, 123.280, 70.821, 70.770, 70.729, 70.302, 70.273, 69.316, 69.238, 67.933, 64.219, 

63.804, 39.731. 

Nanoparticle synthesis. We followed the procedure in reference 10c with a minor 

modification by replacing NIPAM with Acrylamide and SP with PDI. 

Diameter characterization. Dynamic light scattering (DLS) measurements were carried out 

on a Beckman-Coulter N4 instrument at fixed scattering angles of 62.6° and 90° with the 632.8 

line of a He-Ne laser as excitation source; standard polystyrene microspheres were used for 

instrument calibration. The average particle sizes and size distributions were obtained from the 

autocorrelation decay functions by CONTIN analysis using standard software package supplied 

by Beckman-Coulter. A JEOL 1010 transmission electron microscope (TEM) operated at 100 kV 

was employed to obtain TEM images. The microscope sample was prepared by placing a drop of 

the polymer dispersion on a carbon-coated Cu grid, followed by solvent evaporation at room 

temperature. 

Sample preparation.  Cover glasses were cleaned by soaking in a steril base bath (IPA/KOH 

solution) for 3-4 hours and thoroughly rinsed with 18M water, followed by drying under a 

stream of dry nitrogen and stored in a dust-free container.  Dilutions of stock nanoparticle 
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solutions were made with milipore water.  2-5 drops of diluted solution (~ 0.001 OD) were spin-

coated (4000RPM) onto clean cover glasses. 

Microscope set up. Cover glass samples were placed on a custom-built stage of an inverted 

microscope (Zeiss Axiovert 200) equipped with an oil immersion objective (Zeiss, 100X, 1.3 

NA) and an X-Y nanopositioner stage (Mad City Labs). Connected to the side port of the 

microscope was a spectrometer (Acton Research Corp.) coupled to a liquid nitrogen cooled CCD 

detector (Princeton Instruments, Roper Scientific). The spectrometer was equipped with both a 

mirror for imaging and a grating for spectroscopy. An avalanche photo diode (APD) was used to 

collect photons from the bottom microscope port. Excitation light from an argon ion laser 

(488nm, 15mW) was directed through the back port of the microscope and redirected by an 

appropriate filter cube (Zeiss, filter set 16, ex485/20; bs510; em515) into the back aperture of the 

objective. Emission light was collected through the same objective and directed to the side or 

bottom port of the microscope.  

Single molecule/particle imaging and spectroscopy. 

Wide field imaging: A collimated laser beam was first attenuated with neutral density filters, 

then defocused with a lens before entering the back aperture of the microscope objective to 

produce wide field illumination.  The image was detected by CCD, with a 2 sec dwell 

(integration) time per frame. Laser power was ~150 W/cm
2 

over a 40m diameter circle at the 

cover glass surface.  

Diffraction limited imaging: The collimated laser beam was attenuated, then expanded to 

slightly overfill the back aperture of the objective with parallel rays in order to achieve a 

diffraction limited spot. Laser power used for diffraction limited analysis was ~450 W/cm
2 

at the 

cover glass surface. The sample was scanned over the laser spot using the nano-positioner and a 
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scan area of 10x10 μm.  Step size and dwell time for each pixel was 200 nm and 50 ms, 

respectively.  Emission from this type of scan was directed to the bottom microscope port and 

onto the APD.  The resulting image was analyzed statistically or used to position the laser on a 

specific molecule for time trace analysis or spectral acquisition. The entire scanning, image 

generation, and time trace routines were achieved using custom LabVIEW software.  

Diffraction limited time-trace: The emission from a single molecule or particle was collected 

continuously by APD in 20 ms bins. 

Spectral acquisition: The grating in the spectrometer was used to spectrally disperse emission 

from a single molecule or particle across the CCD chip. Spectra were acquired through 

WinSpec/32 software using a dwell time of 2 seconds. 

Brightness determination: Brightness using CCD wide-field images were performed by using 

the nano-positioner to move a focused slide to a previously non-illuminated location with the 

shutter closed, opening the shutter, and collecting the first full 2-second illuminated image.  All 

particles in the 40m diameter illuminated spot with brightness above background were included 

in the statistical analysis.  Brightness from diffraction-limited images were determined by 

moving a focused slide to a previously non-illuminated location prior to raster scanning.  All 

particles above background within the 10m square were included in the statistical analysis.  

Brightness by diffraction-limited time-trace were determined for representative single-particles 

that had only previously been illuminated briefly during raster scanning. 

Ensemble Spectra. Samples for ensemble measurements were diluted using milipore water 

and measured in standard 1cm quartz cuvettes.  Fluorescence spectra were recorded with a SPEX 

Fluorolog-3-21 spectrofluorometer with excitation at 488 nm. UV-vis spectra were recorded with 

a Varian Cary 100 spectrophotometer.  For QY determination, ABS was less than 0.1. 
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Table S1.  Reported nanoparticle brightness summary. 

Ref1 Dia2 
(nm) 

Stated 
brightness 

(SM eq.)3 

How 
Meas.4 

NP 
Type5 

Remarks 

6a 60 104 Calc. Silica  

6b 70 1290 Calc. Silica  

6c 10 50 Calc. poly core 
silica shell 

 

6d 40-
600 

100 Calc. core-shell 
Silica 

 

6e 20 103~ 104 
 

Calc. Polymer Two-photon excitation 
SP time-trace only 20-30 x brighter 

1c, 
2b 

4.2 20 SP 
Expt. 

Core-shell 
QD 

Calibrated to commercially stated NP 
brightness  

7a 44 <20 SP 
Expt. 

Polymer  

7b 20 20 SP 
Expt. 

streptavidin 
coated QD 

 

7c 20 <10 SP 
Expt. 

Polymer  

7d, 
5h 

30 20 SP 
Expt. 

Core-shell 
Silica 

 

7e 10, 
40 

- SP 
Expt. 

Quantum 
rod 

Reported twice as bright as QD with 
unknown brightness and 9% QY 

1L 92 4000 SP 
Expt. 

QD-polymer 
nanobead 

TEM shows possible aggregates 

- 100 7400 Not 
Report 

Latex 
Bead 

Commercial latex bead;6  We measured 
as ~250 times brighter than SM 

1 Reference number from the main text 
2 As determined by TEM.   
3 Brightness in single molecule equivalents such as rhodamine 6G. 
4 Calculated or single-particle experiment.  Calculating single-particle brightness from ensemble measurements, 

either by extrapolating ensemble brightness to a single particle or multiplying ensemble fl by the number of 
fluorophores per particle probably overestimates typical particle brightness because: 

a)  Ensemble illumination power is relatively low.  Only a small % of fluorophores in each nanoparticle are 
excited at any given time, greatly reducing effects such as singlet-singlet annihilation which decrease quantum yield 
during single particle imaging; 

b)  There may be a large error in estimating the number of dyes per particle; 
c)  There may be a large error in estimating the nanoparticle concentration; 
d) It is difficult to accurately measure the extinction coefficient for fluorophores embedded in nanoparticle 

colloids because of light scattering (Tyndall effect); 
e)  Possible inner-filter effects. 
5 Polymer, Silica, or quantum-dot (QD).  Core-shell structures are noted. 
6 A commercially available FNP, with abs,max = 488nm and reported diameter of 100nm, was used as a reference 

to evaluate the relative brightness of our FNPs. Accounting for the reported diameter and optimal excitation 
wavelength, our FNPs sample is about 5.8 times brighter than the commercial sample.  DLS measured a 
hydrodynamic radius for the commercial sample of 185nm.     
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Figure S1.  Brightness vs. diameter for selected nanoparticles from table S1.  Only particles with 

diameter < 50nm and brightness determined by single particle experiments are shown.  The 

twisted PDI nanoparticles () are considerably brighter than previously reported quantum dot 

(●) and polymer particles (▲).  Brightness is reported in single molecule equivalents such as 

rhodamine 6G (♦).  References from the main text are listed to the right of each data point. 
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Table S2.  Compare Cl4 PDI nanoparticle to monomer brightness by detection method.  

 

 

Nanoparticle compared to monomer brightness as measured by three methods.  CCD and APD 

images provide average population values.  APD time-traces are for single representative 

particles at each concentration (figure 3, main text).  Brightness determined by APD images and 

initial time trace are relatively higher than determined by CCD because few emitters have 

photobleached during the short illumination.  The brightness compared to the monomer scales 

approximately linearly with increasing fluorophore concentration.  The measured ensemble 

quantum yield is also provided for comparison. 
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Figure S2.  Four example “APD images” created by rastor-scanning the sample over the 

diffraction-limited laser spot.  Each scan is 10m x 10m and the scale is set from 0 (black) to 

15000 (white).  While there are some spots with >1 particle within the diffraction-limited focus, 

there is an obvious increase in brightness for the average particles with increasing concentration. 
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Figure S3.  a) Ensemble absorbance spectra of nanoparticle solutions normalized to abs350.  As 

the % dye added is increased, its absorbance increases compared to the nanoparticle scattering. 

b) Ensemble fluorescent spectra of the various nanoparticle solutions (aq) compared to the 

monomer (CH2Cl2).  The spectra for the 0.3, 0.6, and 1.2 w/w % samples are nearly identical 

while the 2.4% sample is slightly bathochromatically shifted from the other samples. 

 

Figure S4.  a)  Dynamic light scattering (DLS) reports spherical particles an average 

hydrodynamic diameter of 65nm for all of our samples (0.6 w/w % batch shown here).  The 

discrepancy with the average dry particle size reported by TEM (40nm) has been discussed 

a) b) 
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elsewhere.10c  b)  Similarly, DLS for a commercial fluorescent latex nanoparticle with reported 

diameter of 100nm exhibits a hydrodynamic diameter of ~185nm, evidence of similar 

hydrodynamic swelling. 
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CHAPTER 8 

ASYMMETRIC PERYLENE DIIMIDE PHOSPHORAMDITES AFFORD 

FUNCTIONAL FLUORESCENT DNA FOLDAMER NANODEVICES 

Andrew D. Shaller, Alexander D. Q. Li* 

Washington State University, Pullman, WA 99164 

 

Attribution 

This chapter is nearly identical to a manuscript by the same title that will be submitted for 

publication.  A.D.S. wrote the manuscript.  A.D.S. and A.D.Q.L. edited and will submit and 

revise the manuscript.  A.D.S. synthesized and characterized all the phosphoramidites and DNA-

PDI hybrid oligomers.  The ideas for the different nanodevices were developed in a series of 

group meetings by A.D.S., A.D.Q.L., Haiyang Gan, and Wuwei Wu.  

     

Abstract 

Fluorescent asymmetric perylene diimide phosphoramidites have been synthesized and 

incorporated into unique functional DNA foldamers in high yields using automated synthesis.  

These advanced phosphoramidites are stable when stored as a dry powder at -20C for at least two 

years and are stable in solution on the DNA synthesizer for at least 10 days.  In addition, they are 

color tunable and fluorescent when incorporated into DNA oligomers in aqueous solution.  A 

tritylated biotin phosphoramidite has been synthesized and incorporated at the 5’ end to allow 

coupling quantification and facile oligomer purification using a monoavidin column.  A series of 
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oligomers incorporating multiple combinations of these various colored dyes have been 

prepared, affording functional nanodevices such as DNA logic gates (logimers), force measuring 

polymers (forceamers), primers for detection of DNA looping, and DNA sequence detection 

beacons.  

Introduction 

Fluorescent labeling is ideally suited for reporting conformational dynamics and biomolecular 

interactions in proteins and DNA due to high signal-to-noise-ratio, high sensitivity to Forster-

type energy transfer, ease of detection, and minimal molecular damage or interference.  Hence, 

fluorophores covalently incorporated into ssDNA oligomers have widely been used for 

functional nanodevices including molecular beacons, FRET rulers, or molecular probes.1   

There are two general methods to covalently link dyes into ssDNA oligomers.  The first is to 

incorporate an amino, carboxyl, or other phosphoramidite modifier which can be covalently 

linked to a fluorophore following oligo synthesis, deprotection, and purification.  While this 

method allows for attachment of a variety of chromophores, coupling yields may be low, 

functionalized oligo purification can be problematic, and it is difficult to simultaneously 

functionalize oligos with more than one type of dye.   

The second method is to incorporate fluorescent phosphoramidites during oligo synthesis.  In 

theory, this should be the preferred method because custom DNA oligomers are readily 

commercially available and labels can be ordered in lieu of any DNA base. However, the variety 

of commercially available phosphoramidite dyes is surprisingly limited.  The most common are 

based on fluorescein, rhodamine, or cy3/cy5 dyes, and most of these are designed to label only 3’ 

or 5’ ends.  While there are some commercial intra-chain phosphoramidites containing both 

active phosphoramidite and dimethoxytrityl (DMTr) protecting group, they often have limited 
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shelf-life or decompose within 2-3 days once dissolved in solution for automated synthesis.  

Thus, commercial oligo suppliers often do not guarantee coupling yields for oligomers 

containing two or more fluorophores or any intra-chain dyes because they often require special 

synthetic procedures and their use is not routine. As a consequence, multi-fluorescently labeled 

oligomers are still underexploited due to synthetic difficulty of incorporating fluorescent intra-

strand dyes.  This drives the need for more useful, stable, bifunctional fluorescent 

phosphoramidites. 

A fluorophore family that is naturally suited for bifunctionality is perylenetetracarboxylic 

diimides (PDIs).  The imide positions make asymmetric functionalization relatively easy.  

Additionally, the so called bay region of the perylene core can be easily functionalized resulting 

in facile color tunability.2  Furthermore, perylene diimides are known to have high photostability, 

high absorbance coefficients and quantum yields, and limited photobleaching.3  Even more 

advantageous, PDIs not only report typical intermolecular distances of 3-9 nm, bracketing the 

Forster Radius R0 by FRET, but they also exhibit signature absorbance characteristics upon close 

-stacking interactions between 3.5-5Å.   

We previously incorporated multiple PDIs into DNA oligomers resulting in novel thermophilic 

foldable polymers which folded into unique hairpin structures where the folded configurations 

were detected by signature absorbance intensity reversal upon PDI -stacking.4 However, there 

were some challenges with our first generation foldamers.  First, the highly planar PDIs 

exhibited nearly zero fluorescent quantum yield in aqueous solution, a recognized challenge due 

to self- and solvent collisional quenching.5  Second, phosphoramidite attachment to a 

tetra(ethyleneglycol) (TEG)  primary alcohol resulted in a limited shelf-life of several months 

and significant decomposition in solution within 2-3 days.  Third, the unsubstituted PDIs are 
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monochromic, limiting availability of FRET pairs.  Finally, DNA oligomers containing multiple 

PDIs were difficult to purify by standard methods such as cartridge purification because the 

hydrophobic perylene tends to retain the oligomer on the C8 columns in aqueous solvents 

whereas only complete “trityl-on” oligomers are retained in absence of PDIs. 

            

Figure 1. (a) Asymmetric fluorescent PDI incorporated into DNA backbone. (b)  Functional 

nanodevice called a forceamer can measure piconewton tension where melting calibrated 

hairpins results in fluorescent color change. 

In overcoming these obstacles, we have synthesized a second generation of perylene 

phosphoramidite dyes, shown in Figure 1, that are fluorescent when incorporated into DNA 

oligomers in aqueous solution, exhibit a range of fluorescent colors with multiple FRET pairs, 

are stable when stored as a dry powder at -20C for at least two years and are stable in solution on 

the DNA synthesizer for at least 10 days.  Additionally, a tritylated biotin phosphoramidite has 

been synthesized and incorporated at the 5’ end of all oligomers, allowing coupling 

quantification and facile oligomer purification using a monoavidin column.  A series of 

oligomers incorporating multiple combinations of these various colored dyes have been 

prepared, affording functional nanodevices such as DNA logic gates, force measuring polymers 

called forceamers (Figure 1b), primers for detection of DNA looping, and DNA sequence 

detection beacons. 
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Experimental Section 

General Methods.  1H, 13C, 31P, & 19F NMR were recorded with a Bruker Mercury 300 

spectrometer in CDCl3.  TMS was used as a reference for 1H spectra.  77.23 was adopted as the 

center line of CDCl3 for 13C NMR.  31P chemical shifts are reported in ppm using 85% H3PO4 as 

external reference.  19F chemical shifts are reported using TFA as an external reference 

standardized to -78.5 ppm.  Reactions were monitored by thin-layer chromatography (TLC) on a 

precoated plate of silica gel 60 F254 (EM Science).  Column chromatography was performed on 

silica gel, (32-63um, Dynamic Adsorbants).  Absorbance spectra were recorded with a Varian 

Cary 100 spectrophotometer.  The emission spectra were recorded with a SPEX Fluorolog-3-21 

spectrofluorometer.  Standard 1cm quartz cuvettes were used for all absorption and emission 

measurements.  Quantum yields were calculated using 5a as a reference (fl = 0.92, CHCl3) and 

were recorded at several concentrations with the absorbance < 0.1 to ensure a linear response.  

MALDI-TOF mass spectra were obtained with an ABVS-2025 spectrometer in positive mode 

using -cyano-4-hydroxycinnamic acid (CHCA) as the matrix. 

All reagents were purchase from Sigma-Aldrich except the following:  Trans-4-

aminocyclohexanol was purchased from Acros Organics.  Tetrazole activator solution was 

purchased from Fisher scientific.  Dichloromethane (DCM), pyridine (Py), trichloroacetic acid 

(TCA), and THF were from J.T. Baker.  Acetonitrile (ACN) was from EMD.  All reactants and 

solvents were used as purchased except for ACN and DCM used in DNA synthesis which were 

freshly distilled over CaH. 

(4,4’-dimethoxytrityloxy)-2-(2-(2-(2-azidoethoxy)ethoxy)ethoxy)ethane  (3).  2-(2-(2-(2-

azidoethoxy)ethoxy)ethoxy)ethanol (2) was synthesized as previously described.6  2 (8 g, 36.5 

mmol) was dissolved in 50 ml DCM.  Triethylamine (10.2 mL, 73.0 mmol) and 4,4’-
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dimethoxytritylchloride (DMTrCl, 13.6 g, 40.1 mmol) were added and the reaction was stirred at 

room temperature for 1 hour.  The reaction was monitored by TLC and the desired product, (Rf = 

0.9, DCM/MeOH 20:1) could be viewed using UV light or staining with a solution of 3% TCA 

in DCM.  Upon detection of no remaining starting material (Rf = 0.4), the reaction was quenched 

with methanol.  The reaction mixture was washed with NaHCO3(aq), brine, dried over Na2SO4, 

and evaporated under reduced pressure.  Yield was nearly quantitative and no further purification 

was required to remove traces of DMTrOH before the next step. 1H-NMR (CDCl3):   7.47 (d, 

2H, J = 6.9Hz, DMTr), 7.35 (d, 4H, J=9.0Hz, DMTr), 7.29 (t, 2H, J=6.9Hz, DMTr), 7.19 (t, 1H, 

J=6.9Hz, DMTr), 6.82 (d, 4H, J=9.0Hz, DMTr), 3.78 (s, 6H, DMTr), 3.70-3.64 (m, 12H, 

CH2CH2O), 3.35 (t, 2H, J=5.4Hz, OCH2CH2N3), 3.23 (t, 2H, J=5.4Hz, CH2CH2ODMTr).  13C-

NMR (CDCl3): 158.59, 145.32, 136.56, 130.30, 129.37, 128.44, 127.98, 126.88, 113.25, 86.14, 

71.04, 71.01, 70.97, 63.36, 55.44, 50.88. 

(4,4’ dimethoxytrityloxy)-2-(2-(2-(2-aminoethoxy)ethoxy)ethoxy)ethane (4). 3 (4.06 g, 7.8 

mmol), triphenyl phosphine (TPP, 2.27 g, 8.7 mmol), and water (0.21 ml, 11.6 mmol) were 

mixed with 15 mL THF.  The solution was stirred for 4 hours at RT.  The solvent was eliminated 

under reduced pressure and the residual product was suspended in diethylether and filtered to 

remove most of the solid TPP-oxide.  The filtrate was evaporated under reduced pressure to 

remove Et2O.  The residual product was then subject to silical gel column purification (10:1:0.5, 

DCM/MeOH/Et3N) to remove remaining TPP-oxide, unwanted dimethoxytrityl products, and 

any unwanted amine products.  The product can be viewed on TLC (Rf = 0.6, 10:1:0.5) using 

either ninhydrin spray or 3% TCA in DCM.  2.06 g (68% yield) of the title product was obtained 

following purification.  1H-NMR (CDCl3):  7.47 (d, 2H, J=6.9Hz, DMTr), 7.35 (d, 4H, J=9.0Hz, 

DMTr), 7.29 (t, 2H, J=6.9 Hz, DMTr), 7.19 (t, 1H, J=6.9Hz, DMTr), 6.82 (d, 4H, J=9.0Hz, 
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DMTr), 3.78 (s, 6H, DMTr), 3.70-3.60 (m, 10H, OCH2CH2O), 3.50 (t, 2H, J=5.4Hz, 

NH2CH2CH2O), 3.23 (t, 2H, J=5.4Hz, OCH2CH2O-DMTr), 2.83 (t, 2H, J=5.4Hz, 

NH2CH2CH2O), 1.45 (bs, 2H, NH2).  13C-NMR (CDCl3): 158.59, 145.30, 136.55, 130.29, 

128.43, 127.98, 126.88, 113.25, 86.14, 73.68, 71.01, 70.97, 70.89, 70.56, 63.37, 55.44, 42.01. 

N-2-(2-(2-(2-(4,4-dimethoxytrityloxy)ethoxy)ethoxy)ethoxy)ethyl, N’-(trans-4-

hydroxycyclohexyl perylenetetracarboxylic diimide  (6a).  PTCDA 5a (1.50 g, 3.8 mmol) and 

trans-4-cyclohexanolamine (1.10 g, 9.6 mmol) were dissolved in dimethoxysulfoxide (DMSO) 

and stirred at 85C for 4 hours.  The reaction was monitored by TLC (DCM:MeOH, 10:1).  

Diminishment of the starting material (Rf  = 0.95) and evolution of the monoimide product (Rf = 

0.1) along with a trace of the dicyclohexanol product (Rf = 0.3) signaled optimum time to add 4.  

4 (2.272 g, 4.6 mmol) was added and the reaction continued stirring overnight at 85C.  Reaction 

monitoring by TLC showed the evolution of the desired monotritylated asymmetric product (Rf = 

0.6) as well as the symmetric di-tritylated side product (Rf  = 0.9) and other side products (Rf < 

0.3).  Upon completion of the reaction, the DMSO was removed under reduced pressure.  The 

residue was suspended in DCM:MeOH:Et3N, 15:1:0.1 and filtered to remove undissolved side-

products.  The filtrate was collected and the solvent was removed under reduced pressure.  The 

mixture was then purified by silica gel chromatography (DCM:MeOH:Et3N, 15:1:0.1) to collect 

the desired title product, 0.374g (20.2% of the theoretical yield).  1H-NMR (CDCl3):  8.36 (d, 

2H, J=8.1Hz, perylene), 8.25 (d, 2H, J=8.1Hz, perylene), 8.04 (d, 2H, J=8.1Hz, perylene), 7.97 

(d, 2H, J=8.1Hz, perylene), 7.47 (d, 2H, J=6.9Hz, DMTr), 7.35 (d, 4H, J=9.0Hz, DMTr), 7.29 (t, 

2H, J=6.9Hz, DMTr), 7.19 (t, 1H, J=6.9Hz, DMTr), 6.82 (d, 4H, J=9.0Hz, DMTr), 5.06 (m, 1H, 

(CH2)2CHN), 4.41 (t, 2H, J=5.7Hz, OCH2CH2N) , 3.86 (t, 2H, J=5.7Hz, OCH2CH2N), 3.78 (s, 

6H, DMTr), 3.76-3.59 (m, 11H, OCH2CH2O, (CH2)2CHOH), 3.17 (t, 2H, J=5.4Hz, 
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OCH2CH2ODMTr), 2.72 (m, 2H, cyclohexanol), 2.20 (m, 2H, cyclohexanol), 1.91 (m, 2H, 

cyclohexanol), 1.58 (m, 2H, cyclohexanol). 13C NMR (CDCl3):  163.63, 163.12, 158.53, 145.31, 

136.53, 133.93, 133.77, 131.02, 130.92,  130.25, 128.93, 128.88, 128.40, 127.95, 126.86, 125.74, 

125.62, 123.60, 122.93, 122.85, 122.83, 113.21, 86.08, 70.97, 70.92, 70.33, 70.16, 68.08, 63.36, 

55.42, 53.10, 41.21, 38.49, 35.56, 26.86. 

N-2-(2-(2-(2-(4,4-dimethoxytrityloxy)ethoxy)ethoxy)ethoxy)ethyl, N’-(trans-4-

hydroxycyclohexyl 1,7-dibromoperylenetetracarboxylic diimide  (6b).  1,7 –dibromo-

3,4,9,10-perylenetetracarboxylic dianhydride 5b was synthesized following a literature 

procedure7 and by closely monitoring the reaction utilizing TLC (100% DCM), was obtained in 

quantitative yield.  6b was prepared in the same method as for 6a, with the exceptions of using 

starting material 5b instead of 5a and using pyridine as the solvent instead of DMSO.  Starting 

with (3 g, 5.45 mmol) of 5b, (0.224 g, 0.2 mmol) of 6b was collected following column 

purification (7.3% theoretical yield, 3.7% from starting material). 1H-NMR (CDCl3):  9.49 (d, 

1H, J=8.4Hz, perylene), 9.46 (d, 1H, J=8.4Hz, perylene), 8.91 (s, 1H, perylene), 8.885 (s, 1H, 

perylene), 8.68 (d, 1H, J=8.4Hz, perylene), 8.67 (d, 1H, J=8.4Hz, perylene), 7.43 (d, 2H, 

J=6.9Hz, DMTr), 7.33 (d, 4H, J=8.7Hz, DMTr), 7.27 (m, 2H, DMTr), 7.18 (m, 1H, DMTr), 6.80 

(d, 4H, J=8.7Hz, DMTr), 5.06 (m, 1H, (CH2)2CHN), 4.44 (t, 2H, J=6.0Hz, OCH2CH2N), 3.85 

(m, 2H, OCH2CH2N), 3.77 (s, 6H, DMTr), 3.75-3.60 (m, 11H, OCH2CH2O, (CH2)2CHOP), 3.18 

(t, 2H, J=5.7Hz, OCH2CH2ODMTr), 2.80-2.60 (m, 2H, cyclohexanol), 2.25-2.10 (m, 2H, 

cyclohexanol), 1.85-1.75 (m, 2H, cyclohexanol), 1.60-1.45 (m, 2H, cyclohexanol).  Note: 5b and 

thus 6b is a mixture that contains ~ 20% of the 1,6-dibromo isomer as previously described.2 
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N-2-(2-(2-(2-(4,4-dimethoxytrityloxy)ethoxy)ethoxy)ethoxy)ethyl, N’-(trans-4-

hydroxycyclohexyl 1,7-difluoroperylenetetracarboxylic diimide  (6c). 6b (0.179 g, 0.16 

mmol) was dissolved in 10 mL DMSO at RT.  1M tetrabutyl ammonium fluoride (TBAF) in 

THF was added dropwise while stirring.  The reaction was monitored by UV/Vis and the shift of 

the absorbance maximum from 524nm to 511nm signaled sufficient completion of the reaction.  

The reaction mixture was diluted in DCM and washed with saturated NaHCO3(aq), water, and 

brine.  Following filtration, the filtrate was evaporated under reduced pressure.  The residue was 

subject to silica gel purification (DCM/MeOH/Et3N 10:1:0.1) to elute 0.160 g of the desired 

product (Rf = 0.35) as an orange powder (71.5% yield).  NMR showed the sample contains trace 

amounts of mono-bromo, mono-fluoro compound, which does not cause significant deviation 

from the absorbance or fluorescent properties of the desired title compound.  1H-NMR (CDCl3):  

9.20-9.00 (m, 2H, perylene), 8.70-8.60 (m, 2H, perylene), 8.50-8.40 (m, 2H, perylene), 7.41 (d, 

2H, J=6.9Hz, DMTr), 7.33 (d, 4H, J=8.7Hz, DMTr), 7.27 (m, 2H, DMTr), 7.18 (m, 1H, DMTr), 

6.78 (d, 4H, J=8.7Hz, DMTr), 5.05 (m, 1H, (CH2)2CHN), 4.45 (t, 2H, J=5.7Hz, OCH2CH2N), 

3.83 (t, 2H, J=5.7Hz, OCH2CH2N), 3.77 (s, 6H, DMTr), 3.75-3.62 (m, 11H, OCH2CH2O, 

(CH2)2CHOH), 3.18 (t, 2H, J=5.7Hz, OCH2CH2ODMTr), 2.80-2.60 (m, 2H, cyclohexanol), 

2.22-2.10 (m, 2H, cyclohexanol), 1.85-1.65 (m, 2H, cyclohexanol), 1.65-1.45 (m, 2H, 

cyclohexanol).  19F-NMR:  -102.66 (major product, 1,7-isomer), -101.33 (1,6-isomer), -104.99 

(mono-fluoro impurity). 
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N-2-(2-(2-(2-(4,4-dimethoxytrityloxy)ethoxy)ethoxy)ethoxy)ethyl, N’-(trans-4-

hydroxycyclohexyl 1,6,7,12-tetrachloroperylenetetracarboxylic diimide  (6d).  14 g of 

1,6,7,12-Tetrachloro-3,4,9,10-perylenetetracarboxylic dianhydride 5d was synthesized following 

a literature procedure8 and by closely monitoring the reaction utilizing TLC (100% DCM), was 

obtained in nearly quantitative yield.  6d was prepared in the same method as for 6a, with the 

exceptions of using 5d instead of 5a as the starting material and using pyridine in lieu of DMSO 

as the solvent.  Starting with 3 g (5.66 mmol) of 5d, 1.908 g (1.73 mmol) of 6d was collected 

following column purification (61% theoretical yield, 30.5% from starting material). 1H-NMR 

(CDCl3):  8.67 (s, 2H, perylene), 8.544 (s, 2H, perylene), 7.44 (d, 2H, J=6.9Hz, DMTr), 7.33 (d, 

4H, J=8.7Hz, DMTr), 7.27 (t, 2H, J=6.9Hz, DMTr), 7.18 (t, 1H, J=6.9Hz, DMTr), 6.80 (d, 4H, 

J=8.7Hz, DMTr), 4.95 (m, 1H, (CH2)2CHN), 4.46 (t, 2H, J=5.7Hz, OCH2CH2N), 3.86 (t, 2H, 

J=5.7Hz, OCH2CH2N), 3.76 (s, 6H, DMTr), 3.75-3.62 (m, 11H, OCH2CH2O, (CH2)2CHOH), 

3.20 (t, 2H, J=5.4Hz, OCH2CH2ODMTr), 2.65-2.46 (m, 2H, cyclohexanol), 2.10 (m, 2H, 

cyclohexanol), 1.66 (m, 2H, cyclohexanol), 1.48 (m, 2H, cyclohexanol).  13C-NMR (CDCl3):  

162.73, 162.52, 158.56, 145.28, 136.54, 135.59, 135.54, 133.19, 133.07, 131.73, 131.46, 130.27, 

128.86, 128.65, 128.41, 127.96, 126.86, 123.75, 123.56, 123.39, 123.33, 113.23, 86.12, 70.92, 

70.26, 69.91, 68.05, 63.33, 55.44, 53.25, 39.74, 35.41, 35.33, 26.70. 

N-2-(2-(2-(2-(4,4-dimethoxytrityloxy)ethoxy)ethoxy)ethoxy)ethyl, N’-(trans-4-

hydroxycyclohexyl 1,6,7,12-tetraphenoxyperylenetetracarboxylic diimide  (6e).  6d (0.875 g, 

0.79 mmol) was dissolved in 20ml DMF along with K2CO3 (0.625 g, 4.53 mmol) and phenol 

(1.71 g, 18.1 mmol).  The mixture was heated to 85C for two days.  The reaction was monitored 

by NMR and the formation of a majority of the tetraphenoxy product (two single perylene peaks) 

with consumption of the tri-phenoxy product (4 single perylene peaks) signaled sufficient 
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completion of the reaction.  A majority of the solvent was removed under reduced pressure.  The 

remaining residue was dissolved in DCM/Et3N 100:5 and washed with NaHCO3 and brine and 

dried over Na2SO4.  The solution was filtered and the filtrate was collected followed by removal 

of the solvent under reduced pressure.  The sample was subject to silica gel purification 

(DCM/MeOH/Et3N, 20:1:0.2) to elute 0.572 g of the title product (Rf = 0.4) (54% yield).  1H-

NMR (CDCl3):  8.17 (s, 2H, perylene), 8.07 (s, 2H, perylene), 7.43 (d, 2H, J=6.9Hz, DMTr), 

7.40-7.00 (m, 7H DMTr, 12H phenoxy), 7.00-6.70 (m, 4H DMTr, 8H phenoxy), 4.85 (m, 1H, 

(CH2)2CHN), 4.35 (t, 2H, J=5.7Hz, OCH2CH2N), 3.80-3.50 (m, 13H, OCH2CH2N, OCH2CH2O, 

(CH2)2CHOH)), 3.75 (s, 6H, DMTr), 3.18 (t, 2H, J=5.4Hz, OCH2CH2ODMTr), 2.60-2.40 (m, 

2H, cyclohexanol), 2.10-1.95 (m, 2H, cyclohexanol), 1.65-1.50 (m, 2H, cyclohexanol), 1.50-1.30 

(m, 2H, cyclohexanol).  13C-NMR (CDCl3):  163.81, 163.50, 158.56, 156.02, 155.96, 155.58, 

155.46, 145.28, 136.55, 133.107, 132.887, 130.27, 130.20, 128.41, 127.96, 126.86, 124.78, 

123.11, 122.695, 120.872, 120.577, 120.336, 120.157, 120.082, 119.868, 119.724, 113.23, 86.10, 

70.91, 70.86, 70.19, 70.06, 68.04, 63.32, 55.42, 52.84, 39.39, 35.43, 26.76. 

Phosphoramidite of (6a), planar asymmetric phosphoramidite (7a).  6a (0.374 g, 0.387 

mmol) was dried for 24 hours under reduced pressure, then dissolved in dry DCM (25 mL) along 

with diisopropylethylamine (DIPEA, 0.27 mL, 1.5 mmol) under N2(g).  Then chloro-

N,N’diisopropylaminocyanoethoxyphosphane (0.112 mL, 0.50 mmol) was added by syringe and 

stirred for 30 minutes.  The reaction progress was monitored by TLC (DCM:EtOAc:Et3N, 3:6:1) 

and disappearance of the starting material (Rf = 0.1) along with evolution of the desired product 

(Rf = 0.95) signaled completion of the reaction.  The mixture was diluted in 100 mL DCM/Et3N 

100:5 and washed with saturated NaHCO3 and brine.  The organic layer was dried over Na2SO4 

and the solvent removed under reduced pressure.  The residue was subject silica gel purification 
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(DCM:EtOAc:Et3N, 3:6:1) to collect the desired product, 0.344 g (76% yield).  The 

phosphoramidite was stored in a closed container at -20C prior to DNA synthesis.  1H-NMR 

(CDCl3):  8.50 (d, 2H, J=8.1Hz, perylene), 8.45 (d, 2H, J=8.1Hz, perylene), 8.29 (d, 2H, 

J=8.1Hz, perylene), 8.25 (d, 2H, J=8.1Hz, perylene), 7.43 (d, 2H, 6.9Hz, DMTr), 7.31 (d, 4H, 

J=8.7Hz), 7.25 (t, 2H, J=6.9Hz, DMTr), 7.17 (t, 1H, J=6.9Hz, DMTr), 6.77 (d, 4H, J=8.7Hz, 

DMTr), 5.08 (t, 1H, (CH2)2CHN), 4.45 (t, 2H, J=5.7Hz, OCH2CH2N) , 3.87 (m, 6H, 

OCH2CH2N, NCCH2CH2O, ((CH3)2CH)2NP), 3.75 (s, 6H, DMTr), 3.70-3.59 (m, 11H, 

OCH2CH2O, (CH2)2CHOP), 3.16 (t, 2H, J=5.4Hz, OCH2CH2ODMTr), 2.80-2.67 (m, 4H, 

NCCH2CH2O, cyclohexanol), 2.25 (m, 2H, cyclohexanol), 1.88 (m, 2H, cyclohexanol), 1.68 (m, 

2H, cyclohexanol), 1.25-1.22 (2d, 12H, J=6.6 and 3.3Hz, ((CH3)2CH)2NP).  13C-NMR (CDCl3): 

163.84, 163.41, 145.31, 136.53, 134.41, 134.23, 131.33, 130.25, 129.27, 128.40, 127.94, 126.86, 

126.44, 126.22, 126.08, 123.74, 123.18, 123.07, 117.97, 113.20, 86.07, 72.26, 70.92, 70.37, 

68.13, 63.36, 60.64, 58.69, 58.45, 55.41, 52.93, 43.36, 43.20, 39.49, 34.44, 27.09, 25.02, 24.93, 

24.83, 24.74, 21.31, 20.66, 20.56, 14.44.  31P-NMR:  146.92. MS (MALDI-TOF): m/z 1106.25 

[M-N(CH)CH3)2)2+OH+Na]+; 1122.23 [M-N(CH)CH3)2)2+OH+K]+. 

Phosphoramidite of (6b), dibromo asymmetric phosphoramidite (7b).  The same method to 

synthesize 7a was followed to synthesize 7b except that 6b was used as the starting material 

instead of 6a.  Starting with 6b (0.220 g, 0.20 mmol), 7b (0.198 g, 0.15 mmol, 76% yield) was 

collected following purification.  1H-NMR(CDCl3):  9.93 (d, 1H, J=8.4Hz, perylene), 9.46 (d, 

1H, J=8.4Hz, perylene), 8.91 (s, 1H, perylene), 8.885 (s, 1H, perylene), 8.68 (d, 1H, J=8.4Hz, 

perylene), 8.67 (d, 1H, J=8.4Hz, perylene), 7.43 (d, 2H, J=6.9Hz, DMTr), 7.33 (d, 4H, J=8.7Hz, 

DMTr), 7.27 (m, 2H, DMTr), 7.18 (m, 1H, DMTr), 6.80 (d, 4H, J=8.7Hz, DMTr), 5.06 (m, 1H, 

(CH2)2CHN), 4.46 (t, 2H, J=6.0Hz, OCH2CH2N), 3.85 (m, 4H, OCH2CH2N, OCH2CH2CN), 3.77 
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(s, 6H, DMTr), 3.75-3.60 (m, 13H, OCH2CH2O, (CH2)2CHOP, NCH(CH3)2), 3.18 (t, 2H, 

J=5.7Hz, OCH2CH2ODMTr), 2.80-2.60 (m, 4H, OCH2CH2CN, cyclohexanol), 2.25-2.10 (m, 2H, 

cyclohexanol), 1.85-1.75 (m, 2H, cyclohexanol), 1.75-1.55 (m, 2H, cyclohexanol), 1.25-1.22 (2d, 

12H, J=6.9Hz, ((CH3)2CH)2NP).  31P-NMR:  146.943. MS (MALDI-TOF): m/z 1262.12 [M-

N(CH)CH3)2)2+OH+Na]+; 1278.10 [M-N(CH)CH3)2)2+OH+K]+. 

Phosphoramidite of (6c), difluoro asymmetric phosphoramidite (7c).  The same method to 

synthesize 7a was followed to synthesize 7c except that 6c was used as the starting material 

instead of 6a.  Starting with 6c (0.114 g, 0.114 mmol), 7c (0.128 g, 0.106 mmol) was collected 

following purification (94% yield).  1H-NMR(CDCl3):  9.1-8.9 (m, 2H, perylene), 8.65-8.60 (m, 

2H, perylene), 8.45-8.38 (m, 2H, perylene), 7.41 (d, 2H, J=6.9Hz, DMTr), 7.33 (d, 4H, J=8.7Hz, 

DMTr), 7.27 (m, 2H, DMTr), 7.18 (m, 1H, DMTr), 6.78 (d, 4H, J=8.7Hz, DMTr), 5.05 (m, 1H, 

(CH2)2CHN), 4.45 (t, 2H, J=6.0Hz, OCH2CH2N), 3.83 (m, 4H, OCH2CH2N, OCH2CH2CN), 3.77 

(s, 6H, DMTr), 3.75-3.58 (m, 13H, OCH2CH2O, (CH2)2CHOP, NCH(CH3)2), 3.18 (t, 2H, 

J=5.7Hz, OCH2CH2ODMTr), 2.80-2.60 (m, 4H, OCH2CH2CN, cyclohexanol), 2.30-2.10 (m, 2H, 

cyclohexanol), 1.9-1.75 (m, 2H, cyclohexanol), 1.70-1.55 (m, 2H, cyclohexanol), 1.25-1.22 (2d, 

12H, ((CH3)2CH)2NP).  31P-NMR (CDCl3):  146.973.   19F-NMR:  -102.66 (major product, 1,7-

isomer), -101.33 (1,6-isomer), -104.99 (mono-fluoro impurity).  MS (MALDI-TOF): m/z 

1142.23 [M-N(CH)CH3)2)2+OH+Na]+; 1158.21 [M-N(CH)CH3)2)2+OH+K]+. 

Phosphoramidite of (6d), tetrachloro asymmetric phosphoramidite (7d).  The same method 

to synthesize 7a was followed to synthesize 7d except that 6d was used as the starting material 

instead of 6a.  Starting with 6d (0.828 g, 0.75 mmol), 7d (0.845 g, 0.65 mmol) was collected 

following purification (86% yield).  1H-NMR(CDCl3):  8.66 (s, 2H, perylene), 8.64 (s, 2H, 

perylene), 7.44 (d, 2H, J=8.7Hz, DMTr), 7.32 (d, 4H, J=9.0Hz, DMTr), 7.27 (t, 2H, J=6.9Hz, 
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DMTr), 7.18 (t, 1H, J=6.9Hz, DMTr), 6.80 (d, 4H, J=9.0Hz, DMTr), 5.07 (m, 1H, (CH2)2CHN), 

4.46 (t, 2H, J=5.7Hz, OCH2CH2N), 3.84 (m, 6H, OCH2CH2N, NCCH2CH2O, ((CH3)2CH)2NP), 

3.77 (s, 6H, DMTr), 3.73-3.63 (m, 11H, OCH2CH2O, (CH2)2CHOP), 3.20 (t, 2H, J=5.4Hz, 

OCH2CH2ODMTr), 2.73-2.60 (m, 4H, NCCH2CH2O, cyclohexanol), 2.25 (m, 1H, 

cyclohexanol), 2.15 (m, 1H, cyclohexanol), 1.78 (m, 2H, cyclohexanol), 1.65 (m, 2H, 

cyclohexanol), 1.25-1.22 (2d, 12H, J=6.9Hz, ((CH3)2CH)2NP).  13C-NMR(CDCl3):  162.84, 

162.52, 145.28, 136.54, 135.62, 135.52, 133.19, 131.73, 131.54, 130.27, 128.86, 128.66, 128.40, 

127.95, 126.85, 123.84, 123.58, 123.47, 123.37, 118.10, 113.23, 86.10, 70.94, 70.38, 68.02, 

63.32, 58.66, 58.41, 55.42, 53.25, 43.37, 43.21, 39.81, 34.31, 26.97, 25.00, 24.90, 24.81, 24.71, 

20.65, 20.55.  31P-NMR (CDCl3):  147.051, 147.007 (two isomers). 

Phosphoramidite of (6e), tetraphenoxy asymmetric phosphoramidite (7e).  The same method 

to synthesize 7a was followed to synthesize 7e except that 6e was used as the starting material 

instead of 6a.  Starting with 0.290 g (0.217 mmol) of 6e, 0.289 g (0.188 mmol) was collected 

following purification (87% yield).  1H-NMR(CDCl3):  8.18 (s, 2H, perylene), 8.15 (s, 2H, 

perylene), 7.43 (d, 2H, J=7.5Hz, DMTr), 7.40-7.00 (m, 7H DMTr, 12H phenoxy), 7.00-6.90 (m, 

8H, phenoxy), 6.80 (d, 4H, J=9.0Hz, DMTr), 4.96 (m, 1H, (CH2)2CHN), 4.35 (t, 2H, J=5.6Hz, 

OCH2CH2N), 3.90-3.50 (m, 13H, OCH2CH2N, OCH2CH2O, (CH2)2CHOP)), 3.75 (s, 6H, 

DMTr), 3.18 (t, 2H, J=5.1Hz, OCH2CH2ODMTr), 2.66-2.50 (m, 4H, OCH2CH2CN, 

cyclohexanol), 2.20-1.95 (m, 2H, cyclohexanol), 1.75-1.50 (m, 4H, cyclohexanol), 1.25-1.22 (2d, 

12H, J=6.9Hz, ((CH3)2CH)2NP).  13C-NMR:  163.90, 163.49, 158.56, 156.19, 155.99, 155.57, 

155.49, 145.29, 136.54, 133.11, 132.94, 130.60, 130.27, 130.22, 128.40, 127.96, 126.85, 124.86, 

124.81, 123.22, 122.75, 120.86, 120.54, 120.34, 120.23, 120.16, 119.91, 119.75, 117.91, 113.23, 

86.10, 72.10, 71.90, 70.92, 70.34, 68.02, 63.31, 58.69, 58.44, 55.42, 52.81, 43.26, 43.10, 39.50, 
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34.34, 27.04, 25.00, 24.90, 24.77, 24.68, 20.60, 20.51.  31P-NMR:  146.678. MS (MALDI-TOF): 

m/z 1474.45 [M-N(CH)CH3)2)2+OH+Na]+. 

 1-N-(4,4'-dimethoxytrityl)-biotinyl-4-hydroxycyclohexylamide (9).  N-4,4’-dimethoxytrityl-

(+)-biotin (8) was synthesized according to a literature procedure.9  8 (1 g, 1.83 mmol) was 

dissolved in 25 mL DMF.  Dicyclohexylcarbodiimide (DCC, 0.453 g, 2.20 mmol) was added 

followed by N-hydroxysuccinimide (0.253 g, 2.20 mmol) and the reaction mixture stirred at RT 

overnight.  Trans-4-cyclohexanolamine (0.232 g, 2.01 mmol) was added and stirred for an 

additional seven hours.  The reaction mixture was then filtered to remove most of the insoluble 

dicyclohexylurea.  The filtrate was collected and the solvent removed under reduced pressure.  

The residue was purified by silica gel chromatography (DCM:MeOH, 10:1) to produce 0.882 g 

(1.37 mmol, 75% yield) of 9 as a light-pink foam.  1H-NMR(CDCl3):  7.30-7.22 (m, 5H, DMTr), 

7.16 (d, 2H, J=8.7Hz, DMTr), 7.14 (d, 2H, J=8.7Hz, DMTr), 6.81 (d, 2H, J=8.7Hz, DMTr), 6.80 

(d, 2H, J=8.7Hz, DMTr), 6.63 (s, 1H, biotin NH), 6.30 (d, 1H, J=8.1Hz, amide NH), 4.23 (m, 

1H, NHCHCH), 4.12 (m, 1H, NDMTrCHCH2), 3.79 (s, 6H, DMTr), 3.67 (m, 1H, 

(CH2)2CHNH), 3.54 (m, 1H, (CH2)2CHOH), 2.96 (m, 1H, SCH(CH)CH2), 2.64 (m, 2H, 

CH2CON), 2.49 (d, 1H, J=12.6Hz, CH2S), 2.29 (dd, 1H, J=13.2, 5.7Hz, CH2S), 1.90-2.00 (m, 

4H, cyclohexanol), 1.65-1.85 (m, 2H, CH2), 1.00-1.60 (m, 8H, 4cyclohexanol, 4CH2).  
13C-NMR 

(CDCl3):  173.08, 162.57, 158.61, 158.57, 143.91, 135.93, 135.78, 131.64, 131.53, 129.92, 

127.67, 127.14, 112.94, 73.08, 69.98, 65.62, 59.92, 55.51, 55.33, 47.69, 39.83, 35.55, 34.24, 

30.97, 30.87, 28.34, 27.92, 25.62.  note:  Intramolecular hydrogen bonding in this compound is 

solvent dependent.  As reported previously, this can be observed by a chemical shift in the NH 

protons by up to 1ppm.10  Additionally, the different forms can be seen by slight differences in 

both the 1H- and 13C-NMR spectra of the valeric chain and cyclohexanol group. 
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[1-N-(4,4’-dimethoxytrityl)-biotinyl-4-aminocylohexyl]-2-cyanoethyl-N,N’-

diisopropylaminophosphoramidite (10).  9 (0.805 g,  1.25 mmol) was dried for 24 hours under 

reduced pressure and then dissolved in dry DCM.  DIPEA (0.87 mL, 5.0 mmol) was added 

followed by Chloro-N,N’diisopropylaminocyanoethoxyphosphane (0.363 mL, 1.63 mmol) and 

the reaction was stirred for 1 hour.  Reaction monitoring by TLC (DCM/EtOAc/Et3N 3:6:1) 

revealed the formation of the desired product, (Rf = 0.45), which can be viewed with a 3% 

solution of TFA in DCM.  The reaction mixture was diluted with DCM/Et3N 100:5 and washed 

with a saturated NaHCO3 solution and brine, followed by drying over Na2SO4.  The mixture was 

filtered and dried under reduced pressure.  The residue was subject to a silica gel column 

(DCM/EtOAc/Et3N 3:6:1) to elute 555 mg of the desired compound (53% yield).  1H-NMR:  

7.20-7.35 (m, 5H, DMTr), 7.16 (d, 2H, J=8.7Hz, DMTr), 7.14 (d, 2H, J=8.7Hz, DMTr), 6.81 (d, 

4H, J=8.7Hz, DMTr), 5.65 (m, 1H, biotin NH), 5.58 (m, 1H, amide NH), 4.33-4.28 (m, 1H, 

NHCHCH), 4.25-4.21 (m, 1H, NDMTrCHCH2), 3.85-3.50 (m, 6H, (CH2)2CHNH, (CH2)2CHOH, 

OCH2CH2CN, CH(CH3)2), 3.79 (s, 6H, DMTr), 3.04 (m, 1H, SCH(CH)CH2), 2.63 (t, 2H, 

J=6.3Hz, OCH2CH2CN), 2.46 (d, 1H, J=12.9Hz, CH2S), 2.29 (dd, 1H, J=12.6, 5.7Hz, CH2S), 

2.05-1.70 (m, 6H, 4x cyclohexanol, CH2CON), 1.65-1.40 (m, 4H, cyclohexanol), 1.40-1.15 (m, 

4H, CH2), 1.18 (d, 6H, J=6.9Hz, (CH3)2CHN), 1.17 (d, 6H, J=6.9Hz, (CH3)2CHN).  13C-NMR 

(CDCl3):  172.44, 162.04, 158.59, 144.04, 136.11, 135.99, 131.60, 131.55, 129.96, 127.73, 

127.11, 118.05, 112.98, 72.99, 72.56, 72.31, 65.55, 59.85, 58.44, 58.19, 55.49, 54.85, 47.36, 

43.37, 43.20, 39.65, 35.90, 32.91, 30.81, 28.44, 28.05, 25.39, 24.94, 24.85, 24.76, 24.66, 20.63, 

20.52.  31P-NMR (CDCl3):  146.990, 146.896 (two isomers).  MS (MALDI-TOF): m/z 783.30 

[M-N(CH)CH3)2)2+OH+Na]+; 799.27 [M-N(CH)CH3)2)2+OH+K]+. 
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DNA Foldamer Synthesis.  Solid-phase synthesis was carried out on an 8909 Expedite 

Nucleic Acid Synthesis System.  All reagents were freshly prepared except for tetrazole activator 

solution, which was purchased from Fisher Scientific.  The Controlled Pore Glass (GPC) 

columns were purchased from Applied Biosystems or from Glenn Research at the 0.2M scale 

with either 500Å or 1000Å pore size.  The DNA phosphoramidites were purchased from 

SynGen, Inc., and standard synthesis protocol supplied by PerSeptive Biosystems was used for 

the DNA bases.  Phosphoramidite dyes were dissolved in DCM at 0.04M.  B-train wash which 

normally consists of dry ACN was replaced by a 50/50 mix of dry ACN/DCM to increase the 

solubility of the dyes on the column.   We used a custom coupling protocol for the 

phosphoramidite dyes in order to improve coupling yields: the phosphoramidites were delivered 

over a 4s period (instead of immediately) and the reaction time was extended from 47 s to 150 s.  

This cycle was repeated three times for each dye before final capping, oxidation, and 

detritylation steps.  Biotin phosphoramidite was dissolved in ACN at 0.04M.  Biotin 

phosphoramidite was also delivered by a similar protocol used for the chromophores but only 

repeating the cycle once.  The detritylation step for biotin was incorporated into the coupling 

protocol and was repeated once to ensure complete detritylation of the secondary amine.  Since 

biotin was always added at the 5’ end, the synthesis was run in “trityl-on” mode, although the 

biotin protocol always removes the final trityl group in order to observe the biotin coupling yield.   

Purification of DNA foldamers.  Most DNA foldamers were synthesized with a final biotin on 

the 5’ end.  Ultralink Imobilized Monomeric Avidin, product number 20228, was purchased 

from Pierce.  The fast-flow technique provided by the manufacturer was modified to a spin-

column format as follows: a 2ml Spin-x centrifuge tube filter from Corning was packed with 0.5 

mL of monomeric avidin slurry.  All gel-bed volume washes were accomplished by spinning the 
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column at 4000 g for 30 seconds.  Determination of oligomer content was determined by visual 

inspection of the dyed oligos or by measuring the absorbance at 260 nm or the maximum 

absorbance wavelength of the incorporated dyes.  0.5 mL of monomeric avidin slurry (0.25 mL 

bed volume) was found to be able to purify around 0.04 moles of oligomer, or about 1/5 of a 

0.2 mole synthesis batch. 

Foldamer annealing experiments.  These experiments are on-hold pending additional funding. 

Results and Discussion   

Synthetic strategy.  There are three common strategies to synthesize fluorescent intra-chain 

phosphoramidites.  The first is to covalently attach a chromophore to a modified pyrimidine base 

mimicking a standard deoxyribose phosphoramidite.  The second is to covalently attach a small 

bifunctional molecule to a fluorophore permitting trityl and phosphoramidite functionalization.  

The third method is to directly tritylate and phosphitylate a bifunctional dye.  The third strategy 

has an advantage for nanodevice applications because the fluorophore is directly part of the DNA 

backbone instead of a side-chain spur, providing maximum spatial details.  PDIs are naturally 

bifunctional in the imide positions. 
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Scheme 1. 

 

 

i. TsCl, Et3N, CH2Cl2, 0CRT, overnight, 33% yield.  ii. NaN3, ACN, 100C, 36hrs, 89% 

yield.  iii. DMTrCl, DCM, Et3N, RT, 1hr, ~100% yield.  iv. TPP, H2O, THF, 4hrs, 68% yield. v.  

5a, b, or d, 2.5eq 4-hydroxy-cyclohexylamine, DMSO or Py, 4hrs, 85C, followed by 1eq (4), 

4hrs, 85C, 20-60% of theoretical yield.  vi.6c: 6b, TBAF, DMSO, RT, 2hrs, 80% yield.  6e: 6d, 

DMF, phenol, K2CO3, 85C, 48 hrs, 54% yield.  vii. 6a-e, chloro-

N,N’diisopropylaminophosphane, DIPEA, DCM, RT, 1hr, 85-98% yield. 
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The first modification to our generation-one PDI phosphoramidites was to replace one of the 

flexible TEG chains with a more rigid cyclohexanolamide group as shown in Scheme 1.  This 

was selected for several reasons: first the more sterically demanding cyclohexanol group helps 

prevent -stacking with other perylene dyes and with the DNA bases.  Second, the more rigid 

linkage between the negatively charged deprotected phosphate, shown in Scheme 2, and the PDI 

also helps prevent PDI self-quenching and greatly improves fluorescent quantum yield.  

Functionalizing PDIs with charged groups has been shown to improve aqueous fluorescence,5 

however charged PDIs are unsuitable for purification and phosphitylation; charge formation 

during phosphotriester deprotection avoids these issues.  Third, the cyclohexanolamide provides 

a secondary alcohol for phosphitylation resulting in a more stable phosphoramidite than for a 

primary alcohol.11   

Scheme 2. 

 

Following automated DNA synthesis (i) and standard deprotection with concentrated 

ammonium hydroxide (ii), phosphoramidite dyes 7a-e are converted to multicolored intrachain 

fluorophores 11a-e. 

One TEG chain was maintained to increase solubility and still allow a flexible linkage. 

However, asymmetric imide functionalization of PDIs is not trivial.  Perylenetetracarboxylic 
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dianhydride (PTCDA), the starting material for PDIs, is sparingly soluble. Therefore, the first 

imide reaction typically greatly increases solubility, making the perylene monoimide (PMI) 

much more reactive to second imide formation.  Thus, if two amines with unlike reactivity are 

reacted with PTCDA in equal stoichiometry, the more reactive amine will be completely 

consumed forming the symmetric PDI.  The less reactive amine will then form a different 

symmetric PDI, so that very little asymmetric PDI is formed.  Typically either amines with 

similar reactivity are used or a symmetric PDI is selectively hydrolyzed under harsh conditions, 

forming a PMI for subsequent asymmetric substitution.12  However, adding one cyclohexanol 

amide makes the PMI less soluble than PTCDA, so that PDI formation significantly slows; then, 

adding the more reactive TEG-amine forms the desired asymmetric product in one step. 

The second modification was to make the synthesis more parallel by first tritylating the TEG 

chain prior to imide formation, as shown in Scheme I.   Our first generation symmetric PDIs had 

a theoretical selective tritylation yield of only 50%.  However, selectively tritylating the TEG 1 

alcohol of the asymmetric PDI would only have a 25% theoretical yield.   Additionally, we have 

discovered PDI significantly hinders tritylation, a molecular coding phenomena, so that multiple 

equivalents of relatively expensive DMTrCl are required to achieve the mono-tritylated product.  

In contrast, DMTrCl reacts almost quantitatively with the TEG chain in absence of any PDI.  

Therefore, tritylation before imide formation increases yield, decreases cost, and simplifies 

separation of the monotritylated asymmetric PDI due to large polarity difference with ditrityated 

and dicyclohexanol symmetric PDIs. 

The third modification was to add perylene bay substitutions in order to create a library of 

fluorescent colors.  PTCDA was first reacted according to literature procedures to form dibromo 

and tetrachloro PTCDAs 5b and 5d.7,8  The dianhydrides were then incorporated as asymmetric 
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tritylated PDIs 6a, 6b, and 6d. These were either directly phosphitylated, or first reacted to form 

difluoro or tetraphenoxy varieties 6c and 6e for a total of five different phosphoramidites 7a-e. 

Scheme 3. 

 

i. DMTrCl, Py, Et3N, DMAP.9  ii. DCC, NHS, 4-cyclohexanolamine, 7 hrs., 75% yield.  iii.  

CH2Cl2, DIEA, chloro-N,N’-diisopropylaminocyanoethoxyphosphane, RT, 1 hr, 53% yield. 

Finally, we have previously found that DNA oligomers with multiple perylene chromophores 

can be difficult to purify by standard purification methods such as cartridge purification.  The 

easiest method to purify standard oligomers is to leave the final hydrophobic trityl group on 

(trityl-on) which helps retain only the complete desired sequence on the column and can be 

removed once purification is complete.  We have found that the hydrophobic perylene also tends 

to retain the oligomer on the columns, and thus makes purification more difficult, especially 

when multiple dyes are incorporated.  As a consequence, we added a 5’ biotin to all 2nd 

generation oligos to temporarily bind the DNA sequence to a monomeric avidin column.  The 

synthetic strategy is provided in Scheme 3.  Biotin was first mono-tritylated in the imide position 

and subsequently reacted with aminocyclohexanol to provide a 2 alcohol for phosphitylation.  
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The resulting phosphoramidite 10 exhibits similar stability as the PDI phosphoramidites and the 

trityl group allows final coupling quantification. 

Automated synthesis and purification. As seen in Figure 2, the coupling yields for the 

described synthetic chromophores are essentially indistinguishable from those of the DNA bases.  

The coupling efficiency is also independent of sequence, whether spaced apart by DNA hairpins 

or directly adjacent to one another, with either like of different dyes.13 It can also be seen that the 

5’ end biotin caps also have comparable coupling efficiency to the standard DNA bases. 

As long as sufficient DNA is incorporated with the hydrophobic dyes either on the ends or 

between the dyes, the oligomers are water soluble and can be easily removed from the solid 

phase columns during standard ammonium hydroxide deprotection.  All of the PDIs are stable to 

deprotection, except for 11c.  Interestingly, the PDI bay fluorine atoms in 11c undergo an 

aromatic substitution reaction in aqueous ammonia, forming a mixture of mono- and di-hydroxy 

PDIs, advantageously providing a deeply red fluorescent fluorophore.  Following NH4OH(aq) 

cleavage and phosphate / DNA base deprotection, the biotin labeled oligomers were easily 

purified by monomeric avidin column.  Since only the desired completed sequence receives a 5’ 

biotin, the product that is eluted from the avidin column is very pure.   
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Figure 2.  Coupling yields as measured by trityl monitoring for the synthesis of two 

representative oligomers with intrachain perylene fluorophores and 5’ chain-end biotin.  The 

coupling yields for the dyes are essentially indistinguishable from those of the DNA bases.  A, T, 

C, and G represent single DNA bases while the numbered bars represent synthetic 

chromophores.  Here, 5 = 7a, 6 = 7d, 7 = 7e, 8 = 7b, and 9 = 10. 

Spectroscopic properties.  The absorbance spectra of the purified dyes 11a-e incorporated in 

DNA are displayed in figure 3, left.  All of the dyes’ A0’-0 vibronic bands are bathochromatically 

shifted about 10nm from the corresponding monomers in organic solvents.  Surprisingly, the 

planar perylene exhibits the smallest change in spectral shape from that in organic solvents, and 

retains well defined vibronic bands.  The dibromo (11b), tetrachloro (11d), and tetraphenoxy 

(11e) dyes all have broadened absorbance bands and a vibronic band A0’-1/A0’-0 intensity reversal.  

We suspect these differences are due to ground state interactions ( stacking) between the 

electron deficient perylene dyes and the electron rich DNA bases.  However, it is not clear why 

the twisted bay-substituted perylene dyes have greater changes in their absorbance spectra than 
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the planar PDI; the planar dye should presumably have the greatest -stacking with adjacent 

purines and pyrimidines and thus the greatest absorbance spectral change. 

Chromophores 11a,b, and d all have significant absorbance at 488nm, making them ideal for 

excitation with an argon-ion laser while  11c and 11e are conveniently tuned for frequency 

doubled Nd:YAG 532nm laser excitation. Additionally, their maximum absorbance at longer 

wavelengths overlaps well with the emission wavelength of the shorter wavelength dyes, making 

for suitable FRET pairs. 

The five synthetic fluorophores exhibit a broad range of fluorescent colors with emission 

maximums ranging from 503-680nm (Figure 3, right).  Similar to the absorbance spectra, dyes 

11b-11e have broadened fluorescent spectra in aqueous DNA compared to that of the monomers 

in chlorinated solvents, while 11a retains a well-defined vibronic emission spectrum.  The 

emission spectral shape of dyes 11b-e are relatively independent of whether these dyes are 

located on the ends or in the middle of a DNA oligomers or next to other chromophores.  

However the planar perylene dye sometimes shows changes in shape depending on location and 

adjacent species.  As shown, the intra-chain planar perylene has an additional sharp peak at 

503nm which is hypsochromatic from the vibronic Fl0’-0 emission peak.  It is believed that this 

new peak is the result of  stacking with adjacent DNA. 
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Figure 3.  Normalized absorbance (left) and emission (right) spectra of single synthetic perylene 

chromophores incorporated in DNA in aqueous solution.   The five fluorophores display a broad 

range of fluorescent colors ranging from 503-680nm. 

Absorbance and emission maxima abs
max and em

max for dyes 11a-e incorporated in DNA(aq) 

are summarized in Table 1, along with their quantum yields fl.  As expected, the planar 11a has 

a lower fl (0.15) while the highly twisted Cl4-PDI 11d has the largest fl (0.76).  However, even 

a fl = 0.15 is a huge improvement from the symmetrical first generation PDI oligomers which 

exhibited no fluorescence and is more than adequate to allow fluorescent detection of folding.   

Table 1.  abs
max and em

max for PDIs 11a-e in DNA foldamers (aq). 

# 
abs

max 
(nm) 

Em
max 

(nm) fl
11a 544 544 0.15 
11b 503 584 0.61 
11c 579 680 0.02 
11d 499 583 0.76 
11e 549 630 0.62 
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Functional foldamer nanodevices.  A series of oligomers incorporating multiple combinations 

of these various fluorescent color PDIs have been prepared, affording functional nanodevices 

including DNA logic gates called logimers, force measuring polymers called forceamers, primers 

for detection of DNA looping, and DNA sequence detection beacons. A brief overview of these 

nanodevices are provided as an insert to my Ph.D. committee members; experimental results will 

be published separately. 

Conclusion   

A series of fluorescent asymmetric PDI phosphoramidites have been synthesized and 

incorporated into unique functional DNA foldamers in high yields using automated synthesis.  

These advanced fluorophores exhibit improved properties including fluorescence when 

incorporated into DNA oligomers in aqueous solution, longer phosphoramidite stability, color 

tunability, and facile oligomer purification.  A series of oligomers incorporating multiple 

combinations of these various colored dyes have been prepared, affording functional 

nanodevices such as DNA logic gates (logimers), force measuring polymers (forceamers), 

primers for detection of DNA looping, and DNA sequence detection beacons.  The intra-chain 

phosphoramidite strategy opens the door to an entire family of functional nanomachines and the 

phosphoramidites developed here serve as prototypes for the future fluorescent machinery. 
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SUPPORTING INFORMATION 

Selected NMR Spectra: 
 

 

 
 
Figure S1.  1H- and 13C-NMR spectra for compound 3. 
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Figure S2.  1H- and 13C-NMR spectra for compound 4. 
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Figure S3.  1H- and 13C-NMR spectra for compound 6a.  
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Figure S4. 1H-, 13C-, and 31P-NMR spectra for compound 7a. 
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Figure S5.  1H-NMR spectrum for compound 6b. 
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Figure S6.  1H- and 31P-NMR spectra for compound 7b. 
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Figure S7.  1H- and 19F-NMR spectra for compound 6c. 
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Figure S8.  1H-, 31P-, and 19F-NMR for compound 7c. 
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Figure S9.  1H- and 13C-NMR spectra for compound 6d. 
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Figure S10.  1H-, 13C-, and 31P-NMR spectra for compound 7d. 
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Figure S11.  1H- and 13C-NMR spectrum for compound 6e. 
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Figure S12.  1H-,13C-, and 31P-NMR spectrum for compound 7e. 
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Figure S13.  1H- and 13C-NMR spectra for compound 8. 
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Figure S14. 1H- and 13C-NMR spectra for compound 9. 
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Figure S15.  1H-, 13C-, and 31P-NMR for compound 10. 
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Figure S16.  Coupling yields for all nanodevices as measured by trityl monitoring.  Coupling 

yields for synthetic PDIs and biotin (numbered bars) are typically indistinguishable from 

commercial DNA bases (A, T, C, and G); 5 = 7a, 6 = 7d, 7 = 7e, 8 = 7b, and 9 = 10.  Figure S16 

continues for the next two pages.  Biotin trityl yields (bar = 9) often measure artificially high due 

to slower detritylation; their yields have been corrected in Figure 2 of the main text. 
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CHAPTER 9 

MODULAR PHOSPHORAMIDITE CONSTRUCTION GENERATES HIGHLY 

FLUORESCENT DENDRIMER BIOLABELS 

Andrew D. Shaller, Alexander D. Q. Li* 

Department of Chemistry, Washington State University, Pullman, WA 99164. 
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publication.  A.D.S. wrote the manuscript.  A.D.S. and A.D.Q.L. will edit, submit, and revise the 

manuscript.  A.D.S. synthesized and characterized all of the phosphoramidites and dendrimers 

and is responsible for the idea for using the automated phosphoramidite chemistry. 

     

 

Abstract 

Highly fluorescent dendrimers have been prepared using efficient automated solid-support 

phosphoramidite synthesis and robust twisted perylene diimide (PDI) fluorophores.  These 

dendrimers can be 100+ times brighter than single fluorophores such as fluorescein or rhodamine 

as determined by single-molecule spectroscopy and are soluble and highly fluorescent in aqueous 

solutions.  Divergent synthesis from a single functional group enables one-to-one dendrimer 

labeling of single targets such as proteins or DNA for live cell imaging. 
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Introduction 

Fluorescent bioimaging provides information about biomolecular structure, function, 

dynamics, and intermolecular interactions that can’t easily be determined by other methods.1  

However, there are some challenges with the currently available fluorescent labels.  Single 

organic fluorophores such as fluorescein, rhodamine, or cyanine dyes are advantageous because 

they are small relative to typical globular proteins resulting in minimal interference with native 

function and are ideal for single-point labeling, ensuring a single dye labels a single properly 

functionalized protein at the desired location.  Fluorescent proteins such as Green Fluorescent 

Protein (GFP) enable genetic encoding of single fluorophores, simplifying cellular delivery and 

protein targeting challenges.  Unfortunately, single fluorophores randomly photo-blink, have low 

signal-to-noise in an autofluorescent cellular environment, and typically photo-bleach within 

several seconds when illuminated with laser excitation required for single-molecule detection.2   

To overcome the low fluorescent intensity and photo-bleaching of single fluorophores, brighter 

particles have been used such as quantum-dots (QDs) and fluorescent polymer nano-particles 

(FNPs).  However, there have been some challenges with these strategies.  First, the particles are 

much bigger than single organic fluorophores; typical FNPs range in size from 20-100nm, and 

QDs, when functionalized with a polymer coating to overcome toxicity and solubility challenges, 

are typically > 15nm diameter.3,4  Furthermore, single quantum dots are apparently limited to a 

brightness only 20 times brighter than a single organic fluorophore; they also typically exhibit 

random photo-blinking, a disadvantage for imaging.  Additionally, both QDs and FNPs are 

difficult to singly functionalize because they typically contain a homogenous functional surface. 

Fluorescent dendrimers (FDs) are an emerging approach which offers several competitive 

advantages to QDs and FNPs.5  First, divergent synthesis branching from a single functional 
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group enables single dendrimer labeling to a single biomolecular target.  Second, FDs can be 

relatively small with low molecular weight and maximum fluorophore density.  Third, the 

physical and chemical properties of the dendrimer can be easily changed by selecting the 

appropriate interior branching units and terminal functional groups while properties such as 

brightness, solubility, and containment can be optimized by changing the generation number. 

 However, FDs are not without their own challenges.  First, the synthetic steps must be high 

yield to ensure efficient coupling for the exponentially increasing number of reactions with each 

generation.  Second, FDs synthesized in organic solvent systems must ultimately be water-

soluble and fluorescent for live-cell applications.  Finally, FD construction and architecture 

optimization via traditional organic synthesis requires repeating multiple reaction and 

purification steps and thus significant time. 

Muellen and De Schryver have done considerable pioneering work constructing FDs utilizing 

highly fluorescent perylene diimide (PDI) fluorophores linked by rigid polyphenylene 

architecture.6  They have also characterized the PDIs using single molecule fluorescence, 

measuring single dendrimers that are up to six times brighter than a single fluorophore.7  While 

various terminal-groups promise future aqueous compatibility, water solubility is currently not 

reported in these rigid dendrimers without the use of detergents.8  A major obstacle encountered 

in the tightly spaced dendrimers is singlet-singlet annihilation resulting in decreased single 

molecule brightness; promisingly, increasing the fluorophore spacing has been shown to increase 

fluorescent intensity.9,10 

We have addressed some of these issues by adapting the optimized and efficient automated 

solid-phase phosphoramidite chemistry that is commonly used for ssDNA oligonucleotide 

synthesis (Figure 1).  The potential advantages of solid-phase dendrimer synthesis have not gone 



   

283 

unrecognized, enabling excess reagent-driven quantitative reaction yields and facile 

purification.11  Logically, phosphoramidite chemistry has been used to construct oligonucleotide 

dendrimers, but has apparently been overlooked for preparation of bright multi-fluorophore 

biolabels.12  This approach results in cellular compatible hydrophilic diester phosphate linkages 

and a single-functional core at the “3’-end” for biomolecular labeling (Figure 2).  Furthermore, 

the modular synthesis approach allows rapid, facile optimization of dendrimer structure 

including branching units, fluorophore substitution and intramolecular spacing, label and 

terminal functional group selection, and generation number.  Here, a series of fluorescent PDI 

dendrimers up to generation eight (G = 8) have been synthesized and characterized by ensemble 

and single molecule techniques.  Single molecule fluorescence reports a fourth generation 

dendrimer, with a 16nm hydrodynamic diameter, that is 71 times brighter than a single 

fluorophore; higher generation FDs are more than 100 times brighter. 
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Figure 1.  Phosphoramidite precursors and amino CPG support used for dendrimer synthesis.  A 

variety of multipliers, spacers, and fluorophores allows modular design and facile dendrimer 

optimization. 
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Figure 2.  3rd generation dendrimer D5 with 39 PDI fluorophores is 20 times brighter than 

fluorescein.  3’-amino label, Cl4 PDI fluorophore, and triazole-based trebler functional groups 

are enlarged to show their chemical structure.    

Experimental Section 

General methods.  1H- and 13C-NMR spectra were recorded at 300.1 and 75.6 MHz with a 

Varian Mercury 300 spectrometer in deuterated solvents (CDCl3, CD3OD, or DMSO-d6) at 

ambient temperature; 1H spectra were referenced vs TMS, 13C spectra were referenced vs. 77.23 

ppm for the central line of CDCl3, and 31P NMR chemical shifts were referenced vs. 85% H3PO4 

as an external reference.   Reactions were monitored by thin-layer chromatography (TLC) on a 
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pre-coated plate of silica gel 60 F254 (EM Science). Column chromatography was performed on 

flash grade silica gel from Sorbent Technologies or Dynamic Adsorbants.  MALDI-TOF mass 

spectra were obtained with an ABVS-2025 spectrometer in positive mode using -cyano-4-

hydroxycinnamic acid (CHCA) as the matrix by the Mass Spectrometry Core Laboratories at 

WSU; phosphoramidites typically hydrolyzed under these condition and [M – N(CH(CH3)2)2 + 

OH + Na]+ ions were usually detected. 

Reagents.  All reagents were purchase from Sigma-Aldrich except the following:  Trans-4-

aminocyclohexanol was purchased from Acros Organics.  Tetrazole activator solution was 

purchased from Fisher Scientific.  dichloromethane (DCM), pyridine (Py), trichloroacetic acid 

(TCA), and tetrahydrofuran (THF) were from J.T. Baker.  Acetonitrile (ACN) was from EMD.  

All reactants and solvents were used as purchased except for automated synthesis reagents ACN 

and DCM which were freshly distilled over CaH to remove water. 

Dendrimer Synthesis.  Solid-phase synthesis was carried out on an 8909 Expedite Nucleic Acid 

Synthesis System.  All reagents were freshly prepared except for tetrazole activator solution, 

which was purchased from Fisher Scientific.  The Controlled Pore Glass (GPC) columns were 

purchased from Glen Research at the 0.2mole scale with 500Å, 1000Å, or 2000Å pore sizes.  

The DNA phosphoramidites were purchased from SynGen, Inc., and standard synthesis protocol 

supplied by PerSeptive Biosystems was used for the DNA bases.  Custom phosphoramidites 

were dissolved in DCM at 0.06M.  B-train wash which normally consists of dry ACN was 

replaced by a 50/50 mix of dry ACN and dry DCM to increase the solubility of the dyes on the 

column.   We used a custom coupling protocol for the phosphoramidite dyes in order to improve 

coupling yields: the phosphoramidites were delivered over a 4s period (instead of immediately) 
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and the reaction time was extended from 47s to 150s.  This cycle was repeated three times for 

each dye before final capping, oxidation, and detritylation steps. 

Thinning.  A Thinning solution was made by mixing the cap phosphoramidite P10 with a spacer 

phosphoramidite P7 or P8 in a 1:1 or 2:1 ratio so that the total phosphoramidite concentration 

was 0.06M.  This mixture was delivered using the standard DNA base protocol.  A 2:1 ratio of 

P10:P7 was found to work the best and trityl analysis reported a consistent 75% decrease in 

reactive sequences with each addition.  Alternatively, thinning was achieved by using the spacer 

phosphoramidite P8 alone by a modified protocol with a very short delivery and coupling time 

(4-8 seconds) followed by the standard capping sequence (acetic anhydride).  Trityl analysis 

showed the thinning efficiency for this method decreased with each thinning step. 

Deprotection and purification of DNA foldamers.  All dendrimers were deprotected using the 

standard NH4OH(aq) deprotection protocol at RT for 24hours.  Dendrimers were synthesized 

with either the final DMTr-on or -off.  DMTr-off dendrimers were desalted using standard 

Oligomer Purification Columns (OPCs) and lyophilized prior to storage at -20C.  DMTr-on 

dendrimers were purified using the standard OPC purification protocol prior to lyophilization 

and storage. 

Ensemble spectroscopy.  Samples for ensemble measurements were diluted using milipore 

water and measured in standard quartz cuvettes.  UV/Vis spectra were recorded with a Varian 

Cary 100 spectrophotometer and emission spectra were recorded with a SPEX Fluorolog 3-21 

spectrofluorometer with excitation at abs,max.  For QY determination, the absorbance was < 0.1 

a.u. and fluorescein was used as the reference (QY = 0.97, ex=488nm, basic ethanol).   

Single Molecule Spectroscopy. The microscope set-up and sample preparation for spin-coated 

samples have been reported previously.3  For PEG600 samples, dilute aqueous dendrimer 
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samples (<10-9M) were diluted into PEG600 and thoroughly mixed.  One drop of the viscous 

solution was dropped onto the coverslip surface.  CCD images for dendrimers D2-D8 undergoing 

Brownian motion were captured (2 sec. per frame) with the focal plane slightly above the slide 

surface.  For dendrimer D1, reasonably focused dendrimers were only visible with a 0.5 second 

capture rate and higher excitation power. 

Dynamic Light Scattering. Dynamic light scattering (DLS) measurements were carried out on a 

Beckman-Coulter N4 instrument at fixed scattering angles of 30.0° and 15° with the 632.8 line of 

a He-Ne laser as excitation source; standard polystyrene microspheres were used for instrument 

calibration. The weighted particle size distributions were obtained from the autocorrelation decay 

functions by Size Distribution Processor Analysis (CONTIN) using the standard software 

package supplied by Beckman-Coulter.  Samples were diluted with milipore water and filtered 

with Whatman 0.1m PTFE disposable filter devices prior to measurement in quartz cuvettes.  

All measurements were repeated 3+ times. 

Phosphoramidite synthesis.  The synthesis of phosphoramidites P1-P8, and P10 are outlined in 

Schemes 1-7.  We previously reported the synthesis of PDIs P1 and P2.13  P4, P6, P7, and P8 

were synthesized following modified literature procedures and these details are provided in the 

supporting information.  The synthesis of compounds P3, P5, and P10 are detailed below: 

3-(2,2,2-tris((3-(4,4'-dimethoxytrityloxy)propoxy)methyl)ethoxy)propanol (3d).  The 

synthesis of starting material tetrakis hydroxyl compound 3c is described in the supporting 

information.  3c (1g, 2.71 mmol) was dissolved in 10ml dry pyridine.  4,4’-dimethoxytrityl 

chloride (DMTrCl, 2.76 g, 3 eq.) was added followed by 4-(dimethylamino)-pyridine (DMAP) 

(10mg) and the reaction was monitored by TLC (DCM:MeOH 20:1).  Tetrakis substituted 

(Rf=0.9) and desired tri-substituted compounds (Rf=0.65) could be observed with trace amounts 
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of di- and mono-substituted compounds.  Upon completion of the reaction, pyridinium chloride 

was filtered and the solvent was removed from the filtrate under reduced pressure.  The residue 

was evaporated three more times from DCM to completely remove the pyridine and subject to a 

silica gel column (DCM:MeOH:Et3N 100:2:1).  The fractions containing the tri-tritylated product 

(Rf=0.35) were combined and the solvent removed under reduced pressure yielding 0.948 g, 0.74 

mmol (27% yield) of the desired white foam. 1H-NMR(CDCl3): 7.59 (d, 6H, J=7.8Hz, DMTr), 

7.47 (d, 12H, J=8.7Hz), 7.34 (t, 6H, J=7.7Hz, DMTr), 7.27 (t, 3H, J=7.4Hz, DMTr), 6.92 (d, 

12H, J=9Hz, DMTr), 3.75 (s, 18H, DMTrOCH3), 3.66 (q, 2H, J=5.4Hz, CH2CH2OH), 3.43-3.37 

(m, 8H, OCH2CH2), 3.23 (s, 2H, CCH2O), 3.21 (s, 6H, CCH2O), 3.07 (t, 6H, J=6.3Hz, 

CH2CH2ODMTr), 2.72 (t, 1H, J=5.7Hz, CH2OH), 1.80(quint, 6H, J=6.3Hz, CH2CH2CH2), 

1.70(quint, 2H, J=5.6Hz, CH2CH2CH2). 
13C-NMR(CDCl3): 158.30, 145.37, 136.57, 129.99, 

128.16, 127.71, 126.59, 112.98, 85.76, 70.90, 69.93, 68.54, 62.09, 60.62, 55.03, 45.07, 31.86, 

30.23.  MS (MALDI-TOF): m/z 1297.63 [M+Na]+; 1313.60 [M+K]+. 

3-(2,2,2-tris((3-(4,4'-dimethoxytrityloxy)propoxy)methyl)ethoxy)propyl 2-cyanoethyl 

diisopropylphosphoramidite (P3).  Tri-tritylated compound 3d (1.6 g, 1.25 mmol) was 

dissolved in 10 ml dry DCM.  Diisopropyl ethylamine (DIPEA, 0.874 mL, 5.02 mmol) was 

added by syringe followed by 2-cyanoethyl-N,N’-diisopropylchlorophosphoramidite (0.36 mL, 

1.63 mmol) and stirred for 30 minutes.  The reaction was monitored by TLC (DCM:EtOAc:Et3N 

3:6:1) and the evolution of the desired compound (Rf=0.95) could be observed.  Upon 

completion of the reaction, the mixture was diluted in 50 mL (DCM:Et3N 20:1) and washed with 

NaHCO3(aq) and brine, dried over Na2SO4(s), and the solvent removed under reduced pressure.  

The residue was subject to a silica gel column (3:6:1), and the fractions containing the desired 

compound were combined and solvent removed to yield the desired product as a white foam, 
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1.595 g, 1.08 mmol (86% yield).  1H-NMR(CDCl3): 7.59 (d, 6H, J=7.8Hz, DMTr), 7.47 (d, 12H, 

J=8.7Hz), 7.34 (t, 6H, J=7.7Hz, DMTr), 7.27 (t, 3H, J=7.4Hz, DMTr), 6.92 (d, 12H, J=9Hz, 

DMTr), 3.85-3.65 (m, 6H, CH2CH2CH2OP, NCCH2CH2OP, 2NCH(CH3)2), 3.75 (s, 18H, 

DMTrOCH3), 3.40 (t, 6H, J=6.3Hz, OCH2CH2), 3.33 (t, 2H, J=6.2Hz, OCH2CH2), 3.23 (s, 6H, 

CCH2), 3.21 (s, 2H, CCH2), 3.07 (t, 6H, J=6.2Hz, CH2CH2ODMTr), 2.56 (t, 2H, J=6.6Hz, 

CH2CH2CN), 1.79 (m, 8H, CH2CH2CH2), 1.18-1.13 (2d, 12H, J=6.9Hz, (CH3)2CH).  13C-NMR 

(CDCl3): 158.43, 145.44, 136.77, 130.12, 128.33, 127.84, 126.72, 117.83, 113.10, 85.87, 69.93, 

69.80, 68.65, 67.93, 61.07, 60.78, 60.53, 58.60, 58.35, 55.28, 45.38, 43.15, 42.99, 31.53, 30.42, 

24.847, 24.785, 24.751, 24.696, 20.473, 20.384.  MS (MALDI-TOF): m/z 1414.62 [M-

N(CH(CH3)2)2+OH +Na]+; found: 1430.59 [M-N(CH(CH3)2)2+OH+K]+. 

(4,4’-dimethoxytrityloxy)-2-(2-(2-(2-azidoethoxy)ethoxy)ethoxy)ethane  (5b).  2-(2-(2-(2-

azidoethoxy)ethoxy)ethoxy)ethanol was synthesized as previously described13 and (8 g, 36.5 

mmol) was dissolved in 50ml DCM.  Triethylamine (10.2 mL, 73.0 mmol) and DMTrCl (13.6 g, 

40.1 mmol) were added and the reaction was stirred at room temperature for 1 hour.  The 

reaction was monitored by TLC and the desired product, (Rf = 0.9, DCM/MeOH 20:1) could be 

viewed using UV light or staining with a solution of 3% TCA in DCM.  Upon detection of no 

remaining starting material (Rf = 0.4), the reaction mixture was washed with NaHCO3(aq), brine, 

dried over Na2SO4, and evaporated under reduced pressure.  Yield was nearly quantitative and no 

further purification was required to remove traces of DMTrOH before the next step. 1H-NMR 

(CDCl3):   7.47 (d, 2H, J = 6.9Hz, DMTr), 7.35 (d, 4H, J=9.0Hz, DMTr), 7.29 (t, 2H, J=6.9Hz, 

DMTr), 7.19 (t, 1H, J=6.9Hz, DMTr), 6.82 (d, 4H, J=9.0Hz, DMTr), 3.78 (s, 6H, DMTr), 3.70-

3.64 (m, 12H, CH2CH2O), 3.35 (t, 2H, J=5.4Hz, OCH2CH2N3), 3.23 (t, 2H, J=5.4Hz, 
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CH2CH2ODMTr).  13C-NMR (CDCl3): 158.59, 145.32, 136.56, 130.30, 129.37, 128.44, 127.98, 

126.88, 113.25, 86.14, 71.04, 71.01, 70.97, 63.36, 55.44, 50.88. 

2,2,2-tris(((1-(2-(2-(2-(2-(4,4'-dimethoxytrityloxy)ethoxy)ethoxy)ethoxy)ethyl)-1H-1,2,3-

triazol-4-yl)methoxy)methyl)ethanol (5c). 0.118 g CuSO4·5H2O and 0.28 g sodium ascorbate 

were dissolved in 10 mL H2O while stirring.  Separately, the tritylated TEG azide 5b (4.94 g, 

9.47 mmol) and tripropargylpentaerythritol 5a (0.718 g, 2.87 mmol) were each dissolved in 5mL 

of MeOH:DCM 1:1 solution and added consecutively to the stirring aqueous solution.  The 

reaction was monitored by TLC (DCM:MeOH 15:1) and formation of the desired product 

(Rf=0.2) could be observed by UV or staining with 3% TFA/CH2Cl2 solution.  Upon completion 

of the reaction, the mixture was suspended in DCM and washed three times with H2O.  The 

organic phase was washed with brine, dried over Na2SO4, and the solvent removed under 

reduced pressure.  The residue was subject to a silica gel column (DCM:MeOH:Et3N 20:1:0.2) 

and the fractions containing the desired compound were combined and concentrated to yield 

3.829 g, 2.11 mmol (74% yield) of the desired compound as a white foam. 1H-NMR(CDCl3): 

7.66 (s, 3H, triazole), 7.45 (d, 6H, J=7.2Hz, DMTr), 7.34 (d, 12H, J=9Hz, DMTr), 7.26 (t, 6H, 

J=7.2Hz, DMTr), 7.18 (t, 3H, J=7.2Hz, DMTr), 6.81 (d, 12H, J=8.7Hz, DMTr), 4.54 (s, 6H, 

OCH2-triazole), 4.46 (t, 6H, J=5.1Hz, OCH2CH2-triazole), 3.83 (t, 6H, J=5.3Hz, OCH2CH2-

triazole), 3.77 (s, 18H, DMTrOCH3), 3.69-3.57 (m, 32H, OCH2CH2O, CCH2OH), 3.50 (s, 6H, 

CCH2O), 3.22 (t, 6H, J=5.3Hz, OCH2CH2ODMTr), 3.12 (t, 1H, J=6.5Hz, CCH2OH).  13C-

NMR(CDCl3): 158.52, 145.217, 145.011, 136.42, 130.21, 128.33, 127.90, 126.82, 123.70, 

113.17, 86.05, 70.88, 70.72, 70.68, 70.44, 69.58, 65.02, 64.70, 63.25, 55.35, 50.27, 45.29. 
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2,2,2-tris(((1-(2-(2-(2-(2-(4,4'-dimethoxytrityloxy)ethoxy)ethoxy)ethoxy)ethyl)-1H-1,2,3-

triazol-4-yl)methoxy)methyl)ethyl 2-cyanoethyl diisopropylphosphoramidite (P5).  

Compound 5C (3.829 g, 2.11 mmol) was dried under reduced pressure and dissolved in 20 mL 

dry DCM along with DIPEA (1.47 mL, 8.44 mmol), 3Å MS were added, and the mixture was 

stirred under N2(g) for 10 minutes.  2-cyanoethyl-N,N’-diisopropylchlorophosphoramidite (0.56 

mL, 2.53 mmol) was then added by syringe and the reaction stirred for 10 minutes.  The reaction 

was monitored by TLC (DCM:EtOAc:Et3N 3:6:1) and the evolution of the desired compound 

(Rf=0.6) could be observed.  Upon completion of the reaction, the mixture was diluted in 100 mL 

(DCM:Et3N 20:1) and washed with NaHCO3(aq) and brine, dried over Na2SO4(s), and the 

solvent removed under reduced pressure.  The residue was subject to a silica gel column, and the 

fractions containing the desired compound were combined and solvent removed to yield the 

desired product as a sticky white foam, 2.815 g, 1.40 mmol (66% yield).  The product was stored 

under N2(g) at -20C before use, showing no decomposition after 7 months.  1H-NMR(CDCl3): 

7.66 (s, 3H, triazole), 7.45 (dt, 6H, J=6.9, 1.6Hz, DMTr), 7.34 (dt, 12H, J=9, 2.5Hz, DMTr), 7.26 

(tt, 6H, J=7.2, 1.5Hz, DMTr), 7.18 (tt, 3H, J=7.1, 1.5Hz, DMTr), 6.80 (dt, 12H, J=8.7, 2.7Hz, 

DMTr), 4.54 (s, 6H, OCH2-triazole), 4.46 (t, 6H, J=5.3Hz, OCH2CH2-triazole), 3.84 (t, 6H, 

J=5.3Hz, OCH2CH2-triazole), 3.77 (s, 18H, DMTrOCH3), 3.75-3.50 (m, 36H, OCH2CH2O, 

CCH2OP, OCH2CH2CN, PN(CH(CH3)2)2), 3.48 (s, 6H, CCH2O), 3.22 (t, 6H, J=5.3Hz, 

OCH2CH2ODMTr), 2.56 (t, 2H, J=6.2Hz, OCH2CH2CN), 1.15 (d, 6H, J=6.6Hz, NCH(CH3)2), 

1.12 (d, 6H, J=6.6Hz, NCH(CH3)2).  13C-NMR(CDCl3): 158.53, 145.293, 145.231, 136.44, 

130.23, 128.35, 127.91, 126.84, 123.74, 118.13, 113.18, 86.06, 70.89, 70.73, 70.68, 69.62, 69.14, 

65.15, 63.26, 58.449, 58.208, 55.36, 50.20, 45.767, 45.657, 43.312, 43.154, 24.840, 24.799, 
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24.744, 24.703, 20.583, 20.494.  31P-NMR(CDCl3): 148.67.  MS (MALDI-TOF): m/z 1954.01 

[M-N(CH(CH3)2)2+OH +Na]+; 1969.98 [M-N(CH(CH3)2)2+OH +K]+. 

2-(2-(2-methoxyethoxy)ethoxy)ethyl 2-cyanoethyl diisopropylphosphoramidite (P10). Dry 

tri(ethylene glycol) monomethyl ether (0.736 g, 4.48 mmol) was dissolved in 10 mL dry DCM 

with 3Å MS. DIPEA (3.12 mL, 17.9 mmol) was added by syringe and the mixture was stirred 

under N2(g) for 10 min.  2-cyanoethyl-N,N’-diisopropylchlorophosphoramidite (1 mL, 4.48 

mmol) was then added by syringe and the reaction stirred for 10 minutes.  The reaction was 

monitored by TLC (DCM:EtOAc:Et3N 3:6:1) and the evolution of the desired compound 

(Rf=0.8) could be observed.  Upon completion of the reaction, the mixture was diluted in 50 mL 

(DCM:Et3N 20:1) and washed with NaHCO3(aq) and brine, dried over Na2SO4(s), and the 

solvent removed under reduced pressure.  The residue was subject to a silica gel column, and the 

fractions containing the desired compound were combined and solvent removed to yield the 

desired product as a clear liquid, 1.259 g, 3.46 mmol (77% yield).  The product was stored under 

N2(g) at -20C for <1 month until needed for dendrimer synthesis.  1H-NMR (CDCl3): 3.94-

3.50(m, 16H, POCH2CH2O, POCH2CH2CN, OCH2CH2O, NCH(CH3)2), 3.38 (s, 3H, OCH3), 

2.66 (t, 2H, J=6.5Hz, OCH2CH2CN), 1.189 (d, 6H, J=6.6Hz, NCH(CH3)2), 1.177 (d, 6H, 

J=6.6Hz, NCH(CH3)2).  
13C-NMR (CDCl3): 117.90, 72.07, 71.391, 71.288, 70.79, 70.71, 70.68, 

62.816, 62.582, 59.17, 58.772, 58.524, 43.250, 43.085, 24.813, 24.744, 24.716, 24.648, 20.494, 

20.404.  31P-NMR (CDCl3): 149.519. MS (MALDI-TOF): m/z 365.22 [M+H]+. 
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Results and Discussion 

Phosphoramidites.  The synthesis of the phosphoramidites P1-P8 and P10 used for dendrimer 

construction are outlined in Schemes 1-7.  Coupling-yield optimization for the branching 

phosphoramidites is crucial for efficient dendrimer growth.  Four different branching units were 

synthesized and tested: a pentaerythritol-based trebler P3 with four propyl branching arms; a 

short pentaerythritol trebler P4, a glycerol based doubler P6, and a pentaerythritol-triazole based 

trebler P5.  The hydroxyl groups on P3 coupled quantitatively on the 5’-end but he 

phosphoramidite did not couple well on the 3’-end, instead giving “stable” trityl yields (vida 

infra) as previously hinted for similar structures.12b  The “stable” coupling occurred even after 

sufficient thinning, probably due to the flat, relatively stiff T-shape and close proximity of the 

three bulky trityl groups.  Short trebler P4 and doubler P6 gave higher 3’-coupling yields, but 

only had 5’-coupling yields near 80%, likely due to the close proximity of the terminal hydroxyl 

groups.  Surprisingly, the triazole based trebler P5 gave the best 3’-coupling yields despite the 

short linkage to the branching center, resulting in an average 275% increase in trityl response, or 

approximately 90% coupling efficiency.  Furthermore, the flexible TEG chains gave nearly 

quantitative coupling on the 5’-ends, comparable to the coupling efficiency of the standard DNA 

bases.  Thus, flexible ethylene glycol branching arms appear to be favorable for higher coupling 

yields; we are currently exploring increasing the 3’- arm length. 

Dendrimer Synthesis.  Once incorporated in the dendrimer sequence, following standard 

NH4OH(aq) deprotection, the building blocks are converted to negatively charged 

phosphodiester-linked segments as summarized in Figure 3.   We were able to synthesize over 30 

different dendrimer structures using our first round of synthesis reagents.  We have currently 

only characterized dendrimers D1-D8, whose sequences, matching color-coded building block 



   

295 

labels from Figure 3, are shown in Table 1.  The 2-D structures are generally too large to include 

all of them, as exemplified by 3rd generation dendrimer D5 (Figure 2).  Dendrimers D1, D2, D4, 

D6, and D8 represent 1st, 2nd, 3rd, 4th, and 8th generation dendrimers, respectively, without spacers 

between chromophores and treblers.  However, inserting ethylene glycol spacers between 

chromophores and treblers results in 3rd and 4th generation dendrimers  D5 and D7 that are more 

“spread-out.”  To compare similar architectures, we selected dendrimers only contain the Cl4-

PDI fluorophore 1 and trebler 5 (except D3, a 4th generation dendrimer based on the doubler 6).  

The dendrimers were either grown from standard 3’-DNA CPG supports (A,T, C, or G) or 3’-

amino modifier CPG columns (N).  Additionally, some dendrimers were synthesized with a short 

DNA sequence at the 5’-end to demonstrate average final trityl yields and the feasibility of 

dendrimer exterior oligonucleotide decoration. 

Scheme 1. 

 
i. TsCl, Et3N, DCM, 0CRT, overnight, 33%.  ii. NaN3, ACN, 100C, 36hrs, 89%.  iii. DMTrCl, DCM, Et3N, 

RT, 1hr, ~100%.  iv. TPP, H2O, THF, 4hrs, 68%. v.  2.5eq 4-hydroxy-cyclohexylamine, Py, 4hrs, 85C, followed by 

1eq 1d, 4hrs, 85C, 60% of theoretical yield.  vi.  2e: 1e, DMF, phenol, K2CO3, 85C, 48 hrs, 54%.  vii. P1, P2: 

chloro-N,N’diisopropylaminophosphane, DIPEA, DCM, RT, 1hr, 85-98%. 
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Scheme 2. 

 

 

Scheme 3. 

 

 

Scheme 4. 

 

 

Scheme 5. 
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Scheme 6. 

 

 

Scheme 7. 

 

 

 

Figure 3.  Dendrimer segments as they appear following NH4OH(aq) deprotection.  Counter-

cations are omitted for clarity. 
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Table 1.  Dendrimer sequences. 

Name Dendrimer Sequences DMTr CPG 
D1 A815(18)3 Off 500Å 
D2 C7785(15(18)3)3 Off 1000Å 
D3 T88886(816(816(816(818)2)2)2)2 On 1000Å 
D4 T8885(15(15(1ACGT)3)3)3 Off 1000Å 
D5 N8885(185(185(18)3)3)3 On 1000Å 
D6 T888885(15(15(15(1ACGT)3)3)3)3 Off 2000Å 
D7 T8888885(175(175(175(17ACGT)3)3)3)3 Off 2000Å 
D8 T888885(15(15(15(15(15(15(15(1ACGT)3)3)3)3)3)3)3)3 Off 2000Å 

 

Trityl Monitoring.  One of the advantages of the phosphoramidite approach is that trityl 

monitoring allows facile reporting of the reaction yield for each generation.  On the 8909 

synthesizer, the built-in flow-through trityl monitor provides qualitative monitoring of step-wise 

synthesis yield (automated trityl yields for all dendrimers are provided in the SI).  More 

importantly, the flow-through detector provides non-linear response due to detector saturation 

from order-of-magnitude concentration changes during dendrimer growth, as shown for 

dendrimer D13 in Figure 4a.  Additionally, some phosphoramidites detritylate faster than others, 

resulting in concentration spikes and thus response fluctuations of up to 20% for identical trityl 

concentrations.  Alternatively, manually collecting and measuring the absorbance from the trityl 

by-product after each step allows quantitative yield determination, as depicted in figure 4b for 

the same D13.  Upon calibration to the manual trityl yields, it is apparent the flow-through 

detector displays quasi-logarithmic response.  The trityl yield decreases for the first three 

“thinning” steps, whereas a PEG spacer provides a stable trityl yield.  The trityl response, 

however, jumps nearly 300% with the addition of the first trebler, followed by stable response 

for another PEG spacer.  This trend continues for four generations, so that the final trityl 

response is higher than the initial response from the dT CPG column.  The coupling efficiency is 

more obvious by looking at the stepwise change in trityl response as depicted in figure 4C.  The 



   

299 

response increases by ~275% (300% ideal) for each trebling step, indicating ~92% 3’-trebler 

coupling efficiency; and remains near 100% for coupling at the 5’-end (spacing step).  Similar 

exponential growth continues even up to the 8th generation as shown in Figure 5 for D8.  

CPG size, coupling time, and scale.  All dendrimers were synthesized at the 0.2mol scale with 

CPG pore sizes of 500, 1000, or 2000Å, as summarized in Table 1.  Dendrimer growth efficiency 

did not seem to correlate with CPG pore size for low generation dendrimers (G = 1 to 3), while 

the highest generation dendrimers (G = 4 or 8) were only synthesized using 2000Å pores.  

Repeated, extended coupling times, as outlined in the experimental section, were necessary to 

maximize coupling yields of non-standard phosphoramidites.  However, repeating more than 

three additions or extending the coupling time beyond two minutes did not increase the yield 

further.  Thus, sub-100% coupling is attributed mostly to steric hindrance of crowded reactive 

groups. 

Purification.  All dendrimers were deprotected using NH4OH(aq), which simultaneously cleaves 

the dendrimer from the CPG support, removes the cyanoethoxy and 3’-amino FMOC protecting 

groups, and removes any DNA base protecting groups.  Dendrimers were synthesized in either 

DMTr-On or DMTr-Off mode as summarized in Table 1.  DMTr-Off dendrimers were desalted 

using standard reverse phase C8 Oligomer Purification Columns (OPCs), easily removing 

unwanted salts and protecting group residue, while DMTr-On dendrimers were purified using the 

standard OPC purification protocol which additionally removes capped PEG chains due to 

thinning.  We are currently analyzing how well the purification protocol removes truncated 

dendrimer sequences since: 1) dendrimers with some failed dendrons may still have a substantial 

number of final DMTr-On; and 2) PDIs are retained on C8 columns almost as well as DMTr.  

However, it is likely that multiplier-phosphoramidite and CPG-density optimization will 



   

300 

eventually result in near quantitative yields so that purification is unnecessary.  Even if coupling 

yields of 95-98% are achieved, the resulting hyperbranched polymer mixture will still exhibit 

relatively low polydispersity and uniformly bright single molecule fluorescence.    

             

 

Figure 4.  Simultaneously collected a) built-in trityl monitor yields compared to manually 

collected trityl yields for dendrimer D13 as reported by absorbance on a b) log or c) linear scale.  

d) % change in trityl absorbance from the previous step.  The steps labeled 7 are thinning steps 

resulting in a ~75% decrease in yield per step.  Steps labeled 5 are trebling steps with yields 

approaching the expected 300% increase.  Non-trebling spacer steps labeled 8 have nearly 

quantitative yields of 100%. 

a) b) 

d) 

c) 
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Figure 5.  Automated trityl yields for 8th generation dendrimer D8. 

Negatively charged phosphates.   Another advantage of the phosphoramidite approach is that 

every synthetic step adds a negatively charged phosphodiester linkage (post-deprotection) 

resulting in dendritic growth of negatively charged phosphates and two or more negatively 

charged groups for each fluorophore.  It has been shown that covalent linkage to at least two 

ionic groups may increase PDI aqueous quantum yield.14  Additionally, the ionic charges 

improve water solubility. 

Low cytotoxicity.  A potential advantage of the phosphoramidite approach is the low 

cytotoxicity of the phosphodiester linkages and PEG spacers.15  While the cytotoxicity of the 

PDI dyes have not yet been determined, the modular chemistry allows the fluorophores to easily 

be substituted by other potentially less toxic emitters. 

Single Point Attachment.  Perhaps the greatest advantage of the phosphoramidite approach is 

the divergent growth from a single 3’-functional group.  There are several commercially 

available 3’-modifier CPG supports including amino, thiol, alkyne, and biotinyl for coupling to 

active esters, maleimides, azides, or avidins affording specific, facile single-point biopolymer 

labeling.  Of course, the dendrimer can simply be grown from a ssDNA primer for specific 
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labeling of any DNA sequence.  Here, we synthesized some of the dendrimers like D5 with a 3’-

amino modifier, and bioconjugation experiments for live-cell imaging are currently in-progress. 

Thinning.  We determined an important prerequisite for efficient solid supported dendrimer 

growth is to first “thin” the active sites on the commercial CPG in order to allow adequate 

spacing.  Absent thinning, trityl yields remained “stable,” and no exponential growth occurred.  

Two techniques were tested; the first method was to use a mixture of cap phosphoramidite P10 

with a spacer phosphoramidite P7 or P8.  A 2:1 ratio of P10:P7 was found to work the best and 

trityl analysis reported a consistent 75% linear decrease in reactive sequences with each addition.  

Furthermore, the monomethoxy cap likely acts as a “comb” to help keep the functional ethylene 

glycol chains optimally extended for the next coupling step.  Alternatively, thinning was 

achieved by using the pure spacer phosphoramidite P8 and a modified protocol with very short 

delivery and coupling times followed by standard capping with acetic anhydride.  Trityl analysis 

showed the thinning efficiency for this method decreased with each thinning step; thus, the first 

method was determined to be the best. Ultimately, optimization of the CPG functional group 

density for dendrimer growth may be the eventual preferred method.  Even more promising, 

convergent dendrimer phosphoramidites may be used like cones to perfectly space the dendrimer 

cores apart on the CPG.12e 

Single Molecule Spectroscopy.  We used single molecule spectroscopy to measure dendrimer 

brightness and photostability.  The aqueous dendrimers were first spin-coated onto a cover-slip 

in order to allow consistent CCD bright-field measurement of immobilized dendrimers as well as 

APD raster-scan images and time-trace analysis of diffraction-limited spots.  Figure 6 shows 

representative 10 x 10 m CCD images, integrated for 2 seconds, for dendrimers D1-D8 

compared to fluorescein and monomer 1e.  Statistical fluorescence histograms are provided in 
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the SI.  The scale-bar at the top of each image demonstrates the relative intensity.  The 

monomers and the first generation dendrimer D1 are not much brighter than inorganic 

fluorescent impurities within the coverslip or other organic surface impurities.  However, for the 

2nd generation dendrimer D2 and higher, there is a measurable increase in molecular brightness 

and signal-to-noise ratio (SNR), with 4th generation dendrimer D7 and 8th generation dendrimer 

D8 being exceptionally bright.  1 x 1 m CCD images of individual emitters from the same 

samples are shown in Figure 7, demonstrating that all emitters are diffraction limited spots.  

When the dendrimer density is too high, the aggregate scattered fluorescence is high, increasing 

the background and reducing the SNR; however the signal to noise difference reports the particle 

brightness. 

 

Figure 6.  CCD fluorescent images (10x10um) for various dendrimers adsorbed to the slide 

surface compared to the monomer and fluorescein.  Color bars display the intensity scale. 
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Figure 7.  1x1m CCD images for monomers and D1-D8 showing diffraction limited 

fluorescent spots. 

Fluorophore intramolecular spacing.  Intramolecular spacing of fluorophores influences single 

dendrimer brightness because phenomena like singlet-singlet or singlet-triplet annihilation 

appear to reduce emission in closely spaced fluorophores.9  Here, “dense” PDIs, spaced apart 

only by the trebler arms, have relatively less fluorescence per fluorophore, exhibiting ~15% 

expected brightness by fluorophore number alone.  Introduction of an additional PEG spacer 

between the trebler and the dye greatly increases the fluorescent efficiency to 50-60% of the 

expected fluorescence.  Thus, among 3rd generation dendrimers, spaced D5 is at least twice as 

bright as dense D4, and among 4th generation dendrimers, spaced D7 is at nearly five times 

brighter than dense D6. 

Single dendrimers in solution.  For live-cell single-molecule imaging, the dendrimers must 

ultimately exhibit fluorescence while dissolved in aqueous solution.  In the cell, Brownian 

motion is usually dampened when attached to large globular proteins or to the cytostructure.  

Live-cell experiments are in-progress; here, we substituted for cellular conditions by diluting the 

aqueous dendrimers in PEG600 and placing a drop of the solution onto a coverslip.  Using this 

method, the 2nd generation D2 and larger dendrimers are easily observed undergoing viscous 

Brownian motion, even with a 2-second integration, as shown in Figure 8.  However, for the 1st 
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generation dendrimer D1, the laser intensity must be increased and the integration time decreased 

to less than 0.5 seconds in order to see quasi-diffraction-limited spots.  Neither the PDI monomer 

nor fluorescein could be resolved under these observation conditions. 

 

Figure 8.  CCD images (10x10m) of single dendrimers dissolved in PEG600 under viscous 

Brownian motion.  For D2-D8, exposure time t = 2s at 150 W/cm2.  For D1, t = 0.5s at 1200 

W/cm2.  The scale-bars calibrate measured intensity. 

Time traces.  Time dependent fluorescence from single dendrimers was monitored using 

diffraction-limited excitation, and representative traces for each generation are shown in figure 9.  

Upon shutter opening, the monomer typically exhibits discreet on-off photoblinking, with 

eventual photo-bleaching to the background noise level before shutter closing.  In contrast, 1st 

generation D1, with four PDI units, exhibits at least four discreet photo-blinking or photo-

bleaching steps.  With increasing generation number, the number of apparent steps increases 

until D8 (G = 8) approaches a smooth decay.  Interestingly, step-size decreases and initial 

intensity increases sub-linearly with increasing G suggesting that individual PDIs are less bright 

in the larger dendrimers.  Similar to FNPs and in contrast to QDs, fluorescent dendrimers do not 

completely blink on and off.  Dendrimer brightness is affected by individual PDI 
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photobleaching, photoblinking, and brightness, typically exhibiting exponential decay where 

higher generation dendrimers exhibit longer lifetime. 

 

Figure 9.  Time traces for dense dendrimers D1, D2, D4, D6, and D8 compared to the monomer.  

While the monomer typically shows one-step on-off blinking before photobleaching, D1 

typically shows four or less discreet steps.  Higher generation dendrimers show increasing 

numbers of smaller bleaching steps and increasing overall lifetime. 

Hydrodynamic Radius.  The maximum fully elongated radius of the dendrimers (sequential 

sum of the segment lengths determined by molecular modeling) range from 10nm for D1 to 

47nm for D8, while the Freely Jointed Chain (FJC) model predicts radii from 6 to 38nm.16  

However, these low-density PEG-based dendrimers do not scatter light very efficiently, and DLS 

measures hydrodynamic diameters between 9-16nm as shown in Figure 10.  This low scattering 
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ability is apparent in the absorption spectra, where the broadband absorption due to the Tyndall 

effect is much less pronounced than for QDs or FNPs.17 

       

Figure 10.  Dynamic light scattering for D4 and D5 reports hydrodynamic diameters that are 

much smaller than the fully elongated molecular length or even as predicted by the FJC model. 

Ensemble spectra.  Absorption and fluorescence spectra for dendrimers D8, D2, and D12 are 

shown in figure 11.  The spectra are similar to the monomer spectra in CH2Cl2 except they tend 

to be broadened and there are varying degrees of an intensity reversal between the A0-1/A0-0 and 

Fl0-1/Fl0-0 vibronic bands, an indication of hydrophobic driven -stacking between some of the 

twisted Cl4 PDIs.  The A0-0/A0-1 ratio changes from dendrimer to dendrimer, but there is not 

enough data yet to determine a clear trend.  Interior and exterior PDIs are likely to have different 

absorption properties depending on generation number G, fluorophore spacing, and surface 

groups. 

D4 D5 
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Figure 11.  Absorption (blue) and emission (red) spectra for dendrimers a) D8 and b) D2 

theoretically containing 9840 and 12 Cl4-PDIs 1, respectively, and c) D12 containing 81 OPh4-

PDI fluorophores 2. 

Quantum Yield.  The fluorescent quantum yield, fl, for dendrimers D1-D8 ranges between 7-

24%.  These values are listed in Table 2, along with a summary of dendrimer generation, 

theoretical number of fluorophores and M.W., size, and brightness.  Similar to single molecule 

brightness, dendrimers with greater intramolecular PDIs spacing tend to have higher fl.  Also, 

for generations 2-4, fl appears to decrease with increasing G.  Interestingly, for the 8th 

generation dendrimer D8, where hydrophobic encapsulation is likely, fl rebounds to 20%. 

Brightness vs. Size. The big picture is that these FDs have hydrodynamic diameter, as 

determined by DLS, similar to functionalized QDs and smaller than FNPs with similar to higher 

fluorescent intensity, as shown in Figure 12a.3  Individual QDs seem to have reached a 

fundamental ceiling at 20 times brighter than single-molecule fluorophores; further brightness 

likely requires agglomeration of multiple QDs, ultimately complicating synthesis and increasing 

biolabel size.3  FDs are smaller than fluorescent polymer or silica nanoparticles (FNPs) but can 

achieve similar brightness at smaller sizes.  This is because dendrimers allow packing the 

maximum density of fluorophores in the smallest space with controlled intramolecular 
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fluorophore spacing.  FDs are even more advantaged than QDs when brightness is compared by 

molecular weight as shown in Figure 12b. 

Table 2.  FD properties. 

# 
gen 
# 

# 
dyesa 

Calculated 
M.W. 

(g/mol)a,b 

Extended
radius 
(nm)c 

FJC 
radius
(nm)d 

DLS 
dia. 

(nm)e 

Single 
Dendrimer
Brightnessf 

 
fl

g 
fl•# 
dyes

Calc/ Expt
brightness 

Fluorescein 0 1 376 0.9 0.9 - 1.0 0.97 0.97 1.00
1e 0 1 802 3.1 2.7 1.9 1.0 0.92 0.92 0.92
D1 1 4 7550 10.3 6.3 - 2.1 0.24 0.96 0.46
D2 2 12 22198 15.8 10.9 12 3.9 0.08 0.96 0.25
D3 4 30 63271 37.8 21.4 - 6.8 0.05 1.5 0.22
D4 3 39 83162 19.4 15.6 9 7.5 0.02 0.78 0.10
D5 3 39 75948 30.8 19.0 10 20 0.28 11 0.55
D6 4 120 249827 25.0 20.2 12 18 0.04 4.8 0.27
D7 4 120 185019 31.0 24.2 16 74 0.07 8.4 0.11
D8 8 9840 20087786 47.2 38.5 12 114 0.20 1968 17.26

a. Theoretical based on perfect dendrimer.  b.  Ignore counter-cations.  c.  Sum of molecular 

modeling optimized monomers from the dendrimer core.  d.  Sum of average end-to-end 

monomer distances as determined by the FJC model.  e.  Measured in aqueous solution at 30 

scattering angle.  f.  In single fluorescein molecule equivalents.  g.  Measured in water with basic 

ethanolic fluorescein as the reference. (fl=0.97) 

  

Figure 12.  a) Single fluorescein-equivalent brightness () vs. the diameter, reported by TEM 

for single QDs () and FNPs (■), or by DLS for selected dendrimers D1-D8 (▲).  b) FDs are 

even more advantaged than QDs when brightness is compared by molecular weight. 
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Conclusion 

Fluorescent dendrimers synthesized by automated solid-supported phosphoramidite chemistry 

offer a potential alternative to FNP and QD biolabels.  A prototype series containing dendrimers 

with 1 to 8 generations demonstrates their high single molecule brightness, achieving 

fluorescence more than 100 times that of single fluorophores such as fluorescein.  They also 

exhibit single-point functional labels, facile modular synthesis and optimization, small 

hydrodynamic radius, small mass, low polydispersity, and limited scattering, with the potential 

for facile endocytosis and low cyctotoxicity. 

Thinning of the CPG solid support was found to be crucial for efficient dendrimer growth, 

while multiplier phosphoramidites with long, flexible arms give the highest coupling efficiency.  

It was also confirmed that increased intramolecular fluorophore spacing results in brighter 

dendrimers. 

We currently are working on optimization of CPG support density, phosphoramidite 

multipliers and fluorophores, and conjugation to biomolecules for live-cell imaging; these issues 

are likely to be addressed shortly.  We envision inexpensive, custom fluorescent biolabels with 

varying color, size, and function will soon be available to researchers in a similar fashion as 

DNA oligonucleotides are ordered today.     

Acknowledgment.  We acknowledge the National Science Foundation (CHE-0805547) and 

National Institute of General Medicine Sciences (Grant GM065306). 

References  

 (1) (a) Pinaud, F.; Dahan, M. Science 2008, 320, 187-188.  (b) Blow, N. Nature 2008, 456, 825-
828. (c) Stephens, D. J.; Allan, V. J. Science 2003, 300, 82-86. 

 (2)  (a) Weiss, S. Science 1999, 283, 1676-1683.  (b) Dickson, R. M.; Cubitt, A. B.; Tsien, R. 
Y.; Moerner, W. E. Nature 1997, 388, 355-358. 

 (3) Tian, Z.; Shaller, A. D.; Li, A. D. Q. Chem. Comm. 2009, 180-182. 



   

311 

 (4)  (a) Michalet, X.; Pinaud, F. F.; Bentolila, L. A.; Tsay, J. M.; Doose, S.; Sundaresan, G.; Wu, 
A. M.; Gambhir, S. S.; Weiss, S. Science 2005, 307, 538-544.  (b)  Lees, E. E.; Nguyen, T.-L.; 
Clayton, A. H. A.; Mulvaney, P. ACS Nano 2009, 3, 1121-1128.  (c)  Smith, A. M.; Nie, S. 
Angew. Chem. Int. Ed. 2008, 47, 9916-9921.  (d) Choi, H. S.; Liu, W.; Misra, P.; Tanaka, E.; 
Zimmer, J. P.; Ipe, B. I.; Bawendi, M. G.; Frangioni, J. V. Nat. Biotech. 2007, 25, 1165-1170.  
(e) Yu, W. W.; Qu, L.; Guo, W.; Peng, X. Chem. Mater. 2003, 15, 2854-2860. 

 (5)  (a) Liu, F.; Lai, W.-Y.; Tang, C.; Wu, H.-B.; Chen, Q.-Q.; Peng, B.; Wei, W.; Huang, W.; 
Cao, Y. Macromol. Rapid Commun. 2008, 29, 659-664.  (b) Balzani, V.; Ceroni, P.; Gestermann, 
S.; Gorka, M.; Kauffmann, C.; Vogtle, F. Tetrahedron 2002, 58, 629-637.  (c) Mongin, O.; 
Krishna, T. R.; Werts, M. H. V.; Caminade, A.-M.; Majoral, J.-P.; Blanhard-Desce, M. Chem. 
Comm. 2006, 915-917.  (d) Lai, W.-Y.; Xia, R.; He, Q.-Y.; Levermore, P. A.; Huang, W.; 
Bradley, D. D. C. Adv. Mater. 2008, 20, 1-6.  (e) Franc, G.; Mazeres, S.; Turrin, C.-O.; Vendier, 
L.; Duhayon, C.; Caminade, A.-M.; Majoral, J.-P. J. Org. Chem. 2007, 72, 8707-8715.  (f) 
Gerhart, J.; Baytion, M.; Perlman, J.; Neely, C.; Hearon, B.; Nilsen, T.; Getts, R.; Kadushin, J.; 
George-Weinstein, M. Biol. Proced. Online 2004, 6, 149-156.  (g) Furuta, P.; Frechet, J. M. J. J. 
Am. Chem. Soc. 2003, 125, 13173-13181.  (h) Furuta, P.; Brooks, J.; Thompson, M. E.; Frechet, 
J. M. J. J. Am. Chem. Soc. 2003, 125, 13165-13172. 

 (6)  (a) Liu, D.; De Feyter, S.; Cotlet, M.; Stefan, A.; Wiesler, U.-M.; Herrmann, A.; Grebel-
Koehler, D.; Qu, J.; Mullen, K.; De Schryver, F. C. Macromolecules 2003, 36, 5918-5925.  (b) 
Weil, T.; Wiesler, U. M.; Herrmann, A.; Bauer, R.; Hofkens, J.; De Schryver, F. C.; Mullen, K. 
J. Am. Chem. Soc. 2001, 123, 8101-8108.  (c) Liu, D.; De Feyter, S.; Cotlet, M.; Wiesler, U.-M.; 
Weil, T.; Herrmann, A.; Mullen, K.; De Schryver, F. C. Macromolecules 2003, 36, 8489-8498. 

 (7)  (a)  Oesterling, I.; Mullen, K. J. Am. Chem. Soc. 2007, 129, 4595-4605.  (b) Cotlet, M.; 
Vosch, T.; Habuchi, S.; Weil, T.; Mullen, K.; Hofkens, J.; De Schryver, F. J. Am. Chem. Soc. 
2005, 127, 9760-9768.  (c) Gensch, T.; Hofkens, J.; Heirmann, A.; Tsuda, K.; Verheijen, W.; 
Vosch, T.; Christ, T.; Basche, T.; Mullen, K.; De Schryver, F. C. Angew. Chem. Int. Ed. 1999, 
38, 3752-3756.  (d) Meinikov, S. M.; Yeow, E. K. L.; U.-i, H.; Cotlet, M.; Mullen, K.; De 
Schryver, F. C.; Enderlein, J.; Hofkens, J. J. Phys. Chem. B. 2007, 111, 708-719.  (e) Cotlet, M.; 
Gronheid, R.; Habuchi, S.; Stefan, A.; Barbafina, A.; Mullen, K.; Hofkens, J.; De Schryver, F. C. 
J. Am. Chem. Soc. 2003, 125, 13609-13617. 

 (8)  (a) Minard-Basquin, C.; Weil, T.; Hohner, A.; Radler, J. O.; Muellen, K. J. Am. Chem. Soc. 
2003, 125, 5832-5838. 

 (9)  (a) Tinnefeld, P.; Weston, K. D.; Vosch, T.; Cotlet, M.; Weil, T.; Hofkens, J.; Mullen, K.; 
De Schryver, F. C.; Sauer, M. J. Am. Chem. Soc. 2002, 124, 14310-14311.  (b) Jordens, S.; De 
Belder, G.; Lor, M.; Schweitzer, G.; Van er Auweraer, M.; Weil, T; Reuther, E.; Mullen, K.; De 
Schryver, F. Photochem. Photobiol. Sci. 2003, 2, 177-186.  (c) Grimsdale, A. C.; Vosch, T.; Lor, 
M.; Cotlet, M.; Habuchi, S.; Hofkens, J.; De Schryver, F. C.; Mullen, K. J. Lumin. 2004, 111, 
239-253.  (d) De Schryver, F. C.; Vosch, T.; Cotlet, M.; Van der Auweraer, M.; Mullen, K.; 
Hofkens, J. Acc. Chem. Res. 2005, 38, 514-522. 

 (10)  (a) Masuo, S.; Vosch, T.; Cotlet, M.; Tinnefeld, P.; Habuchi, S.; Bell, T. D. M.; Oesterling, 
I.; Beljonne, D.; Champagne, B.; Mullen, K.; Sauer, M.; Hofkens, J.; De Schryver, F. C. J. Phys. 
Chem. B 2004, 108, 16686-16696. 



   

312 

 (11)  (a) Yim, S.-H.; Huh, J.; Ahn, C.-H.; Park, T. G. Macromolecules 2007, 40, 205-210.  (b) 
Lebreton, S.; How, S.-E.; Buchholz, M.; Yingyongnarongkul, B.-E.; Bradley, M. Tetrahedron 
2003, 59, 3945-3953.  (c) Basso, A.; Evans, B.; Pegg, N.; Bradley, M. Chem. Comm. 2001, 697-
698.  (d) Wells, N. J.; Basso, A.; Bradley, M. Biopolymers 1998, 47, 381-396.  (e) Swali, V.; 
Wells, N. J.; Langley, G. J.; Bradley, M. J. Org. Chem. 1997, 62, 4902-4903. 

 (12)  (a) Shchepinov, M. S.; Mir, K. U.; Elder, J. K.; Frank-Kamenetskii, M. D.; Southern, E. M. 
Nuc. Acids Res. 1999, 27, 3035-3041.  (b) Shchepinov, M. S.; Udalova, I. A.; Bridgman, A. J.; 
Southern, E. M. Nuc. Acids Res. 1997, 25, 4447-4454.  (c) Dubber, M.; Frechet, J. M. J. 
Bioconjug. Chem. 2003, 14, 239-46.  (d) Striebel, H.-M.; Birch-Hirschfeld, E.; Egerer, R.; 
Foldes-Papp, Z.; Tilz, G. P.; Stelzner, A. Exper. Mol. Pathol. 2004, 77, 89-97.  (e) Hudson, R. H. 
E.; Damha, M. J. J. Am. Chem. Soc. 1993, 115, 2119-2124.  (f) Wang, G.; Abramov, M.; Van 
Aerschot, A.; Rozenski, J.; Lei, S.; Klymchenko, A.; Van der Auweraer, M.; De Feyter, S.; 
Herdewijn, P. Chem. Biodivers. 2008, 5, 1675-1682. 

(13) Shaller, A. D. Ph.D. Dissertation, Chapter 8.  

(14) (a) Kohl, C.; Weil, T.; Qu, J.; Mullen, K. Chem. Eur. J. 2004, 10, 5297-5310.  (b) Qu, J.; 
Kohl, C.; Pottek, M.; Mullen, K. Angew. Chem. Int. Ed. 2004, 43, 1528-1531.  (c) Weil, T.; 
Abdalla, M. A.; Jatzke, C.; Hengstler, J.; Mullen, K. Biomacromol. 2005, 6, 68-79.  (d) Tang, T.; 
Qu, J.; Mullen, K.; Webber, S. E. Langmuir 2006, 22, 26-28.  (e) Marcon, R. O.; dos Santos, J. 
G.; Figueiredo, K. M.; Brochsztain, S. Langmuir 2006, 22, 1680-1687.  (f) Guan, Y.; Yu, S.-H.; 
Antonietti, M.; Bottcher, C.; Faul, C. F. J. Chem. Eur. J. 2005, 11, 1305-1311.  (g) Deligeorgiev, 
T.; Zaneva, D.; Petkov, I.; Timcheva, I.; Sabnis, R. Dyes and Pigments 1994, 24, 75-81.  (h) 
Yukruk, F.; Dogan, A. L.; Canpinar, H.; Guc, D.; Akkaya, E. U. Org. Lett. 2005, 7, 2885-2887.  
(i) Icil, H.; Uzun, D.; Arslan, E. Spectr. Lett. 2001, 34, 605-614.  (j) Yin, M.; Kuhlmann, C. R. 
W.; Sorokina, K.; Li, C.; Mihov, G.; Pietrowski, E.; Koynov, K.; Klapper, M.; Luhmann, H. J.; 
Mullen, K.; Weil, T. Biomacromolecules 2008, 9, 1381-1389. 

(15)  (a) Li, W.; Zhang, A.; Chen, Y.; Feldman, K.; Wu, H.; Schluter, A. D. Chem. Comm. 2008, 
5948-5950.  (b) Thompson, M. S.; Vadala, T. P.; Vadala, M. L.; Lin, Y.; Riffle, J. S. Polymer 
2008, 49, 345. 

(16)  (a) Klos, J. S.; Sommer, J.-U. Macromolecules 2009, 42, 4878-4886.  (b)  Zou, S.; 
Schonherr, H.; Vancso, G. J. Angew. Chem. 2005, 117, 978-981.  

(17)  (a) Feng, X.; Taton, D.; Borsali, R.; Chaikof, E. L.; Gnanou, Y. J. Am. Chem. Soc. 2006, 
128, 11551-11562.  (b) Wang, J.-L.; Yan, J.; Tang, Z.-M.; Xiao, Q.; Ma, Y.; Pei, J. J. Am. Chem. 
Soc. 2008, 130, 9952-9962.  (c) Camponovo, J.; Hadad, C.; Ruiz, J.; Cloutet, E.; Gatard, S.; 
Muzart, J.; Bouquillon, S.; Astruc, D. J. Org. Chem. 2009, 74, 5071-5074.  (d)  Willerich, I.; 
Ritter, H.; Grohn, F. J. Phys. Chem. B 2009, 113, 3339-3354. 



   

313 

SUPPORTING INFORMATION 

Table S1.  Dendrimer sequences for D9-D13. 

Name Dendrimer Sequences DMTr CPG 

D9 T7785(25(25(28)3)3)3 On 1000Å 

D10 T77785(225(225(28)3)3)3 On 1000Å 

D11 T7785(5(25(5(28)3)3)3)3 Off 1000Å 

D12 T7785(5(5(5(28)3)3)3)3 On 1000Å 

D13 T77785(85(85(85(2)3)3)3)3 On 1000Å 
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Figure S1.  Automated trityl yields for dendrimers D1-D8 as measured by the built-in trityl 

monitor on the Expedite-8909.  Trityl bars have been color-coded and sequences codes have 

been matched to the color-coded segments in the main text. 
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Figure S2.  Automated trityl yields for dendrimers D9-D12 based on OPh4-PDI 2 as measured 

by the built-in trityl monitor on the Expedite-8909.  Trityl bars have been color-coded to match 

the dendrimer sequences to the color-coded segments in the main text.  These sequences show 

four different dendrimer architectures as ways to increasing the total number n of fluorophores 

and the density (d = n/G): a) alternate trebler and dye (n=39, d = 3.9); b) two dye in serial 

between treblers (n=51, d=3.9); c) treblers in pairs (n=90, d=9); d) 4 treblers in series (n = 81, 

d=9).  Experiments comparing their brightness are in-progress. 
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Figure S3.   Histograms display statistical brightness for dendrimers D1-D8 compared to 

fluorescein and Cl4-PDI monomer 1 as determined by CCD bright-field images. 
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Figure S4.  Representative 10x10m APD diffraction-limited rastor-scan images for dendrimers 

D1-D8 compared to the Cl4 PDI and fluorescein monomers.  The color-bar provides the intensity 

scale.  Each 200nm spot is illuminated for 50ms.  Notice that D8 is at least 100 times brighter 

than fluorescein. 
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Synthesis details for P4, P6, P7, and P8 and their precursors. 

tetrakis((2-cyanoethoxy)methyl)methane (3a) was prepared following a modified literature 

procedure.S1  Pentaerythritol (68 g, 500 mmol) was dissolved in 75 mL H2O.  Under constant 

stirring, NaOH (2.5 g, 62.5 mmol) was added, followed by acrylonitrile (262 mL, 8 eq.).  The 

reaction mixture was stirred overnight.  The mixture was neutralized with dilute HCl (aq) and 

washed with CHCl3 twice.  The organic phases were combined and the solvent removed under 

reduced pressure.  The residue was suspended in cold H2O, filtered, and washed with H2O.  The 

solids were re-suspended in H2O, filtered, and washed again.  The solids were dried under 

vacuum, yielding the desired white solid, 111.28 g, 319 mmol (64% yield).  1H-NMR(CD3OD): 

3.65 (t, 8H, J=5.9Hz, OCH2CH2CN), 3.51 (s, 8H, CCH2O), 2.70 (t, 8H, CH2CH2CN); 13C-NMR 

(CD3OD): 118.82, 68.77, 65.92, 45.64, 18.01. MS (MALDI-TOF): m/z 349.19 [M+H]+ ; 371.17 

[M+Na]+; 387.14 [M+K]+. 

tetrakis((2-carboxyethoxy)methyl)methane (3b) was synthesized using a modified literature 

procedure.S1  Tetrakis nitrile compound 3a (20 g, 57 mmol) was suspended in 27.7 ml 

concentrated HCl (38%) and heated to 95 C for 2.5 hours while stirring.  The reaction was 

cooled to R.T. in an open container while rapidly stirring to release HCl (g).  The solvent was 

removed under reduced pressure and the residue suspended in acetone.  NH4Cl(s) salt was 

filtered, the filtrate collected, and the solvent was removed under reduced pressure, yielding the 

desired white solid (22.84 g, 94% yield).  1H-NMR(CD3OD): 4.97(s, 4Heq, CD3OH exchanged 

from COOH), 3.63 (t, 8H, J=6.1Hz, OCH2CH2), 3.37 (s, 8H, CCH2O), 2.51 (t, 8H, J=6.2Hz, 

CH2CH2COOH).  13C-NMR (CD3OD): 174.49, 69.40, 66.92, 45.42, 34.68. MS (MALDI-TOF): 

m/z 425.17 [M+H]+; 447.14 [M+Na]+; 463.12 [M+K]+. 
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tetrakis((3-hydroxypropoxy)methyl)methane (3c) was synthesized following a modified 

literature procedure.S1  Tetrakis carboxylic acid compound 3b (5.0 g, 11.8 mmol) was dissolved 

in 50 ml dry THF and cooled to 0C.  Then 55 ml BH3·THF (1 M) was added drop-wise and 

stirred at RT for 12 hours.  The reaction was quenched by adding MeOH drop-wise until no 

bubbles evolved.  Then water was added drop-wise and stirred for 10 minutes to ensure reaction 

was completely quenched.  The solvent was removed under reduced pressure and co-evaporated 

twice more with MeOH in order to completely remove B(OH)3.  4.3 g, 11.7 mmol, (99 % yield) 

of the desired clear viscous fluid was obtained.  1H-NMR: 4.6 (bs, 4H, CH2OH), 3.44 (t, 8H, 

J=6.5Hz, OCH2CH2), 3.38 (t, 8H, J=6.3Hz, OCH2CH2), 3.26 (s, 8H, CCH2), 1.62 (quint, 8H, 

J=0.021Hz, CH2CH2CH2).  13C-NMR: 69.80, 68.55, 61.41, 58.57, 45.62, 33.25, 29.85.  MS 

(MALDI-TOF): m/z 369.23 [M+H]+; 391.23 [M+Na]+; 407.17 [M+K]+. 

2,2,2-tri((4,4'-dimethoxytrityloxy)methyl)ethanol (4a). The following procedure was modified 

from a literature procedure.S2  Pentaerythritol (0.643 g, 4.72 mmol) was dissolved in 10 mL dry 

pyridine followed by DMTrCl (4 g, 2.5 eq) and DMAP (30 mg).  The reaction was stirred at RT 

and TLC monitoring (DCM:MeOH 40:1) showed formation of the tetra-substituted product 

(Rf=0.9), desired tri-substituted product (Rf=0.6), as well as lesser amounts of di- and mono- 

tritylated products.  Upon completion of the reaction, the pyridine was removed under reduced 

pressure and the residue was subject to a silica gel column (DCM:MeOH:Et3N 40:1:0.4) to yield 

1.4 g (28% theoretical yield) of the desired product as an off-white foam.  1H-

NMR(CDCl3):7.28-7.24 (m, 6H, DMTr), 7.21-7.14 (m, 21H, DMTr), 6.75-6.71 (m, 12H, 

DMTr), 3.75 (s, 18H, DMTrOCH3), 3.63 (d, 2H, J=6.3Hz, CCH2OH), 3.33 (s, 6H, 

CCH2ODMTr), 2.49 (t, 1H, J=6.3Hz, CCH2OH).  13C-NMR(CDCl3): 158.58, 145.12, 136.06, 
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130.42, 128.38, 127.97, 126.84, 113.23, 86.23, 67.50, 63.96, 55.38, 45.59. MS (MALDI-TOF): 

m/z 1065.46 [M+Na]+; 1081.43 [M+K]+.  

2,2,2-tri((4,4'-dimethoxytrityloxy)methyl)ethyl 2-cyanoethyl diisopropylphosphoramidite 

(P4).  The following procedure was modified from a literature procedure.S2  Compound 4a (1.34 

g, 1.28 mmol) was dissolved in 10 ml dry DCM.  Diisoproylethylamine (DIPEA) (0.9 ml, 4 eq.) 

was added by syringe followed by 2-cyanoethyl-N,N’-diisopropylchlorophosphoramidite (0.37 

mL, 1.3 eq.) and stirred for 30 minutes.  The reaction was monitored by TLC (DCM:EtOAc:Et3N 

3:6:1) and the evolution of the desired compound (Rf = 0.95) could be observed.  Upon 

completion of the reaction, the mixture was diluted in 50 mL (DCM:Et3N 20:1) and washed with 

NaHCO3(aq) and brine, dried over Na2SO4(s), and the solvent removed under reduced pressure.  

The residue was subject to a silica gel column (DCM:EtOAc:Et3N 3:6:1), and the fractions 

containing the desired compound were combined and solvent removed to yield the desired 

product as a sticky off-white foam (1.473 g, 1.19 mmol), 92 % yield.  1H-NMR(CDCl3): 7.28-

7.24 (m, 6H, DMTr), 7.20-7.15 (m, 21H, DMTr), 6.74-6.71 (m, 12H, DMTr), 3.76 (s, 18H, 

DMTrOCH3), 3.80-3.58 (m, 2H, CCH2OP), 3.45-3.20 (m, 10H, CH3CHN, NCCH2CH2O, 

CCH2ODMTr), 2.24 (t, 2H, J=6.3Hz, NCCH2CH2O), 1.11-0.95 (dd, 12H, J=6.9, 42Hz, 

(CH3)2CHN).  13C-NMR(CDCl3): 158.44, 145.38, 136.46, 130.41, 128.45, 127.82, 126.69, 

117.90, 113.08, 85.76, 63.50, 62.96, 58.39, 55.37, 46.00, 43.15, 42.99, 24.83, 24.72, 20.53.  31P-

NMR(CDCl3): 147.30.  MS (MALDI-TOF): m/z 1182.45 [M-N(CH(CH3)2)2+OH+Na]+; 1198.42 

[M- N(CH(CH3)2)2+OH+K]+. 

2,2,2-tris((prop-2-ynyloxy)methyl)ethanol (5a) was synthesized following a modified literature 

procedure.S3  NaOH (1 g, 25 mmol) was dissolved in 2.5 mL H2O.  To this solution was added 

7.5 mL DMSO followed by pentaerythritol (1.0 g, 7.35 mmol).  After 1 hour of stirring, 
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propargyl bromide (2 mL, 2.4 eq) was added and the reaction was monitored by TLC 

(DCM:MeOH 20:1) using a KMnO4 stain to view formation of the desired tri-substituted product 

(Rf = 0.62) along with tetra-substituted (Rf=0.82) and di-substituted (Rf=0.30) products.  Upon 

completion of the reaction, the solution was neutralized with NH4Cl(s) and subjected to work-up 

with 40 mL DCM.  The organic phase was washed 5 times with 20 mL H2O, washed with brine, 

dried over Na2SO4, and the solvent removed under reduced pressure.  The residue was subject to 

a silica gel column (DCM:MeOH 20:1  10:1) and the fractions containing the desired tri-

substituted product were combined and concentrated to yield 0.62 g, 2.48 mmol (34% yield) of 

the desired compound as a clear viscous liquid.  1H-NMR(CDCl3): 4.14 (d, 6H, J= 2.7Hz, 

OCH2CCH), 3.70 (d, 2H, J=6.3Hz, CCH2OH), 3.57 (s, 6H, CCH2O), 2.47 (t, 1H, J=6.6Hz, 

HOCH2C), 2.44 (t, 3H, J=2.4Hz, HCCCH2O).  13C-NMR (CDCl3): 79.84, 74.69, 70.31, 65.11, 

58.94, 44.82. 

1,3-bis(4,4'-dimethoxytrityloxy)propan-2-ol (6a) was prepared according to a modified 

literature procedure.S4  Glycerol (0.5 g, 5.43 mmol) was dissolved in dry pyridine (20ml).  

DMTrCl (3.67 g, 2 eq) was added followed by DMAP (30 mg).  The reaction mixture was stirred 

at RT and monitored by TLC (DCM:MeOH 50:1) and the desired product (Rf=0.5) could be 

viewed by UV or by staining with a 3% trifluoroacetic acid / DCM solution.  Upon completion 

of the reaction, the solvent was removed under reduced pressure and the residue was subject to a 

silica gel column (DCM:EtOAc:Et3N 180:5:1) and the fractions containing the desired 

compound were combined and the solvent removed under reduced pressure to yield 0.85 g, 1.22 

mmol (23 % yield) of the desired product as a white foam.  1H-NMR(CDCl3): 7.38 (d, 4H, 

J=7.5Hz, DMTr), 7.29-7.15 (m, 14H, DMTr), 6.78 (d, 8H, J=8.7Hz, DMTr), 3.96 (dt, 1H, J=9.6, 

5.4Hz, HOCH(CH2)2), 3.76 (s, 12H, DMTrOCH3), 3.31 (dd, 2H, J=5.4, 9.0Hz, 
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CH(CHHODMTr)2), 3.24 (dd, 2H, J=5.4, 9.0Hz, CH(CHHODMTr)2), 2.31 (dd, 1H, J=1.5, 

6.3Hz, HOCH).  13C-NMR(CDCl3): 158.69, 145.16, 136.277, 136.229, 130.36, 128.41, 128.07, 

126.99, 113.34, 86.24, 70.51, 64.47, 55.44. 

1,3-bis(4,4'-dimethoxytrityloxy)propan-2-yl 2-cyanoethyl diisopropylphosphoramidite (P6) 

was prepared similar to a literature procedure.S4a   The di-tritylated glycerol compound 6a (0.5 g, 

0.72 mmol) was dissolved in 10 ml dry DCM.  DIPEA (0.5 ml, 4 eq.) was added by syringe 

followed by 2-cyanoethyl-N,N’-diisopropylchlorophosphoramidite (0.21 mL, 1.3 eq.) and stirred 

for 30 minutes.  The reaction was monitored by TLC (DCM:EtOAc:Et3N 3:6:1) and the 

evolution of the desired compound (Rf=0.95) could be observed.  Upon completion of the 

reaction, the mixture was diluted in 50 mL (DCM:Et3N 20:1) and washed with NaHCO3(aq) and 

brine, dried over Na2SO4(s), and the solvent removed under reduced pressure.  The residue was 

subject to a silica gel column (DCM:EtOAc:Et3N 3:6:1), and the fractions containing the desired 

compound were combined and solvent removed to yield the desired product as a sticky white 

foam, 0.488 g, 0.54 mmol, (76 % yield).  1H-NMR(CDCl3): 7.39 (d, 4H, J=7.5Hz, DMTr), 7.29-

7.15 (m, 14H, DMTr), 6.80-6.4 (m, 8H, DMTr), 4.14 (dt, 1H, J=9.6, 5.4Hz, POCH(CH2)2), 3.78 

(s, 12H, DMTrOCH3), 3.73-3.64 (m, 2H, POCH2CH2CN), 3.56-3.21 (m, 6H, N(CHCH3)2, 

CH(CH2ODMTr)2), 2.40 (dt, 2H, J=2.7, 6.6Hz, OCH2CH2CN), 1.15 (d, 6H, J=6.9Hz, NCHCH3), 

1.03 (d, 6H, J=6.6Hz, NCHCH3).  
13C-NMR(CDCl3): 158.58, 145.29, 145.25, 136.45, 136.42, 

136.39, 136.34, 130.40, 130.30, 128.51, 128.40, 128.00, 127.95, 126.81, 117.95, 113.23, 86.11, 

86.04, 73.15, 72.93, 64.23, 64.03, 58.703, 58.463, 55.409, 55.423, 43.381, 43.216, 24.971, 

24.868, 24.772, 24.682, 20.501, 20.411.  31P-NMR(CDCl3): 150.18. MS (MALDI-TOF): m/z 

836.30 [M-N(CH(CH3)2)2+OH +Na]+ ; 852.27 [M-N(CH(CH3)2)2+OH +K]+. 
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2-(2-(2-(4,4’-dimethoxytrityloxy)ethoxy)ethoxy)ethyl 2-cyanoethyl 

diisopropylphosphoramidite  (P7) was prepared similarly to a literature procedure;S5  1H-NMR 

(CDCl3):   7.46 (dt, 2H, J = 6.9, 1.8Hz, DMTr), 7.35 (dt, 4H, J=8.7, 2.4Hz, DMTr), 7.27 (tt, 2H, 

J=6.9, 1.7Hz, DMTr), 7.18 (tt, 1H, J=6.9, 1.4Hz, DMTr), 6.82 (d, 4H, J=8.7, 2.4Hz, DMTr), 3.85 

– 3.75 (m, 4H, OCH2CH2OP, POCH2CH2CN), 3.78 (s, 6H, DMTr), 3.68-3.64 (m, 14H, 

OCH2CH2O, N(CH(CH3)2)2), 3.22 (t, 2H, J=5.7Hz, CH2CH2ODMTr), 2.61 (t, 2H, J=5.1Hz, 

OCH2CH2CN), 1.180 (d, 6H, J=6.6Hz, NCH(CH3)2), 1.164 (d, 6H, J=6.9Hz, NCH(CH3)2).  
31P-

NMR (CDCl3): 149.519. MS (MALDI-TOF): m/z 620.24 [M-N(CH(CH3)2)2+OH +H]+; 636.21  

[M-N(CH(CH3)2)2+OH +Na]+; 652.16 [M-N(CH(CH3)2)2+OH +K]+. 

(4,4’-dimethoxytrityl)poly(ethyleneglycol)600-2-cyanoethyl diisopropylphosphoramidite  

(P8) was prepared similarly to a literature procedure;S5  1H-NMR (CDCl3):   7.46 (dt, 2H, J = 

6.9, 1.8Hz, DMTr), 7.35 (dt, 4H, J=8.7, 2.4Hz, DMTr), 7.27 (tt, 2H, J=6.9, 1.7Hz, DMTr), 7.18 

(tt, 1H, J=6.9, 1.4Hz, DMTr), 6.82 (d, 4H, J=8.7, 2.4Hz, DMTr), 3.9 – 3.75 (m, 4H, 

OCH2CH2OP, POCH2CH2CN), 3.78 (s, 6H, DMTr), 3.70-3.55 (m, 50-54H, OCH2CH2O, 

N(CH(CH3)2)2), 3.22 (t, 2H, J=5.7Hz, CH2CH2ODMTr), 2.61 (t, 2H, J=5.1Hz, OCH2CH2CN), 

1.180 (d, 6H, J=6.6Hz, NCH(CH3)2), 1.164 (d, 6H, J=6.9Hz, NCH(CH3)2).  
31P-NMR (CDCl3): 

149.519. MS (MALDI-TOF): m/z 1032.46, 1076.49  [M-N(CH(CH3)2)2+OH +Na]+; 1048.44, 

1092.45 [M-N(CH(CH3)2)2+OH +K]+. 
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Selected 1H-, 13C-, and 31P-NMR spectra for compounds reported in the main text and SI are 

provided to help demonstrate identity and purity: 

 

 
 

 
 
Figure S5.  1H- and 13C NMR (CD3OD) for compound 3a. 
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Figure S6.  1H- and 13C-NMR (CD3OD) for compound 3b. 
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Figure S7.  1H- and 13C NMR (DMSO-d6) for compound 3c. 
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Figure S8.  1H- and 13C- NMR (CDCl3) for compound 3d. 
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Figure S9.  1H-, 13C-, and 31P-NMR (CDCl3) for compound P3. 
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Figure S10.  1H- and 13C-, and  31P- NMR(CDCl3) for compound P4. 
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Figure S11.  1H- and 13C-NMR (CDCl3) for compound 5a. 
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Figure S12.  1H- and 13C-NMR (CDCl3) for compound 5b. 
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Figure S13.  1H-, 13C, and 31P-NMR (CDCl3) for compound P5. 

 



   

333 

 

 
Figure S14.  1H- and 13C-, and 31P-NMR (CDCl3) for compound P6. 
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Figure S15.  1H-NMR (CDCl3) for compound 7a. 
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Figure S16.  1H- and 31P-NMR (CDCl3) for compound P7. 
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Figure S17.  1H- and 13C-NMR (CDCl3) for compound 8a. 
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Figure S18.  1H- and 13C-, and 31P-NMR (CDCl3) for compound P8. 
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Figure S19.  1H- and 13C-, and 31P-NMR (CDCl3) for compound P10. 



   

339 

Supporting References 

(S1) Newkome, G. R.; Mishra, A.; Moorefield, C. N. J. Org. Chem. 2002, 67, 3957-3960. 

(S2) Kim, S. J.; Bang, E.-K.; Kim, B. H. Synlett. 2003, 12, 1838-1840. 

(S3) Zhu, J.; Zhu, X.; Kang, E. T.; Neoh, K. G. Polymer 2007, 48, 6992-6999. 

(S4)  (a) Oliviero, G.; Borbone, N.; Amato, J.; D’Errico, S.; Galeone, A.; Piccialli, G.; Varra, M.; 
Mayol, L. Biopolymers 2009, 91, 466-477. (b) Constantinou-Kokotou, V.; Magrioti, V.; Verger, 
R. Chem. Eur. J. 2004, 10, 1133-1140. 

(S5) Rumney, S.; Kool, E. T. Angew. Chem. Int. Ed. 1992, 31, 1617-1619.  

(S6) Amvam-Zollo, P. H.; Sinay, P. Carbohydr. Res. 1986, 150, 199-212. 



   

340 

APPENDIX A 

CYLINDRICAL SUPERPARTICLES FROM SEMICONDUCTOR NANORODS  

Jiaqi Zhuang1, Andrew D. Shaller2, Jared Lynch1, Huimeng Wu1, Ou Chen1,  

Alexander D. Q. Li2 and Y. Charles Cao*1  

1Department of Chemistry, University of Florida, Gainesville, Florida 32611, and 2Department 

of Chemistry, Washington State University, Pullman, Washington, 99164 

Attribution 

  This chapter is reproduced with permission from Zhuang, J.; Shaller, A. D.; Lynch, J.; Wu, 

H.; Chen, O.; Li, A. D. Q.; Cao, C. J. Am. Chem. Soc. 2009, 131, 6084-6085. Copyright 2009, 

American Chemical Society.  A.D.S. performed all single molecule fluorescence experiments 

and is responsible for Figure 2 and associated text.  All other data, synthesis, and text were 

performed by the co-authors in C.C.’s group at the University of Florida. 

 

Abstract 

   In this communication we report a synthesis of anisotropic colloidal superparticles from 

CdSe/CdS semiconductor nanorods.  These anisotropic superparticles are cylindrical disks or 

stacked-disk arrays.  We attribute the major driving forces for controlling superparticle shape to 

the interparticle interactions between nanorods as well as solvophobic interactions between a 

superparticle and its surrounding solvents.  According to their sizes (or volumes), the 

superparticles adopt either single- or multi-layered structures. In addition, these SPs exhibit 
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linear polarized emissions, demonstrating their potential role as useful components in devices 

such as polarized light emitting diodes and electrooptical modulators. 

Introduction 

The ability to control the formation of nanoparticle superlattices may allow synthesis of new 

materials with desired chemical and physical properties.1-3  In the past decades, efforts have been 

focused on the preparation of nanoparticle superlattices with different compositions and/or 

supercrystalline structures,1,2 from which several nanoparticle collective properties have been 

discovered.3  Recently, several approaches have been reported for making nanoparticle 

superlattices in the form of colloidal particles (called superparticles, SPs).4  These SPs are 

spheres with well-controlled sizes from several tens to hundreds of nanometers, and their 

properties can be tailored by varying the size and composition of nanoparticle building blocks, or 

doping with functional organic molecules.  In addition, these spherical SPs can be further 

assembled into close-packed solid structures, demonstrating their role as a new class of building 

blocks in nanoscience.4  

Herein, we report a synthesis of anisotropic SPs from CdSe/CdS semiconductor nanorods.  The 

resulting SPs are cylindrical disks or stacked-disk arrays, and they exhibit linearly polarized 

photoluminescence (PL) radially along their axial direction.  In this work, CdSe/CdS nanorod 

building blocks were prepared using a literature method.5  The synthesis of anisotropic SPs is 

based on the approach for using solvophobic interactions to control the formation of nanoparticle 

assemblies, by which we have synthesized spherical SPs from spherical nanoparticles of various 

sizes and compositions (e.g., metal, metal oxide and semiconductor).4a,4b This synthesis 

includes two major steps (Scheme 1): (i) preparation of water-soluble nanoparticle-micelles, and 
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(ii) growth of SPs using nanoparticle-micelles in ethylene glycol, in which an annealing 

treatment (at 80 ºC) is required to improve the supercrystallinity of resulting SPs.4a,4b  

 

 

Scheme 1.  The synthesis of anisotropic SPs: (i) preparation of nanorod-micelles, and (ii) the 

formation of cylindrical disk (a), and a bilayer stacked-disk array (b).  

Suitable capping ligands are critical for stabilizing SPs in this annealing treatment. Poly(vinyl 

pyrrolidone) and gelatin were found to be appropriate ligands for making stable spherical 

SPs.4a,4b  However, these ligands cannot effectively passivate the SPs made from CdSe/CdS 

nanorods, and often result in SP samples with aggregation and poor solubility (Fig. S1).6  This 

fact is in part because these ligands have a weak affinity to the (100) facets of CdSe/CdS 

nanorods.  To overcome this difficulty, we used dual-interaction ligands (e.g., dithiol 

functionalized Tween-20, Tween-SH) to passivate these anisotropic SPs in the growth step.6  The 

dual-interaction ligands have a strong affinity to CdSe/CdS nanorods because they bind onto the 

surface of these nanorods through both coordinate bonding and hydrophobic van der Waals 

interactions.  Indeed, the use of these ligands has led to the formation of stable cylindrical 

supercrystalline SPs (Figure 1). 

In a typical synthesis, a chloroform solution of CdSe/CdS nanorods (55.4 ± 2.6 nm in length 

and 4.4 ± 0.2 nm, 10 mg/mL, 1.0 mL) was mixed with an aqueous dodecyl trimethylammonium 

bromide solution (65 mM, 1.0 mL) under stirring, and a clear nanorod-micelle aqueous solution 

was obtained after removing chloroform from the mixture via bubbling Ar gas. Under vigorous 
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stirring, this nanorod-micelle solution was injected into a three-neck flask with ethylene glycol 

(5.0 mL).  After 10 min stirring, a Tween-20-SH aqueous solution (0.1 mM, 1.0 mL) was 

injected into the flask, and the mixture solution was heated to 80oC at a rate of 10oC/min.  The 

temperature was maintained for 1 h, and then the synthesis solution was cooled to room 

temperature.  Colloidal SPs were precipitated from the synthesis solution by centrifugation, with 

a typical yield of about 70%. 

 

Figure 1.  TEM images of cylindrical SPs: disks (a) and (b), and bilayer stacked-disk arrays (d) 

and (e).  (c): a small-angle electron diffraction (ED) pattern of the SP shown in (b), and (f): a 

wide-angle ED pattern of the bilayer SP shown in (e). 

The resulting colloidal SPs are dispersible in polar solvents such as ethanol and water.  

Transmission electron microscope (TEM) shows that the SPs are cylindrical disks rather than 

spheres.  These cylindrical disks are mainly vertically oriented on the TEM substrate (Fig. 1a), 

but still a small amount of the disks are laterally oriented on the substrate giving a side-view of 
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these SPs (Fig. S2).6  The diameter of these disks is 160 nm with a relative standard deviation (σ) 

of 11% (Fig. 1a).  A typical side-view image of these SPs shows that the height of the disks is 

about 56 nm, and the disks are single-layer assemblies of CdSe/CdS nanorods.6    

The supercrystalline structure of these cylindrical SPs was characterized by TEM and small-

angle electron diffraction (ED) studies.  Because they are single-layer nanorod assemblies, these 

SPs possess a 2-dimension (2D) structure.  A typical TEM image shows that the SPs exhibit a 

superlattice-fringe pattern, which is the [00]-zone projection of a p6 2D lattice structure with a 

lattice constant of 6.0 ± 0.2 nm (Fig. 1b).7   The [00] projection image shows the characteristic 

hexagonal cross-fringes with a spacing of 5.2 nm, which can be indexed as the (01), (10), and 

( 11 ) crystal lines in the 2D superlattice (Fig. 1b).  The inter-line spacing and angles obtained 

from the TEM image are consistent with the corresponding small-angle ED pattern (Fig. 1c). The 

ED pattern shows a sharp-spot array, which demonstrates the perfection of the 2D superlattice.   

The formation of cylindrical disks is likely driven by the two major forces: the anisotropic 

inter-particle interactions between CdSe/CdS nanorods, and the repulsive solvophobic 

interactions between a SP and ethylene glycol solvent molecules.  The anisotropic inter-particle 

interactions favor a hexagonally close packing of CdSe/CdS nanorods along their c-axis inside a 

SP, because such a packing fashion can maximize the volume free energy of this SP.  The 

repulsive solvophobic interactions favor a SP with a round shape, which has a minimized surface 

free energy of the SP.8 Therefore, SPs made from nanorods appear as cylindrical disks.  In 

contrast, if spherical nanoparticles are used as building blocks, the inter-particle interactions are 

isotropic, and thus resulting SPs normally adopt a spherical shape. 

An interesting question is how SP shapes change with a further increase of their size (or 

volume).  To answer this question, we have managed to grow larger sized SPs using a similar 
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synthesis protocol described above, but with a more concentrated nanorod-micelle solution (25 

mg/mL, 1.0 mL). TEM measurements show that these larger sized SPs exhibit stacked-disk 

arrays with very clear fine lines between nanorod layers (Fig. S3 and Fig. 1d).6 Such a shape 

change should also be the consequence of a compromise between the anisotropic inter-particle 

interactions and the repulsive solvophobic interactions, because stacked-disk arrays have a 

smaller surface area than that of single-layer disks at a same total volume.  Although these larger 

sized SPs have a broad size distribution (σ~31%, Fig. S3),6 we have obtained a sample of bilayer 

stacked SPs with a narrow size distribution (σ~9%) through a careful size-selective separation 

using centrifugation (Fig. 1d).  These bilayer SPs have a diameter of 155 ± 13 nm and a length of 

112 ± 8 nm, and nearly all of the SPs are laterally oriented on the substrate (Fig. 1d and e).  In 

addition, the SPs exhibit a typical wide-angle ED pattern, which can be indexed corresponding to 

the ]2112[ -zone diffraction of wurtzite CdS (Fig. 1f).9  The single crystal-like diffraction spots in 

the pattern indicate that the alignment of nanorod building blocks in a SP is ordered at the atomic 

level. 

Moreover, single CdSe/CdS SPs possess an anisotropic PL property.  In a typical 

measurement, the PL from single-disk SPs does not have a significant linear polarization, but 

single bilayer SPs exhibit very strong linear polarized emissions (Fig. 2).  This result is 

consistent with the orientation and structure of these two types of SPs (Fig. 1 and 2), and the 

linear polarized emissions of SPs should originate from those of single CdSe/CdS nanorod 

building blocks.5a, 10  The result is further in agreement with the fact that the total PL intensity of 

a typical bilayer SP is more than an order of magnitude larger than that of a typical single-disk 

SP, while their volume difference is just about two times (Fig. 2c).   
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Figure 2.  (a) Scheme for polarized PL measurements.  (b) Normalized I// as a function of 

polarizer angle: a single disk in red, and a single stacked-disk array in black.  I// is the PL 

intensity measured at the direction parallel to the optical axis of the polarizer.  The values of I// 

are normalized with their mean, and solid line is a cos2 fit.  (c) PL images of SPs as a function of 

polarizer angle: a single disk (top) and a single stacked-disk array (bottom).   

In conclusion, we report a synthesis of cylindrical supercystalline SPs from CdSe/CdS 

nanorods.  We demonstrate that the anisotropic interparticle interactions between nanorods as 

well as solvophobic interactions between a SP and its surrounding solvents play the major roles 

in controlling the shape of SPs.  According to their sizes (or volumes), the SPs adopt either 

single- or multi-layered structures. In addition, these SPs, with linear polarized emissions, would 

be useful as functional components in devices such as polarized light emitting diodes and 

electrooptical modulators.5a, 11 
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SUPPORTING INFORMATION 

1. Reagents.  Trioctylphosphine oxide (TOPO, 99%), Trioctylphosphine (TOP, 97%), 

Tributylphosphine, (TBP, 97%), Sulfur (99%), poly(vinylpyrrolidone) (PVP, MW=55,000), 

ethylene glycol (99%) were purchased from Aldrich. Cadnium Oxide (CdO, 99.99%), Selenium 

(Se, 200 mesh, 99,99%), dodecyl trimethylammonium bromide (DTAB, 97%) were purchased 

from Alfa Aesar. Octadecylphosphonic acid (ODPA, 99%), hexylphosphonic acid (HPA, 99%) 

were purchased from Ploycarbon Inc. Nanopure water (18 MΩ cm) was made by the Barnstead 

Nanopure Diamond system. All the other solvents were purchased from Fisher Scientific 

International Inc.  

2. Synthesis of disc-like superparticles from CdSe/CdS nanorods.  CdSe/CdS nanorods were 

prepared according to literature method [S1]. The sample has nanorods with a diameter of 4.4 

nm (standard deviation 3.3%) and length of 55 nm (standard deviation 4.7%). 

In a typical synthesis, DTAB (20.0 mg, 65.0 μmol) was dissolved in Nanopure water (1.0 mL) to 

form a solution. A chloroform solution of 55-nm CdSe/CdS nanorods (10 mg/mL, 1.0 mL) was 

thoroughly mixed with the DTAB solution by a vortex mixer. Afterward, the chloroform was 

removed from the mixture by bubbling Ar at 40 °C. A clear, yellow nanorod-micelle aqueous 

solution was obtained. 

This nanorod-micelle aqueous solution was injected into a three-neck flask with ethylene glycol 

(5.0 mL) under vigorous stirring. The mixture solution was further stirred at room temperature 

for 10 min and then a Tween 20-SH aqueous solution (0.1 mM, 1 mL) was injected into the 

flask. Under Ar flow, the mixture solution was heated to 80 °C at a rate of 10 °C/min. After 

aging at 80 °C for 1 h, the solution was cooled to room temperature. The resulting colloidal 

superparticles were separated by centrifuge (500g, 15 min). The yellow precipitate was re-
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dispersed into ethanol and the superparticles were further purified twice by centrifugation. The 

superparticles with disc-like shape have a diameter of 160 nm with a standard deviation of 11% 

and a yield of 70%. 

3. Synthesis of stacked superparticles from CdSe/CdS nanorods.  In a typical synthesis, 

DTAB (20.0 mg, 65.0 μmol) was dissolved in Nanopure water (1.0 mL) to form a solution. A 

chloroform solution of 55-nm CdSe/CdS nanorods (25 mg/mL, 1.0 mL) was thoroughly mixed 

with the DTAB solution by a vortex mixer. Afterward, the chloroform was removed from the 

mixture by bubbling Ar at 40 °C. A clear, yellow nanorod-micelle aqueous solution was 

obtained. 

This nanorod-micelle aqueous solution was injected into a three-neck flask with ethylene glycol 

(5.0 mL) under vigorous stirring. The mixture solution was further stirred at room temperature 

for 10 min and then a Tween 20-SH solution (0.1 mM, 1 mL) was injected into the flask. Under 

Ar flow, the mixture solution was heated to 80 °C at a rate of 10 °C/min. After aging at 80 °C for 

1 h, the solution was cooled to room temperature. The resulting colloidal superparticles were 

separated by centrifuge (500g, 15 min). The yellow precipitate was re-dispersed into ethanol and 

the superparticles were further purified twice by centrifugation. The as-made stacking 

superparticles have an average diameter of 220 nm with a distribution of 27% and an average 

length of 171.1 nm with a distribution of 31%. The reaction yield is 60%. The diameter and 

length distribution of the superparticles can be narrowed down to 9% and 7% through a size-

selected precipitation process using different speed of centrifugation. By collecting the 

precipitate between the centrifuge speeds of 2500 rpm to 3000 rpm (5 min), the superparticles 

with an average diameter of 155 nm and an average length of 112 nm were obtained. 
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4. Effect of ligand on the assembly of nanorods.  Three types of ligands—PVP (MW=55000), 

Gelatin A, and Tween-20-SH—were used for the synthesis of nanorod superparticles (Tween-20-

SH ligands were synthesized according to literature method (S2)). The final products after 

purification were measured by TEM.  Superparticles made with PVP and Gelatin A aggregated 

and fused together during annealing (Fig S1 a and b).     

 

Figure S1. TEM images of nanords assembly with PVP (a), Gelatin (b), and Tween-20-SH 

ligands (c). The molecular structure of PVP, Gelatin and Tween 20-SH are shown in bottom part 

of the figure. 
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Figure S2. TEM image of a disc-like superparticle laterally on the copper grid.  

 

Figure S3. (a) A TEM image of superparticles in multi-layer stacked disk arrays.  A TEM image 

of a three-layer superparticle (b), and a four-layer superparticle (c).   (d) The histogram of 

distribution of layers of multi-layer superparticles.   
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5. TEM and selected-area electron diffraction measurements.  TEM measurements were 

performed on a JEOL 200X operated at 200 kV, or a JEOL 2010F TEM operated at 200 kV. 

Selected-area small-angle electron diffraction patterns were acquired by the 2010F TEM and 

operated at 200 kV with a camera length of 200 cm. Selected-area wide-angle electron 

diffraction patterns were acquired by the 2010F TEM and operated at 200 kV with a camera 

length of 25 cm.  The specimens were prepared as follows: a particle solution (10 μL) was 

dropped onto a 200-mesh copper grid, and was dried overnight at ambient conditions.  

6. SEM measurement.  SEM measurements were performed on a Hitachi S-4000 FE-SEM 

operated at 6 kV. The samples were prepared as follows: an ethanol solution of superparticles 

made of CdSe/CdS nanorods  (~20 μl) was dropped onto a silicon wafer, and was dried overnight 

at ambient conditions.  

7. Polarization emission measurement.  Cover glasses were cleaned by soaking in a steril base 

bath (IPA/KOH solution) for 3-4 hours and thoroughly rinsed with 18 MΩ water, followed by 

drying under a stream of dry nitrogen and stored in a dust-free container. 2-5 drops of diluted 

nanorods superparticle solution were spin-coated (4000 rpm) onto the clean cover glasses. 

Cover glass samples were placed on a custom-built stage of an inverted microscope (Zeiss 

Axiovert 200) equipped with an oil immersion objective (Zeiss, 100X, 1.3 NA) and an X-Y 

nanopositioner stage (Mad City Labs). The image from the side port of the microscope was 

polarized by a calibrated rotating Glan-Thompson prism and detected by a liquid nitrogen cooled 

CCD (Princeton Instruments, Roper Scientific).  Collimated excitation light from an argon ion 

laser (488nm, 15mW) was first attenuated with neutral density filters, then defocused with a lens 

directed through the back port of the microscope and redirected by an appropriate filter cube 

(Zeiss, filter set 16, λex485/20; λbs510; λem515) into the back aperture of the objective to produce 
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wide field illumination. Illumination power was ~15 W/cm2 over a 40 μm diameter circle at the 

cover glass surface.  Emission light was collected through the same objective and directed to the 

side port of the microscope. The image was detected by CCD, with a 2 sec dwell (integration) 

time per frame.  For polarization measurements, the prism was rotated a full 360 in 15 

increments with three frames between rotations.   
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8. Calculation and identification of the crystal parameters of the nanorods superparticle   

 

Figure S4.  a) A TEM image of one disk-like superparticle.  b)A zoom-in image shows the inter-

rods distance is 5.9 nm.  c) An enlarged image shows the inter distance of the fringes is 5.2 nm. 

The angle between the fringes is 60o.  The red dots highlight the cross section of the fringes and 

the distance of each two dot is 6.0 nm by calculation. d) A 2-dimensional (2D) lattice represents 

the superlattice of disk-like nanorods assembly. 

Figure 4d shows the 2D lattice of the nanorods disk, each dot represent one rod.  The rods 

packed into a hexagonal lattice which can be indexed as p6, the cell parameters are: a = b, γ = 
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120o. The directions in p6 system can be indexed by Miller indices: (h k ). The relationship 

between d(hk) and lattice constant a in p6 system is : 

 

 

We used this equation to calculate the lattice constant a from the ED data (shown in main text 

figure 1C). The zone axis of the ED pattern was indexed to [00].  

The table below lists the d spacing between the superlattice plane calculated from ED image and 

the calculated lattice constant a, respectively. 

 

 

 

From Figure S4 d, the lattice constant a is the inter-dots (which represented the rod in the 

superparticles) distance, which is 5.9 nm as shown in the TEM image (Figure S4 b). The distance 

between the fringes is 5.2 nm as shown in Figure S4 c.  The inter-line spacing and angles 

obtained from the TEM image are perfectly consistent with those determined from the ED 

pattern (Table above).  
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Abstract      

  The technical feasibility of coupling single molecule spectroscopy (SMS) with magnetic 

tweezers as a new method for studying DNA-protein interaction on single DNA molecules in 

solution is demonstrated.  This method combines magnetic tweezers, which are used to attenuate 

Brownian motion and hold a single DNA molecule in solution, and SMS, which provides 
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dynamic and conformational information of non-ensemble DNA-protein interactions.  We have 

adapted a method for tethering magnetic beads to a glass cover slip utilizing the cohesive ends of 

bacteria phage -DNA and the biotin-streptavidin interaction.  We also characterized and 

developed a protocol for the new electromagnetic tweezers and used them to study the DNA-

HMGA1a protein interaction. 

Introduction 

DNA-protein and protein-protein interaction dynamics have previously been studied by single-

molecule spectroscopy (SMS).1  The use of magnetic fields to manipulate single molecules of 

DNA has also been well established; however, the coupling of magnetic tweezers and SMS has 

only been suggested.2  Streptavidin coated superparamagnetic beads attached to biotinylated 

DNA have been used to measure the force-extension curve of dsDNA,3 the force-extension curve 

of super-coiled dsDNA,4 and the torque as a function of DNA twist.5  Other methods have been 

used to manipulate or measure forces in single molecules such as covalently attaching DNA to a 

polystyrene bead trapped with optical tweezers,6 holding a bead with a glass pipette by suction,7 

using hydrodynamic drag forces,8,9 or utilizing covalent attachment to an AFM tip.10  However, 

magnetic tweezers offer several advantages over these techniques.  First, they allow low force 

(fN to ~200pN) manipulation or measurements (Figure 1).  Second, the magnetic field does not 

heat or otherwise disturb the sample.  Magnetic tweezers are able to control the force over a 

relatively large area (20m to 2 cm), ideal for high NA lenses, and they can be used to apply 

torque to rotate the molecule.  Finally, it is possible to use a computer to control the magnetic 

field and thus regulate the attenuation of Brownian motion during single molecule studies. 
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Figure 1.  Illustration of magnetic tweezers effect in solution. 

Several different magnetic tweezer designs are reported in the literature.  The most common 

approaches use strong rare-earth permanent magnets that are either rotated as a pair around the 

sample11-13 or stacked vertically above the sample.14,15  Micro-magnets have been attached to the 

end of glass pipettes as a near-field approach.16  Advantages of permanent magnets are they 

provide a strong magnetic field over a large area with no generated heat or electrical current.  

With typical magnets and 2-4 m diameter beads, the magnets can be positioned up to one 

centimeter away from the sample and still provide enough force (at least 0.5 pN) to significantly 

extend the DNA.  However, micro-sized adjustments in distance are required to precisely control 

the force.  Another methodology uses electromagnets where the force can be adjusted by 

manipulating the current.  Designs range from large-current (2-6 ampere) water-cooled tweezers 

with a two centimeters working distance17 to a lower-current approach with micron-sized 

tweezer tips that are only 20 m apart.18  Advantages of electromagnets are they can be 

electronically controlled without bumping or disturbing the sample.  This allows precise two-

dimensional manipulation of magnetic beads in solution when combined with a computer 

feedback mechanism.19, 20 

In the method reported here, millimeter-sized electromagnetic tweezer tips are positioned only 

2 to 3 millimeters apart centered above the microscope objective (Figure 2).  Using this 



   

360 

approach, a moderate 1.5 amps or less is required to create significant perturbations to 1.5m 

sized superparamagnetic beads with minimal heat generation. 

 

            

Figure 2.  Magnetic tweezers.  A) Close-up of the 3rd generation electromagnetic tweezers with 

permanent magnet located vertically above the sample.  (One of the four electromagnets is 

missing in this picture while it was being used in the development of the 4th generation 

tweezers.)  The 4th generation (not shown) adds micro-precision adjustment to the 

electromagnets.  B)  Experimental set-up.  Nd-Yag laser (532) is seen behind inverted 

microscope.  Tweezers are positioned on the stage.  Joystick in front of scope controls the 

magnetic field.  C) Controller that allows joystick manipulation of current to each magnet 

separately. 

There are a few published methods for attaching DNA between a magnetic bead and a cover 

slip using -DNA, a 48 kb (48,502 base pairs) duplex DNA that can be partially denatured with 

heat from its circular form to yield the 17 µm linear form containing 12-base-pair-long cohesive 

ends (Figure 3).  Several papers report annealing biotin or digoxigenin modified oligos to the 

cohesive ends of -DNA and then attaching them to an antidigoxigenin coated slide and 

streptavidin coated bead.3,11,21      Alternatively, -DNA and oligo-coated beads were added to an 

A

B

C
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oligo-covered slide; the DNA was then tethered by annealing to the complimentary probes on the 

bead and slide.14  Another approach ligated a biotinylated oligo to one end of the -DNA in 

solution and then hybridized the biotinylated DNA target to probes attached to the surface.17  We 

adapted the procedure here from the last method.17, 22-24 

 

Figure 3.  Denaturation of circular -DNA showing resulting 12bp long 3’ overhangs. 

In this procedure, custom oligonucleotides complementary to the cohesive ends were 

purchased and used to chemically modify each end of -DNA. One end was modified with thiol 

and the other with biotin. The thiol moiety was used to chemically link via disulfide formation to 

mercaptosilane, which was subsequently used to tether the modified -DNA to a glass cover slip 

via siloxane bonds. The free biotin-modified end of -DNA was then exposed to streptavidin-

coated superparamagnetic microbeads, resulting in attachment of the bead to the DNA tether by 

the strong biotin-streptavidin interaction. Magnetic fields were imposed on the final construct 

using both a permanent magnet and a custom built magnetic tweezers apparatus. After 

confirming that beads were indeed tethered, the DNA sample was stained and subsequently 

analyzed using single molecule fluorescence while interacting with HMGA1a protein. 
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Procedure 

Materials.  Phage -DNA and T4 DNA ligase were purchased from New England Biolabs and 

used as received or diluted prior to use. Mercaptosilane (3-mercaptopropyltrimethoxysilane), 

dithiothreitol (DTT), and Tween 20 were purchased from Aldrich and used without further 

purification. POPO-3-iodide was purchased from Molecular Probes and diluted in water prior to 

use.  Streptavidin-coated magnetic beads ~1.5 µm in diameter were purchased as a kit from 

Biomag (Biomag Plus Streptavidin Particle Biotin Binding Starter Kit). Bead purification was 

performed by washing 0.5 mL of bead concentrate three times in Coupling Buffer per 

instructions, then diluting to 6 mL (12X dilution) with Coupling Buffer, and finally adding 6 µL 

of Tween 20 plus 300 µL 1M NaCl. Suspensions were checked for undesirable aggregation 

under a light microscope. If necessary, suspensions were vortexed and rechecked under the 

microscope.  Sodium acetate (NaOAc, 30 mM, pH 4.3), TE (1X, 10 mM Tris-HCl, 1 mM EDTA, 

pH 8.0), and TETw (TE with 0.1% Tween 20) buffers were freshly prepared from chemicals 

purchased from Aldrich and were stored at 4°C.  Glass cover slips (Gold Seal) were purchased 

from Fisher and soaked in 10% NaOH for >30 minutes, rinsed thoroughly in DI water, then 

Millipore water, and dried at >100°C for at least 2 hours prior to use. 

Oligonucleotides.  Two batches of single stranded oligos were purchased from W.M. Keck 

Facility at Yale University and supplied as 200 nmole dried form. The sequences of each oligo 

are complementary to the cohesive ends of -DNA. The 3’ end is terminated with either 3’ 

Biotin-TEG or 3'-Thiol-Modifier C3 S-S modifiers, terminated by a phosphate at the 5’ end for 

ligation: 
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1) Biotin-terminated oligo sequence: 5’phosphate-GGG-CGG-CGA-CCT-3’biotin-TEG 

 

Figure 4.  Structure of the biotin modifier, 1-Dimethoxytrityloxy-3-O-(N-biotinyl-3-

aminopropyl)-triethyleneglycolyl-glyceryl-2-O-succinyl-long chain alkylamino-CPG 

 

2) Disulfide-terminated oligo sequence: 5’phosphate-AGG-TCG-CCG-CCC-3’-S-S-C3 

 

Figure 5.  Structure of 3'-Thiol-Modifier C3 S-S modifier: 1-O-Dimethoxytrityl-propyl-

disulfide,1'-succinyl-lcaa-CPG. 

Each oligo batch was reconstituted by adding 1 mL TE buffer. Insoluble salts were removed by 

centrifugation. The resulting stock concentration for each oligo was 200 µM (200 pmol/µL). A 

small aliquot of biotin-terminated oligo was further diluted with TE buffer to a working 

concentration of 0.1 µM (0.1 pmol/µL). The disulfide (thiol) oligo was used undiluted as the 200 

µM stock concentration. 

Sample preparation: 

1. Deprotection and silanization of disulfide-terminated oligonucleotide. Disulfide oligo was first 

deprotected (reduced) with dithiothreitol (DTT) to yield the thiol oligo. After purification with 

size exclusion chromatography, the thiol oligo was coupled to mercaptosilane via disulfide 

formation to form the disulfidepropyltrimethoxysilane-terminated oligo, which was ready to 

conjugate to a glass surface (Scheme 1). 
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Scheme 1. Deprotection and salinization of thiol oligo. 

In a microcentrifuge tube, 30 µL disulfide oligo stock solution (~6 nmoles) was mixed with 10 

µL 100 mMm aqueous DTT and reacted for >30 minutes at RT. The purified deprotected oligo 

was obtained by removing DTT on a homemade pre-equilibrated Sephadex G-25 column using 

NaOAc buffer as eluent. At least four, but no more than six 200 µL fractions were collected and 

quickly analyzed on a UV-vis spectrometer to identify location of oligo as indicated by 

absorption at 260 nm. After estimating mole quantities of oligo in each fraction (typically there 

were only two containing oligo), 10 equiv. of diluted mercaptosilane (5 mM in NaOAc) was 

added and the solutions were allowed to react for 2 hours at RT.  After this period, the unpurified 

solutions were either used immediately for the next step, or stored at -20°C. 

2. Conjugation of silanized oligo to glass cover slip. Conjugation was performed by “spotting” 

the unpurified silane/oligo reaction solution on the dry cover slip, and letting react at RT for ~ 1 

hour in a covered Petri dish (Scheme 2). 

 

Scheme 2.  Conjugation of silanized oligo to glass cover slip. 

The reaction solution was spotted as either an array of small spots (1-5 µL/spot) and as one 

large drop (50-100 µL) in the center of the cover slip as shown in Figure 6.  The contact angle of 
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the buffer was found to be sufficient to contain the sample during reactions and measurements.  

Small drop sizes were typically used in an array pattern with smaller (~1uL) drops for the 

silanized-oligomer application and slightly larger drops (~4uL) for the biotinylated DNA 

application. 

 

Figure 6.  Solution was spotted on the coverslip as one spot or an array of smaller spots. 

After reacting, the Petri dish cover was removed and the reaction solution was allowed to 

evaporate at RT to dryness, using a gentle stream of N2 to facilitate complete evaporation. Salt 

deposits from the buffer were dissolved away by very gently rinsing the cover slips with 

Millipore water, after which the samples were placed in a 50°C oven for 5-10 minutes to dry and 

cure. Modified cover slips were either used immediately for the next step, or stored in Millipore 

water or TE buffer at 4°C for later use. 

3. Biotinylation of -DNA. In a microcentrifuge tube, 50 µL diluted -DNA (10 µg/mL in TE 

buffer) was mixed with 3.3 µL biotin oligo (0.1 µM in TE buffer) and heated in a 65°C bath for 

15-30 minutes to denature the cohesive ends. The oligos were annealed to cohesive ends by 

slowly cooling to RT and reacting for another 1 hour after reaching RT. After this period, 6 µL 

10X ligase buffer plus 1.5 µL T4 DNA ligase were added. The solution was mixed with a pipet 

and reacted at RT for 2-4 hours. Higher concentrations of ligase required less reaction time 

(Scheme 3). 
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Scheme 3. Biotinylation of -DNA. 

4. Coupling of biotinylated -DNA to oligo-modified cover slip. After the biotinylation reaction 

period, the reaction mixture was diluted by a factor of 100 using 1M NaCl in TE Buffer and 

enough of the diluted mixture was spread onto the cover slip so that the oligo-modified areas 

were covered. After 4-5 hours reaction time in a covered Petri dish, the samples were rinsed very 

gently with TETw buffer and used immediately in the next step or stored in TETw buffer at 4°C 

for no longer than two days until ready for next step (Scheme 4). 
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Scheme 4.  Coupling of biotinylated -DNA to the oligo modified cover slip. 

5. Attachment of magnetic beads. Bead suspensions were checked for aggregation on a 

microscope before using and dispersed by vortex if required. After removing buffer from the 

modified area of the cover slip, a drop of TETw buffer was added and removed to limit non-

specific adsorption of beads to the surface.  Then enough (typically 50-100 µL) of the diluted 

bead suspension was transferred so as to cover the modified area containing tethered biotinlyated 

-DNA.  After 3-5 minutes, the unbound beads were gently rinsed away with TETw buffer, and 

the “active” area was replenished by pipetting enough buffer to form a stable liquid bead that 

covered the modified area. If not enough tethered beads were present under microscope 

inspection, the cover slip was retreated with magnetic beads in the same manner described.  Any 

remaining non-tethered beads were pulled from the viewing area to the edge of the drop with a 

permanent magnet and removed from the slide by pipette.  This is necessary prior to using the 

magnetic tweezers, which pull non-tethered beads back and forth in solution where they may 

magnetically couple with tethered beads under observation. 

Fluorescent staining.  POPO-3 dye was used for fluorescent staining at the manufacturer 

recommendation of one dye molecule for every 4-5 base pairs. At first we stained the DNA in 
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solution prior to hybridizing to the slide, where the stain would remain intercalated after running 

through a sephadex-G25 column.  This stained product could then be stored at –20C and used for 

later hybridization.  However, insufficient amounts remained intercalated upon dilution during 

application and rinsing.  A better staining method was to apply the dye directly to the slide at 

dilute concentrations.  An optimum concentration of dye with fairly homogeneous distribution 

was found when 1-10 M POPO-3 (diluted in TE buffer) was added to the slide by micropipette 

in 1 L sized drops.  The slide was rinsed thoroughly to ensure the ionic concentration was 

reduced prior to staining.  One to five L of freshly prepared 0.015M 1,4-phenylenediamine was 

used as a radical scavenger for fluorescent measurements to reduce photo-bleaching. 

Video Recording.  A Sony TRV-900 video camera was used to record video images of 

fluorescent DNA.  The camera was configured to the front optical lens of the microscope.  The 

“B” mode was selected where 20% of the image is directed to the eyepiece and 80% of the image 

is directed to the camera. 

Results and discussion 

Figure 7 contains three snapshots from a video showing a region of tethered beads and 

aggregates responding to a hand-held permanent magnet. When a strong enough magnetic field 

was applied, adjacent beads quickly aggregated if they were close enough.  Too dense coverage 

of tethered beads results in formation of large tangled aggregates in the magnetic field and is not 

completely reversible upon magnet removal, illustrating the need to control the tethered bead 

density. 
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Figure 7. Snapshots of tethered beads and aggregates responding to a permanent magnet. (1) No 

magnet; (2) with magnet, beads and aggregates form further chain-like aggregates as they align 

with and migrate in the direction of the magnetic field; (3) After removing the magnet, 

aggregates only partially break up. 

 

Figure 8 shows a representative series of video snapshots of a region on a cover slip where 

only one tethered bead is present. The video clearly shows a single bead migrating towards a 

hand-held permanent magnet as it is moved to various locations around the cover slip sample, 

limited by the -DNA tether.  The magnet is positioned above at an angle relative to the sample 

(Figure 4). Consequently, the full length of the DNA tether (~17 µm) is not observed as the bead 

moves from east to west, north to south, etc.  Additionally, it is apparent more well-defined 

magnetic fields are required to both subdue the beads against Brownian motion as well as allow 

more flexibility over the direction of the applied field, requiring the custom electromagnetic 

tweezers shown in Figure 2. 
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Figure 8. Magnified video snapshots of a single tethered bead (white arrows) responding to a 

permanent magnet at various locations around the sample. The superimposed white dotted lines 

divide each frame into four quadrants to aid in following bead location. N, S, E, W refer to north, 

south, east, and west and indicate where the magnet was placed relative to the sample. (1) No 

magnet; (2) W; (3) E; (4) W again; (5); SE; (6) SW; (7) NE; (8) magnet removed. 

Bead Trajectories.  As a method of quantifying tethered bead travel while undergoing 

Brownian motion or while under the influence of a magnetic field, .avi video files captured from 

a CCD were converted to multiple .tif single-frame pictures.  These were then successively 

analyzed using a custom gaussian fitting algorithm that provides precise x and y coordinates of 

the bead in each frame.  This data was input into an x-y plot allowing a time-lapse visualization 

of the 2-dimensional bead movement (Figure 8).  Further analysis is then possible such as 

calculating the standard deviation in bead position or bead velocity.  In Figure 9, the (x, y) 

positions (in pixels) have a standard deviation of (3.4, 3.6) in the absence of a magnetic field but 

are reduced to (2.4, 2.9) under the influence of a Co-Sm magnet.  The deviation is reduced even 
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further when the magnet is moved closer to the sample, where the DNA tether is stretched near 

its full-extended length and the standard deviation for (x, y) is reduced to (1.4, 1.2). 

 

Figure 9.  The x-y trajectory of an a single tethered bead.  For  t < 10 sec., the bead is 

undergoing Brownian motion in the absence of a magnetic field.  For t = 10-20 sec., a permanent 

magnet pulls the tethered bead laterally (and slightly vertical) from its original average position 

and the Brownian motion is moderately attenuated.  At t=20s, the magnet is removed and the 

bead returns to the vicinity of the original position, with the previous range of Brownian motion.  

At t = 40 sec., the magnet is applied in a different direction closer to the sample.  This increases 

the force on the bead, the DNA tether is extended to near its full-extended length of 17m, and 

the Brownian motion is attenuated significantly more.  Video recorded at 14.8 frames / sec.  

Each data point represents two frames (~0.15 sec apart).  Line is a straight-line fit between 

successive data points for visualization. 

Similar data analysis was performed on a bead under the influence of electromagnetic tweezers 

(Figure 10).  A single tethered bead was followed undergoing random motion.  The magnet 

closest to the sample was then increase to 100% power and the bead trajectory recorded.  As in 
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the case of the permanent magnet, the standard deviation in the (x, y) position decreased from 

(3.4, 2.6) to (2.3, 2.4) after the magnet was applied.  The deviations in the x and y directions 

were plotted as histograms and compared to fitted gaussian curves (Figure 11).  The average 

position only changed by 22.5 pixels (~8 m) indicating the tether was not fully extended.  As 

predicted by magnetic field measurement from the magnet tip, the electromagnets do not fully 

extend the DNA unless they are within a 1-2mms of the tether, placing them inside the liquid 

drop meniscus.  However, as in this case, when the magnet is 3 to 4 millimeters away (just 

outside the water drop) the magnet is still able to noticeably attenuate the Brownian motion and 

extend the tether to almost half its full-extended length.  Positioning all of the magnets precisely 

within this distance was difficult with the 3rd generation tweezers but realized with the 4th 

generation. 

 
Figure 10.  Trajectory of tethered bead before (A) and after (B) applying 100% electromagnet 

power.  Video was recorded at 14.8 frames / sec., with data points representing every 3rd frame 

(~0.2 sec interval).  The line is a smoothed line fit to help visualize bead movement.  The tether 

extends about 8m, less than half of its full-extended length. 
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Figure 11.  Histograms of bead position in the x and y axis both before the tweezers were 

turned-on and after.  Prior to turning-on the magnetic field, the (x, y) standard deviation was 

(3.4, 2.6) and after application of the magnet decreased to (2.3, 2.4). 1 pixel =  ~2.6 m. 

The x-y bead trajectory provides a visualization of the 2-D movement in solution.  While the z-

direction movement cannot be recorded directly in a 2-D image, the vertical movement is 

indicated by plotting the bead intensity over time (contrast between the bead and the 

background).  The focal plane is about one micron deep so that when the 1.5 m diameter bead 

is centered within the focal plane, the image intensity is near 100%, whereas when the bead is far 

out of focus the intensity drops to near zero (no contrast with the background).  Thus if the bead 

is initially slightly out of focus prior to application of the magnetic field and then the field is 

applied, the bead is pulled more into or out of focus and is recorded in the bead intensity plot 

(Figure 12).  It is generally the case that the z-direction fluctuations are smaller when the bead is 

undergoing free Brownian motion and increase under application of the magnetic field.  It is 
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believed this is a result of the DNA exerting more force on the bead as the tether is extended 

which causes greater fluctuations in the z-direction. 

 

Figure 12.  Plot of image intensity (contrast of bead against the background) for each frame.  

The first ~320 frames are recorded prior to turning-on the magnetic field.  Around frame 320 one 

of the electromagnets is increased to 100% power and is noted by an increase in the fluctuations 

in intensity after this point.  Image intensity is near 100% when the bead is exactly in focus and 

drops to near zero when the bead is far out of focus.  There are about 14.8 frames per second. 

Tweezer Power.  The electromagnets applied significantly less force to the tethered beads than 

the permanent magnet did (due to a 5 gauss safety constraint).  While the permanent magnet was 

able to fully extend the -DNA to its contour length of ~17m at the point of elastic stretching, 

the electromagnets were only able to extend the DNA to less than half this length by opposing 

the entropic elasticity.  To quantify this observation, a magnetometer was used to measure the 

magnetic field of both the Co-Sm magnet and of one of the electromagnets (Figure S4, 

supporting information).  The magnetic susceptibility of 1.5 m beads is not known, but the 

manufacturer published susceptibility of 2.8 m diameter superparamagnetic Dynal beads is 

Mmax·V = 1.42x10-13 A·m2.  Utilizing published force extension curves3,6 at least 0.5 pN is 

required to extend -DNA to ~75% of its taut length.  Thus the change in the magnetic field with 
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distance is required to be at least 3.6 T/m for the 2.8m beads, which is achieved up to 0.8cm 

from the surface of the permanent magnet but only to a distance of 0.2cm from the tip of the 

electromagnet at 100% current.  1.5m beads are used in the procedure followed here; thus the 

field may be required to be up to four times stronger than calculated with 2.8m beads. 

Electromagnetic Tweezer Evolution.  All magnetic tweezers were developed by the 

Instrument Development Lab at PNL.  The first two generations are shown in the supporting 

information; the third generation tweezer is shown in Figure 2.  To augment the electromagnetic 

tweezer force, a micro-adjustable permanent magnet was added vertically above the tweezer 

“focal point.” The permanent magnet helps extend the DNA tethers, allowing the electromagnets 

to better attenuate the random motion (Figure 2).  With the magnet adjusted to <1 cm from the 

slide surface, all tethered DNA on the slide extended vertically with the tethered beads in a focal 

plane 10-20 m above the surface.  When the vertical magnet was raised 1-3 cm high, it did not 

completely extend the tethers, allowing the electromagnets to control bead position (Figure S1).   

The 3rd generation electromagnets were fastened with screws and wing nuts that allowed the 

magnetic tips to move excessively (2-3 mm) which was unacceptable since the tips must be 

nearly 1mm from the sample to exert sufficient force on the DNA.  Introducing micro adjustment 

to the 4th generation tweezers reduced this problem; micrometers on each magnet allow facile 

adjustment of tip proximity and thus maximum field strength.  This also enables fine-tuning of 

the magnetic field to generate a symmetrical focus since the magnets have slightly different 

maximum fields and a bead may not be in the exact equidistant focus of the tweezers. 

The 4th generation magnetic tweezers were used to manipulate a tethered bead in four different 

directions by sequentially applying power to each magnet magnets (Figure 13).  When the tips 
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are positioned within millimeter-distance, the electromagnets are capable of manipulating the 

bead in all directions.  This is demonstrated by a bead trajectory (Figure 13) where the tether is 

extended further by some magnets than others.  With the same tethered bead, a ~40 second 

trajectory was recorded both with and without an applied magnetic field (Figure S2).  It was 

found that the standard deviation in (x, y) was attenuated from (3.9, 4.0) to (2.9, 2.0) with the 

magnetic tweezers.  
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Figure 13.  a)  Trajectory of a tethered bead under the influence of the 4th generation magnetic 

tweezers.  The bead is first pulled to the lower left, then the upper right, the lower right, and 

finally the upper left.  In each case the bead relaxes to nearly the same equilibrium position 

where it resumes Brownian motion.  Some legs are longer than others because the tip of each 

magnet is a slightly different distance from the tethered bead.  b)  Bead image intensity vs. time 

plot for same trajectory.  Bead is originally in good focus prior to application of magnetic field.  

Each time a magnet is turned-on, the bead is pulled out of the focal plane and the image intensity 

decreases.  When magnet 3 is applied, the bead is pulled the least laterally and the bead remains 

mostly in focus. 
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Interaction with HMGA1a protein.  To further demonstrate the feasibility of using the 

magnetic tweezers in the measurement of DNA-protein interactions, bead trajectories were 

captured and analyzed during addition of a High Mobility Group protein, HMGA1a, to the 

sample.  HMGA1a is involved in the regulation of chromatin structure.25  It consists of 107 

amino acid residues with three AT-hooks and an acidic C-terminal region.  The three AT-hooks 

are responsible for binding to AT-rich sequences in the minor groove of DNA.  The protein was 

hydrated in TET buffer and stored as 1g/ L aliquots at –20C until ready for use.  The protein 

was diluted from 0.1 to 100ng per L with TET buffer and added directly to the slide while a 

tethered bead was under observation.  Trajectories were captured before, during, and after 

protein application.  Generally, the protein caused a decrease in Brownian motion and the 

inability of the tethered DNA to be extended to the same length as before application.  The 

reduction in the Brownian motion was dependent on the protein concentration. 

When 4 L of 100 ng / l protein was added to the approximately 40 L solution on the slide, 

the attenuation was almost instantaneous and severe.  All tethered beads on the slide became 

immobilized with greatly reduced Brownian motion, and the magnetic tweezers made no 

noticeable extension of previously extendable tethers.  At lesser concentrations, the attenuation 

rate was slower as the protein diffused across the drop.  Under these conditions, the trajectories 

show a gradual decrease in Brownian motion until the tether eventually becomes practically 

immobilized in one location (Figures 14 and 15).  One forty-second trajectory was recorded at 

even more dilute concentrations (Figure S3) with minimal difference before and after the protein 

application. 
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Figure 14.  a) Complete trajectory shows permanent magnet extends the tethered bead three 

times prior to addition of the protein.  b) Enlarged trajectory of tethered bead just before and 

after addition of HMGA1a protein.  Following protein application, the Brownian motion 

becomes increasingly attenuated until the standard deviation is only 100-300nm.   

                   

Figure 15.  Tethered bead trajectory upon adding HMGA1a protein.  Full trajectory (left) shows 

tether extended with the magnetic tweezers, demonstrating it is singly tethered.  When magnet is 

released, the bead rebounds, resuming free Brownian motion.  Enlarged trajectory (right) after 

addition of HMGA1a protein.  With time, the Brownian motion becomes more and more 

attenuated until the bead is confined to a fraction of its prior range before protein addition. 
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Additional analysis.  It is possible to analyze the data from the bead trajectory in several 

ways.  For example, the distance traveled in the x-y plane by a tethered bead can be plotted as a 

function of time.  A tethered bead under random Brownian motion will fluctuate around an 

average distance traveled over time.  However, during transient states such as when a magnetic 

field is applied, the bead has a higher velocity and thus a greater x-y distance trace (Figure 16).  

Another example is to calculate and plot the x-y angle between three successive data points (not 

shown).  Under normal Brownian motion, the bead continues in the same general direction for 3 

or 4 frames at a time on average so the average angle between three points is higher.  When a 

magnetic field extends the tethered bead, the bead is confined to a smaller area by the magnetic 

field and the DNA tether, the bead changes directions much more often, and thus the average 3-

point angle is smaller. 

 

Figure 16.  X-Y distance between successive points.  Data is from the same trajectory shown in 

Figure 15.  The bold line is the data averaged over a one second interval.  The bead travels a 

longer distance between points when the velocity is high (i.e. when the magnetic force is 

changing, between 8-12 seconds) and maintains an average range in the absence of the magnetic 

field.  After adding HMGA1a protein, the average distance is reduced somewhat and then 
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abruptly and significantly declines to near zero around 52 seconds.  Around 60 seconds, the 

tweezers are again applied but have little effect on the bead movement. 

Conclusions 

The technical feasibility of coupling single molecule spectroscopy (SMS) with magnetic 

tweezers as a new method for studying DNA-protein interaction on single DNA molecules in 

solution was demonstrated.  This method combines magnetic tweezers, which are used to 

attenuate Brownian motion and hold a single DNA molecule in solution, and SMS, which 

provides dynamic and conformational information of non-ensemble DNA-protein interactions. 

Some attachment procedure optimization issues were addressed.  The 3rd and 4th generation of 

magnetic tweezers developed at the EMSL were characterized and evaluated and then used to 

attenuate the Brownian motion of tethered beads while viewing with wide-field fluorescence 

microscopy.  A method of tracking bead trajectories over time was utilized and some methods of 

analyzing the trajectory data were presented.  Finally, HMGA1a protein was added to interact 

with the tethered DNA and changes in the bead trajectories were measured. 

In order to collect spectroscopic data, the DNA must be held within the diffraction-limited 

focus of the laser, which is on the order of 500nm.  In this report, it has been shown that the 

standard deviation in Brownian motion of one end of a tethered DNA molecule can be reduced to 

around 1m with the magnetic tweezers.  Of course, this is reduced further with stronger 

magnetic fields but then the DNA is stretched unnaturally and proteins may interact differently 

with the molecule in this case.33  Thus, there is likely a trade-off between the ability to attenuate 

the Brownian motion sufficiently for SMS studies and the realism of the protein interaction. 
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Figure S1.  Magnetic tweezers with vertical magnet.  This data is from the 3rd generation 

magnetic tweezers using the vertical permanent magnet.  Here, the magnet is lowered about 2 cm 

above the sample and the bead is manipulated with the electromagnets.  Left: trajectory of a 

tethered bead before and after electromagnet #1 is turned-on.  Right:  Histograms that show the x 

and y axis position frequency before and after the magnet is turned-on. 
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Figure S2.  Data from 4th generation magnetic tweezers before and after magnet #4 is turned-on 

to 100% current.  The (x, y) standard deviation is attenuated from (3.9, 4.0) [Top] with no 

magnetic field, to (2.9, 2.0) [Bottom] when magnet #4 is applied at 100% power.  Note change in 

scale for scatter plot. 
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Figure S3.  Trajectory of a tethered bead after dilute HMGA1a protein was added.  There is no 

noticeable attenuation of Brownian motion in 40 seconds after protein is added. 
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Permanent Magnet
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Permanent Magnet Force (pN) on 2.8uM magnetic bead
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Tweezers (Magnet #1, -100%)
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Figure S4.  Magnetic fields (a & c) and forces (b & d) of the permanent magnet (a & b) and the 

magnetic tweezers (c & d) as a function of the distance from the magnet.  Magnetic fields were 

determine using a magnetometer.  Forces were calculated using the measured field and the 

manufacturers value of magnetic susceptibility of MmaxV=1.42E-13 A·m2 for 2.8m Dynabeads.  

From published force-extension curves for -DNA, 0.5 pN is required to extend a tethered bead 

to 75% of its full-extended length (17m).  With 2.8m diameter superparamagnetic beads, the 

permanent magnet would achieve this force up to 1cm away from the bead; the magnetic 

tweezers achieve this force only within 2mm.  Since 1.5m beads are used in this procedure, the 

distances are actually even less than calculated here. 
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Figure S5. Magnetic tweezer evolution. A) 1st generation and B) 2nd generation tweezers.  The 

first generation tweezer is a two-pole device constructed from two small coils and sharpened 

metal rods as probes (Figure S5a). The coils are rated to withstand a constant voltage up to 20 V, 

though higher voltages can be used for short periods of time. The second generation magnetic 

tweezers device is similar to the first generation, except it contains four poles and larger coils, 

allowing it to be driven continuously at a minimum of 50 V (Figure S5b). 

     Magnetic tweezers. The two custom-built magnetic tweezers devices shown in Figure S5 were 

initial efforts at constructing low voltage (<50 V) driven devices for safety and heat issues. 

Devices reported in the literature are typically operated at hundreds of volts, and are obviously 

more dangerous, and generate substantially more heat during operation. Consequently, a “high” 

voltage device needs to have an effective integrated cooling system and proper safety features to 

eliminate potential shock hazards. The two-pole device (Figure 3A) was built with coils designed 

to withstand 20 V sustained operating voltage, but could handle brief periods of up to ~85-90 V. 

Operating at 20-30 V produced negligible heat, in contrast to operating at 85 V, which produced 

substantial heat and coil damage if driven for too long. 

 


